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SUMMARY 

Bacteria as pathogens from various aqueous sources can cause severe infections with 
antibiotic treatment being limited due to antibiotic resistance. Simultaneously bacteria have 
the potential to degrade antibiotics and help to decontaminate the environment. To analyze 
the interaction between pathogenic bacteria and antibiotic resistance in water differential 
diagnostic measurement tools are needed. Two key factors need to be addressed here: 
first, detection of the pathogenic bacteria and the antibiotic resistance simultaneously and 
second, detection in a culture-independent manner, thus reducing the time between 
sampling and results. To achieve the latter goal, an already established monolithic 
adsorption filtration was adapted, optimized, and calibrated for enrichment of the 
opportunistic biofilm-forming pathogen Pseudomonas aeruginosa from tap water samples. 
In combination with centrifugal ultrafiltration, an enrichment factor of 103 with a recovery of 
67.1 ± 1.2% could be achieved (detection via quantitative polymerase chain reaction, 
qPCR). Optimizing the method for continuous surveillance is planned in a future project. 

Monitoring of pathogenic bacteria and antibiotic resistant genes in environmental samples 
poses an additional challenge as the temperature cycling dependent qPCR is not suitable 
for in-field application. In contrast, the use of isothermal DNA amplification techniques 
allows the amplification of DNA at stable temperatures. The heterogeneous asymmetric 
recombinase polymerase amplification (haRPA) allows the combination of isothermal DNA 
amplification with an automatic chemiluminescence-based read-out at 39 °C. For the 
detection of the opportunistic pathogens P. aeruginosa and Klebsiella pneumonia, the 
haRPA was developed from the homogeneous RPA. For extended spectrum beta-
lactamases, a group of antibiotic resistance genes, a new haRPA-assay was developed 
for the gene cluster blaCTX-M cluster 1 and its sensitivity and selectivity were compared to 
qPCR and PCR assays, respectively. While the selectivity was comparably high, the 
detection limit of the qPCR could not be reached with haRPA. The combination of several 
singleplex assays into one multiplex assay to analyze the resistance gene cluster and the 
pathogens simultaneously resulted in the qualitative identification of the individual 
parameters. Future projects should aim at quantification of these multiplex measurements.  

Some bacteria are able to degrade and/or colonize microplastic particles and can help to 
reduce the contamination of the environment. To quantify this effect, microplastic analysis 
must be sensitive enough to detect these fine alterations. Initial experiments aimed at the 
investigation of the influence of bacterial degradation or colonization of bioplastic-based 
microplastic particles employing Raman microspectroscopy. Promising first results were 
achieved, however, necessitating further research in optimizing and refining experimental 
procedures.  
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KURZFASSUNG 

Bakterien aus verschiedenen Wasserquellen können als Pathogene schwerwiegende 
Infektionen hervorrufen, wobei die Behandlung mit Antibiotika durch Antibiotikaresistenzen 
oftmals limitiert ist. Gleichzeitig haben Bakterien das Potential, Antibiotika abzubauen und 
können somit zur Dekontamination von Antibiotika in der Umwelt beitragen. Um das 
Zusammenspiel von pathogenen Bakterien und Antibiotikaresistenzen im Wasser 
analysieren zu können, bedarf es differentialdiagnostischer Messmethoden. Zwei 
Faktoren spielen hierbei eine große Rolle: Die gleichzeitige Detektion von 
Antibiotikaresistenz und Pathogenen sowie die kulturunabhängige Detektion, um die Zeit 
zwischen Probenahme und Ergebnis zu reduzieren. Für letzteren Faktor wurde die bereits 
erprobte monolithische Adsorptionsfiltration zur Anreicherung des opportunistischen 
biofilmbildenden Pathogens Pseudomonas aeruginosa aus Leitungswasserproben 
optimiert und kalibriert. Dabei konnte in Kombination mit zentrifugaler Ultrafiltration ein 
Anreicherungsfaktor von 103 bei einer Wiederfindung von 67,1 ± 1,2 % erreicht werden 
(Detektion über quantitative Polymerasekettenreaktion, qPCR). Die Optimierung der 
Methode für eine kontinuierliche Überwachung ist in einem zukünftigen Projekt geplant. 

Für das Monitoring von Antibiotikaresistenzgenen und pathogenen Bakterien in 
Umweltproben wäre eine direkt vor Ort anwendbare Methode sehr erstrebenswert. Die 
weit verbreitete über Temperaturzyklen gesteuerte qPCR ist hierfür jedoch ungeeignet. 
Isotherme DNA-Amplifikationsmethoden, die DNA bei konstanter Temperatur 
vervielfältigen, bieten die Lösung. Die heterogene asymmetrische Rekombinase 
Polymerase Amplifikation (haRPA) kombiniert die isotherme DNA-Amplifikation mit einer 
automatischen Chemilumineszenz-basierten Detektion bei 39 °C. haRPA-Assays zur 
Detektion der opportunistischen Pathogene P. aeruginosa und Klebsiella pneumoniae 
wurden von homogenen zu heterogenen Systemen übertragen. Für die Extendend 
Spectrum beta-Lactamasen, eine Gruppe an Antibiotikaresistenzgenen, wurde für das 
Gencluster blaCTX-M cluster 1 ein haRPA-Assay neu entwickelt und dessen Sensitivität und 
Selektivität mit (q)PCR Methoden verglichen. Dabei zeigte sich eine gleich hohe 
Selektivität, jedoch wurde das Detektionslimit der qPCR mit der haRPA nicht erreicht. Die 
Kombination mehrerer Singleplex-Assays zu einem Multiplex-Assay zur Detektion des 
Resistenzgenclusters und der Pathogene führte zur erfolgreichen qualitativen Bestimmung 
der einzelnen Parameter. Dessen Quantifizierung ist für zukünftige Projekte geplant. 

Einige Bakterien können Mikroplastikpartikel abbauen und/oder besiedeln und so zu einer 
Verringerung der Belastung der Umwelt mit Kunststoffmüll beitragen. Um diesen Effekt zu 
quantifizieren, muss die Mikroplastik-Analytik jedoch in der Lage sein, auch aufgrund von 
biologischen Prozessen leicht veränderte Partikel messen zu können. Hierzu wurden erste 
Versuche durchgeführt, die den Einfluss von bakteriellem Abbau oder Besiedelung von 
Bioplastik-basierten Mikroplastikpartikeln auf die Detektion mittels Raman 
Mikrospektroskopie untersuchen. Vielversprechende erste Ergebnisse wurden erzielt, 
jedoch ist weitere Forschung zur Verbesserung der Analysemethoden notwendig.  
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1 INTRODUCTION  

1.1 Pathogenic and antibiotic resistant bacteria in freshwater systems 

Microorganisms and especially bacteria are present in various water sources such as 
surface waters like rivers, lakes, or the sea, (treated) wastewater, run-off water from 
agricultural fields, and many more. Although most of these bacteria are not harmful for 
human or animal life, the number of bacterial pathogens identified from water sources is 
increasing. While some have been known for decades, others have only been identified 
recently. Depending on the type bacteria, they are either harmful for a small group of 
people due to higher susceptibility or for mankind in general. In addition, the development 
of antibiotic resistances poses a major threat on our healthcare system. However, since 
removal of antibiotics from the environment is warranted, antibiotic resistant bacteria may, 
on the other hand, also play a potential role in their natural removal. Much interest is, 
therefore, directed at the detection of antibiotic resistance and pathogenicity of bacteria in 
environmental compartments.  

1.1.1 Drinking water 

Plumbing and water distribution system of buildings are common sources for pathogenic 
bacteria. Especially in private homes and hospitals they can cause great harm. While some 
of these bacteria find perfect living conditions in these systems, their presence leads to 
complications and health risks for humans [1]. One of the bacteria commonly associated 
with plumbing contamination is Legionella spp. [2]. These bacteria are responsible for 
legionellosis which include Legionnaires’ disease and Pontiac fever [3,4]. Recently, other 
pathogenic bacteria such as Mycobacterium avium [2], Acinetobacter baumanii, 
Methylobacterium spp. [5], and Pseudomonas aeruginosa [6] could also be found in 
plumbing systems: pipe systems within buildings and towards buildings from the main 
distribution lines. Common features of these bacteria are their ability to survive in low 
nutrient environments such as ground water or drinking water, a tolerance for a wider range 
of temperatures (especially tolerance of higher temperatures up to 60 °C) as well as a 
resistance towards disinfectants, an affinity towards biofilms or the formation thereof, and 
a tendency to slow growth (up to 14 days at 37 °C) [7]. While the first two characteristics 
are crucial for ensuring their survival in these settings, the third helps bacteria to survive 
disinfection events. Due to the fourth characteristic, contaminations are often overlooked 
as the incubation time exceeds the standard 48 h incubation time required for most tests.  

According to IUPAC (International Union of Pure and Applied Chemistry), a biofilm is an 
“aggregate of microorganisms in which cells that are frequently embedded within a self-
produced matrix of extracellular polymeric substance adhere to each other and/or to a 
surface” [8]. These biofilms can be formed in general on all kinds of surfaces and in 
basically any part of the plumbing systems, but connections between different pipe parts 
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and dead ends where water flow is not constant are contributing factors for biofilm 
formation [9]. Pipe material also has an influence on the occurrence of biofilm, as indicated 
by the bacterial species identified on the different materials [10]. This study concluded that 
stainless steel was better suited due to low corrosion and lower bacterial concentration 
compared to polyvinylchloride, copper, and steel pipes. Due to the protective nature of the 
matrix surrounding the bacteria, disinfection or antimicrobial agents cannot enter the cells 
as easily and removal of the biofilm is complicated [11,12]. It is therefore important to 
identify contaminated pipes before they are introduced into the system and consequently 
prevent the formation of biofilms.  

One of the bacteria which are very well known for biofilm formation in premise plumbing 
systems and for its growth under anaerobic conditions is P. aeruginosa. P. aeruginosa is 
a rod-shaped, Gram-negative bacterium and a known opportunistic human pathogen [13]. 
Its pronounced capacity for biofilm-formation is thought to depend on its extracellular 
appendages like flagella, fimbrial pili and type IV pili [13]. It can cause different diseases 
such as pneumonia, infections of the urinary and gastrointestinal tract, sepsis and burn 
wound infections [14]. Currently ranked among the five most frequent microorganisms 
responsible for nosocomial infections and especially harmful for immunosuppressed 
patients such as chronically ill patients and those in intensive care units, P. aeruginosa is 
also part of the ESKAPE group of bacteria which are known to “escape” traditional 
treatment mechanisms [15]. This group consists of six highly virulent and antibiotic 
resistant pathogens: Enterococcus faecium, Staphylococcus aureus, Klebsiella 
pneumoniae, Acinetobacter baumanii, P. aeruginosa, and Enterobacter spp. Outbreaks of 
nosocomial infections linked to P. aeruginosa from water systems have been reported for 
example in 2005 in France in an oncohematology pediatric unit [16], in 2011 – 2012 in 
Northern Ireland in several neonatal units [17], in 2014 in France in the ear, nose, and 
throat department of a hospital [18], and in 2017 in the United States in a neonatal intensive 
care unit [19]. Patients with cystic fibrosis have an even higher risk of infection. Due to the 
biofilm-forming nature of P. aeruginosa, infection in cystic fibrosis patients with an already 
attacked lung causes a biofilm to form within the lungs which is particularly difficult to treat 
[20]. Studies show that up to 95% of cystic fibrosis patients have P. aeruginosa infections 
already at age three [21]. As this environment within the lungs is often oxygen depleted, 
the ability of P. aeruginosa to grow under microaerobic or anaerobic conditions is fatal. 
However, due to its broad spectrum of possible diseases, P. aeruginosa can also harm 
people outside of hospitals as these bacteria have been found in swimming pools, tap 
water as well as surface water. Moreover, infections can also be related to recreational 
water use [22]. Another reason why P. aeruginosa infections are so dangerous is the 
intrinsic resistance to a number of readily available antibiotics such as beta-lactam 
antibiotics. This is due to low membrane permeability and various efflux pumps which 
hinder antibiotics from entering the bacterial cells or staying in the cells, its genetic capacity 
to readily express a wide range of resistance mechanisms, and the possibility of mutations 
in chromosomal genes which regulate resistance genes [23,24]. It has also been reported 
that P. aeruginosa readily incorporates new antibiotic resistance genes which cause 
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further antibiotic resistance against other antibiotics [25]. Therefore, only few antibiotics 
remain which are effective in the treatment of in P. aeruginosa infections.  

P. aeruginosa can use a broad range of organic material as their food source, hence their 
ability to survive in nutrient-low environments [26]. It is known to degrade hydrocarbons 
such as diesel, kerosene, and gasoline and has been discussed as a potential candidate 
for bioremediation after oil spills [27]. The adaptability towards different food sources 
allows these bacteria to survive in all kinds of surroundings. They can grow in a large 
temperature range (4 °C – 42 °C) thus requiring a more rigorous regime when 
decontaminating premise plumbing systems [28]. To prevent the colonization of these 
systems, a monitoring of tap water is essential. Also, for a fast response to an upcoming 
contamination, the employed analytical test must be sensitive enough to detect low 
bacterial cell numbers. 

1.1.2 Antibiotic resistance in environmental water sources 

As problematic as pathogenic bacteria are to many people, they are an even greater threat 
when they acquire additional antibiotic resistances. The introduction of widespread 
antibiotic resistance is one of the best examples of how a discovery that changed the face 
of medicine may not have the impact it was cut out to be in the long run. It started in 1909 
with the discovery of the first antimicrobial drug for treatment of syphilis and gained more 
attention in 1928 when penicillin was discovered [29,30]. Though this was the start of a 
revolution in medicine – the antibiotic era – allowing infections to be treated and millions 
of lives to be saved over the last decades, the long-term consequence poses a great threat 
to our healthcare system: antibiotic resistance. Through the widespread use and also 
misuse of antibiotics in human and veterinary medicine, multi-resistant bacteria emerged 
causing infections that are increasingly difficult to treat. Additionally, reports of infections 
with so called pan-resistant bacteria - bacteria that are non-responsive to all currently 
available antibiotics - have risen over the last years [31–33]. It has to be noted that bacteria 
have developed resistances against naturally occurring compounds with antibiotic 
properties since thousands of years [34], as studies with permafrost samples showed [35], 
but the distribution of antibiotics and antibiotic resistant bacteria all over the globe has 
magnified the spread of antibiotic resistance [36]. While there are continuing efforts to 
develop new strategies for treating bacterial infections and new antibiotics are entering the 
pharmaceutical market, experts fear that the end of the antibiotic era may not be too far 
away [37].  

Antibiotic resistance is not only a healthcare crisis with more than 650,000 infections and 
over 33,000 deaths per year in the European Union (EU), it is also an economic crisis as 
an estimated 1.5 billion Euro is lost every year in the EU due to productivity losses and 
healthcare costs arising from infections with antibiotic resistant bacteria [38,39]. With an 
increasing number of antibiotic resistant bacteria these numbers are expected to rise within 
the next decades [40]. The reasons behind the spread of antibiotic resistance are manifold. 
Misuse in human medicine is one of them where antibiotics are wrongfully prescribed to 
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treat viral infections, the use of wrong antibiotics without sufficient susceptibility testing 
prior to treatment, or patients stopping to take antibiotics too early [41]. In veterinary 
medicine huge amounts of antibiotics are used for precautionary measures or as growth 
promoting agents (although this practice has been banned in the EU since 2006 [42]). 
Whole stables or herds of animals in factory farming are treated because a few animals 
have infections. Additionally, drugs of last resort in human medicine are used as standard 
treatment options for animals (for example colistin [43]) and the prescription of different 
antibiotics for the same infections in the same herds or farms due to availability are the 
most pressing reasons [44,45]. As a lot of the manure and slurry is then used to fertilize 
crops and fields, the antibiotics and resistant bacteria can enter the environment. Food 
contamination is another possible route of exposure for humans [46]. Through the use of 
antibiotics in human and veterinary medicine, their metabolites which can have similar 
effects on bacteria also enter the environment [47]. In addition, antibiotics are often 
produced in countries with low environmental standards, questionable health and safety 
standards for workers, and insufficient wastewater treatment resulting in large amounts of 
antibiotic contaminated water and waste entering the environment causing further spread 
of antibiotics and thus prompting bacteria to adapt to these surroundings. An overview of 
the input pathways for antibiotics and antibiotic resistant bacteria as well as their possible 
concentration behavior in the environment and knowledge gaps therein are given in Figure 
1. 
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Figure 1: Input pathways of antibiotics, antibiotic resistance, and antibiotic-resistant pathogens into the 
environment and the food chain (left). Current knowledge gaps about their concentration behavior throughout 
the process (right) [48]. 

Monitoring antibiotic resistance in a clinical and environmental context is crucial to 
understanding the distribution pathways. Knowing the genetic changes responsible allows 
for even deeper insight into resistance modes and history. Antibiotic resistance genes 
(ARGs) code for the changes in the bacteria that are responsible for the resistance against 
antibiotics. Different genes can code for resistance against the same antibiotic and 
resistance against several antibiotics can be caused by one resistance gene. The 
occurrence of ARGs varies across countries, continents, and areas [49]. Therefore, 
detecting ARGs can shed light on where the bacteria and resistances came from and 
elucidate whether new resistance mechanisms are introduced. ARGs are categorized 
based on the antibiotic they code resistance against. One of these classes are extended 
spectrum β-lactamase (ESBL) coding genes. These code for resistances against β-lactam 
antibiotics which include penicillin and cephalosporins. ESBLs hydrolyze the four 
membered β-lactam ring thus rendering the antibiotic inactive. ESBL genes have spread 
worldwide and different types have been identified such as blaCTX-M, blaSHV, and blaTEM, 
with blaCTX-M being the most common type worldwide [50]. These types or classes are then 
further broken down into clusters of ARGs where high similarities between the individual 
genes are found. For blaCTX-M these clusters are cluster 1 (some literature states cluster 3), 
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cluster 9 (some literature states cluster 14), cluster 2, cluster 8, and cluster 25 [51,52]. The 
individual genes like blaCTX-M-1, blaCTX-M-3, blaCTX-M-9, blaCTX-M-15, blaCTX-M-24, and blaCTX-M-25 
are grouped into these clusters based on their similarities while they are numbered 
consecutively based on their discovery. The predominant type is blaCTX-M-15 which has been 
detected with increasing frequency all over the world [53]. blaCTX-M, so called 
cefotaximases, are plasmid-mediated and supposedly derived from intrinsic cefotaximases 
from Kluyvera spp. [54,55]. The name blaCTX-M stems from the higher activity against 
cefotaxime and the city, where it was first discovered in 1990, Munich [56]. ESBL have 
been identified in different Enterobacteriaceae but most frequently in Escherichia coli and 
Klebsiella pneumoniae [52]. The spread of blaCTX-M since their discovery and the changing 
genetic profiles worldwide in clinical and environmental settings can be used to predict the 
spread of other resistance genes and the implications that follow a widespread occurrence 
of specific ARGs. Development of assays to detect both - blaCTX-M and their bacterial host 
(most commonly E. coli and K. pneumoniae) - in a quick and economic manner is therefore 
essential. 

1.2 Bacterial microplastic degradation in the environment 

Some bacteria can be harmful. However, others harbor characteristics which make them 
useful in the right environment. Among others, the role of bacteria in bioremediation of 
contaminated sites after oil spills and their ability to degrade certain types of plastics, has 
been investigated with great interest [57–60]. Artificial plastic compounds have first been 
synthesized on a larger scale in the early 1900s while plastics derived from natural 
materials like cellulose and casein have been developed since the mid 1800s [61]. 
Polyvinyl chloride was first discovered in 1872 by Eugen Baumann but the large scale 
production did not start until the early 20th century [62]. With the addition of a seemingly 
endless variety of plastic compounds for our daily lives and special applications alike, these 
plastics also entered the environment where bacteria were faced with these new materials 
[61]. Owing to their evolution and their ability to quickly adapt to changes in the 
environment, bacteria sought to colonize these new materials. Some bacteria even 
incorporated certain types of plastics as one of their food sources [63]. It has been shown 
in several studies that the presence of plastic in a natural environment can change the 
abundance of specific bacteria and thus the microbial community in these areas [64].  

In recent years, smaller plastic particles - so called microplastic – has garnered 
considerable attention as a potential biohazard from the scientific community and the 
public. Microplastic is defined as plastic particles with a size ranging from 1 µm to 5 mm. 
It can either be produced directly for use as granulates or scrubbing agents, e.g. in 
cosmetics, where it is referred to as primary microplastic. Alternatively, it can form by 
fragmentation and degradation of larger plastic parts in the environment, referred to as 
secondary microplastic [65,66]. The so-called “weathering” of plastic in the environment 
changes the physicochemical properties (e.g. size, mechanical characteristics, and 
surface chemistry) of these particles and especially the latter is believed to aid 
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microorganisms in the accessibility of the plastics for degradation [67]. Taking a closer look 
at microplastic found in the environment, traditional plastic material like polystyrene (PS), 
polyethylene terephthalate (PET), and polyethylene (PE) are detected frequently while 
biodegradable plastic materials such as polylactic acid (PLA) and polybutylene adipate 
terephthalate (PBAT) are not detected as frequently. The latter are thought to degrade in 
the environment, and also because production numbers are not comparable at the moment 
[65]. 

Microplastic has been found in many different environmental compartments and may be 
present even in remote areas [68]. Most public attention and a prime research focus is 
directed at microplastic in the marine environment, as plastic debris in oceans is of great 
concern [68–71]. The introduction of plastics directly into the environment, for example as 
mulch foils, and their replacement with biodegradable materials has been of great interest 
as well. Microplastic residues in agriculture are a pressing problem, even with possible 
implications for human health [72–75]. As most of the traditional polymers like PS and PET 
are extremely durable in the environment, biodegradable plastic has been discussed as 
one way to combat microplastic pollution [73,76,77]. Examples of such biodegradable 
plastic are PBAT, PLA, polyhydroxyalkanoates, and polybutylene succinate among others 
[78–80]. Although biodegradable plastics do currently not reach the production volume of 
traditional polymer types, their production volume and market share has been increasing 
over the last years and is predicted to continue in this direction [80]. Biodegradable plastics 
are thought to degrade and thus do not remain in the environment as long as conventional 
polymer types such as the aforementioned PS or PET [63,81,82]. However, the label 
“biodegradable” is tested under specific conditions resembling industrial composting plants 
which differ from environmental conditions and thus their degradability under 
environmental conditions is still not fully understood [83].  

It has been shown that bacteria and other microorganisms such as fungi are able to 
degrade plastic and microplastic particles. The individual species harbor special genes 
and mechanisms that allow them to degrade certain plastic types of among others (low 
and high density) PE, PET, and polyamide [57,58,84]. Among the bacterial genera, 
Pseudomonas spp., Arthrobacter spp., and Thermobifida spp. are responsible for plastic 
degradation with Pseudomonas spp. being found also in aqueous environments [85]. A 
study also shows, that Sphingomonas spp. are able to degrade hydrocarbons and might 
therefore be able to degrade microplastic as well [86]. It has been recently reported that 
biofilm formation on microplastic particles induces surface changes and may help to make 
the particles more accessible for degradation [87]. Additionally, an existing biofilm may 
promote colonization with further bacteria thus increasing chances of microbial 
degradation. Identifying new species which are able to colonize plastics and have the 
potential to degrade microplastic is an important task.  

Microbial degradation of microplastic may be a key factor in removing microplastics from 
the environment. It is important to analyze microplastic from environmental samples in a 
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fast and precise way to understand degradation and monitor changes in the amount 
present in the environment. In general, there are two main approaches towards 
microplastic analysis. On the one hand, mass-spectrometry (MS)-based methods such as 
thermoextraction desorption gas chromatography MS [88–91] and pyrolysis gas 
chromatography MS [92–96], on the other hand spectroscopy-based methods like Raman 
microspectroscopy (RM) alias Raman microscopy [97–104] and focal plane array Fourier-
transform infrared spectroscopy (FPA FT-IR) [105–111]. MS-based methods give 
qualitative information as they identify the type of polymer while also giving quantitative 
information on the bulk level corresponding to the mass of the sample. RM and FT-IR also 
give qualitative and quantitative information. For the identification of the polymer type, both 
RM and FT-IR are comparable to the mass-based methods. However, their quantitative 
information is based on the single particle level and yields particle size, shape, and number 
concentration. Both identify microplastic by means of the characteristic vibrational spectra, 
the so-called fingerprint, of the plastic compounds. As RM uses a small confocal volume 
at the surface to generate its spectra, it is sensitive to changes on the surface of the 
microplastic particle. This sensitivity is also the case for FT-IR. Regarding the bacterial 
degradation of microplastic, it is important to learn more about the process itself than just 
the result. Key questions are: Knowing how the surface of the particles is changed, where 
and under what circumstances degradation occurs, and how microplastic is accessible by 
bacteria. This helps to one day use bacterial degradation as a specific tool for 
bioremediation of microplastic in the environment. Especially for small particles, RM is the 
method of choice for monitor these changes on the surface of the microplastic particles 
[97]. Characterizing these changes may also help to better investigate microplastic in 
environmental samples as along with the surface the Raman signals may change. Knowing 
what to look for in monitoring studies is essential and, so far, there is not much known 
about the altering effects. 
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2 THEORETICAL BACKGROUND 

2.1 Detection methods for pathogens and antibiotic resistant bacteria 

When aiming at detecting and monitoring pathogenic bacteria with and without antibiotic 
resistances in the environment, two different approaches are possible: phenotypic and 
genotypic detection. While the phenotypic detection relies on different growth of bacteria 
in selective media and their overall morphology, genotypic detection analyzes the genes 
present to confirm bacteria. Phenotypic detection has been used for decades and, in the 
case of standard culture on agar plates, does not require expansive equipment, but 
distinguishing different bacterial colonies from one another demands a certain expertise. 
Additionally, the long incubation times make phenotypic methods disadvantageous when 
immediate results are needed, for example for infection treatment or detection of 
contaminations in drinking water systems. In recent years, new methods emerged to 
identify and characterize bacteria. Matrix-assisted laser desorption ionization-time of flight 
mass spectrometry (MALDI-TOF-MS) identifies bacteria based on the specific ribosomal 
proteins and its “fingerprint” obtained is then compared to a database [112]. The high-
throughput and low-cost analysis of bacteria from culture samples makes MALDI-TOF MS 
a powerful tool in clinical diagnostics and for identification of bacterial species in 
environmental samples. RM is able to identify bacteria in a similar way: The distinct pattern 
of Raman bands acquired either by single cells or bulk analysis is then compared to a 
database to determine the bacterial species [113]. RM is currently not used as a standard 
technique for bacterial characterization but the possibility for single cell analysis is one of 
its main advantages. Regarding the detection of antibiotic resistance, phenotypic methods 
characterize the whole organism’s response to the antibiotic. This is especially relevant in 
a clinical context, where the goal is to find an antibiotic the bacteria are susceptible to. 
Standard phenotypic methods include manual and automatic assays. Manual assays such 
as culture on antibiotics-containing agar plates, the ETEST® by bioMérieux or the disk 
diffusion test where the absence of bacterial growth on an agar plate indicates the 
effectiveness of the antibiotic require overnight incubation. Automatic assay systems such 
as the VITEK® system by bioMérieux and the Phoenix™ system by Becton Dickinson both 
provide information on susceptibility and resistance within several hours and, thus, are 
faster than the manual assays.  

The widespread use of genotypic detection also known as DNA-based detection methods 
started with the development of polymerase chain reaction (PCR) in 1984-1986 [114,115] 
and has since revolutionized bacterial monitoring in environmental and healthcare 
surroundings. For analyzing antibiotic resistance, the focus shifts towards the genetic 
profile responsible for the organism’s resistance and finding the ARGs. These give more 
insight in distribution patterns and the mode of action of the resistances. Through the 
amplification of DNA fragments, even low amounts down to one DNA copy, can be 
visualized and therefore detected within a matter of hours instead of days [116]. With PCR, 
bacterial strains and gene clusters of ARGs could be identified and the spread and 
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occurrence of certain ARGs could be traced worldwide. By using DNA intercalating dyes 
or fluorescent probes, the amount of DNA and in return the number of microorganisms can 
be quantified in PCR leading to quantitative PCR (qPCR) [117]. DNA amplification requires 
prior knowledge of the sample as the sequence which is amplified and detected needs to 
be known. These techniques have been standard laboratory procedures for almost 40 
years and are thus cheap and readily available in every biochemical lab. One the other 
hand sequencing-based techniques, the analysis of existing DNA down to the DNA base 
sequence, are used more and more frequently [116]. Whole genome sequencing (WGS) 
reduces the mentioned bias towards known genetic sequences as there the whole DNA 
information of a sample is gathered and later analyzed. This requires skilled personnel to 
analyze the large amounts of data generated in a single analysis and, at the moment, is 
more time consuming per analysis and more expensive. For detecting unknown antibiotic 
resistances WGS comes into play. It allows for an unbiased look at the whole bacterial 
DNA in a sample and makes it possible to understand connections within antibiotic 
resistance in a whole new way [118]. The non-target approach in WGS is more prone to 
identify targets for monitoring rather than the actual monitoring process itself. For 
monitoring, on-target approaches for chosen bacterial species or certain antibiotic 
resistance genes are the method of choice, e.g. (q)PCR or related techniques. Due to 
these different characteristics both genotypic and phenotypic methods are often combined 
for a time and cost-efficient analysis to detect bacteria and antibiotic resistance in 
environmental samples.  

2.2 Monitoring challenges and the need for culture-independent techniques 

It is well known that microbial communities can adapt to different environmental changes. 
Therefore, it is crucial to monitor these changes in an unbiased way for a better 
understanding of the correlations and interactions that lead to these adaptions. However, 
when bacteria are concerned only a minor fraction of the worldwide bacterial species has 
been characterized so far and only 1% have been successfully cultured in laboratories 
[119]. Consequently, research activities have a bias towards bacteria that are culturable, 
as the rest cannot be detected, leaving the rest unseen and undetected. Additionally, 
culture-based methods require long incubation times before the bacterial growth can be 
seen and evaluated (minimum of 16 h, and up to 2 weeks for certain species). For 
monitoring purposes this means that real-time monitoring is not possible and when 
investigating outbreak scenarios, critical time for intervention is lost. While culture-based 
methods have long been the gold standard of bacterial monitoring and characterization 
because of their easy handling and low cost, culture-independent techniques have gained 
in importance and popularity over the last decades.  
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2.3 Concentration from large volume water samples 

With culture independent techniques on the rise, new challenges emerge. For water 
samples with low bacterial contaminations, detection methods are often not suited for the 
required concentration range. Here, pre-concentration of the sample is necessary to reach 
the desired limits of detection. One of the areas where this has been of increasing 
importance is the detection of bacterial pathogens in groundwater or drinking water. The 
Guidelines for Drinking-water Quality by the World Health Organization (WHO) state that 
clean water must be available to all residents thus requiring regulators to make sure that 
no bacteria are to be found [120]. Overall, no bacteria are allowed in concentrations that 
may be harmful to humans. For fecal indicator bacteria (E. coli and Enterococcus faecalis) 
as well as for P. aeruginosa this means no colony forming units (CFU) in 100 mL which in 
turn requires the limit of detection to be 1 CFU 100 mL-1. Considering that single CFU and 
consequently bacteria need to be detected, analyses with high sensitivity in combination 
with concentration of large sample volumes, ideally from up to 10 L down to a few mL are 
needed. An overview of different enrichment methods for bacteria is given in Table 1. 
Methods and more specifically filter materials for this task should have the following key 
characteristics: easy production at low cost, tolerance for high pressures to reduce filtration 
time, long shelf live and easy storage, adaptable surface for concentration of different 
bacteria, automation possibilities and ability to perform continuous sampling, easy 
handling for use at diverse settings, and low filter clogging potential to filter large volumes 
through one filter in a short time.  

Monolithic filtration using different materials has been an attractive alternative to the 
established methods such as centrifugation and membrane filtration because of the high 
versatility and easy adaptability to enrich different organisms (Table 1). Monoliths, in 
general, are homogeneous stationary phases with high porosity comprised of organic or 
inorganic material [121]. Silica is the most prominent and most often used inorganic 
material with its characteristic high surface. However, the limited pH working range with a 
stability in a pH range from 2 to 8 excludes it often from applications in adsorption-elution 
processes in bacterial concentration efforts [122]. In contrast, organic monoliths show a 
lower surface than silica-based monoliths but compensate this disadvantage with stability 
at more basic pH and easy synthesis protocols [121,123].  
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Table 1: Overview of different enrichment methods for microorganisms and especially bacteria [124–127]. 
Adapted from [128]. 

Method Advantages Disadvantages 

Centrifugation Easy handling 

 

Loss of non-viable cells 
possible 

Matrix may also be 
concentrated  

Often only size specific 

Immunofiltration Very specific due to antibody 
interaction 

Cost intensive due to 
antibodies 

More steps needed for 
synthesis 

Immunomagnetic 
separation 

Very specific due to antibody 
interaction 

Cost intensive due to 
antibodies  

Low sample volumes 

Flocculation Can enrich multiple 
microorganisms at once 

Time-consuming 

Based on unspecific 
interactions 

Membrane filtration  Automation possible 

Defined size range 

Different materials possible 

Dead-end filtration may 
result in clogged filters 

Monolithic filtration Easily adaptable due to 
functionalization 

Easy and fast synthesis of 
unfunctionalized filters 

Used for different microorganisms 

Applicable over a wide range of pH 
values, flow rates and matrices 

Sometimes complicated 
functionalization 

 

Monolithic adsorption filtration for efficient concentration of bacteria and viruses is one 
application of organic monoliths [129,130]. The monolith used in these studies can be 
synthesized within 1 h with a defined pore size (21 µm) and present free epoxy groups on 
the surface [131]. The latter characteristic makes it easy to add specific functional groups 
to the surface thus changing the adsorption properties. Pore size is dictated by the ratio 
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between the monomer and the porogen which is a non-polymerizing solvent (mixture). The 
porogen is responsible for inhabiting free space between the monomer molecules where 
no polymerization can take place and pores form. The solvents are later evaporated from 
the system. So far, different surface functionalization types for monolithic adsorption filters 
(MAFs) have been published which include, among others, MAFs with the antibiotic 
Polymyxin B (MAF-PmB) being immobilized on the surface [131], hydrolyzed MAFs (MAF-
OH) [130], and MAFs with diethyl aminoethyl groups (MAF-DEAE) [132]. All these have in 
common that the retention of bacteria is based on a complex mixture of different 
interactions such as ionic or hydrophobic interactions, van der Waals forces, or hydrogen 
bonds with the exact composition depending on the MAF functionalization and analyte. 
The macroporous structure of the monolith without mesopores results in filtrations of 
microorganisms performed at high flow rates (up to 1 L min-1) and with large sample 
volumes (100 L) [129]. Different height and diameter of MAFs have been published [128]. 
Dead-end and crossflow filtrations have been reported so far [129,133] and the possibility 
for automation and batch or continuous sampling is also given.  

Traditionally the adsorption elution process is applied to enrich viruses, while first reports 
of successful transfer to enrichment of E. coli and Salmonella spp. date back to 1976 
(using DEAE cellulose columns) [134]. More recently, E. coli, E. faecalis, and 
Legionella spp. have been successfully enriched using MAFs [130,131]. However, such 
an application of MAF for the enrichment of P. aeruginosa from drinking water has been 
missing so far. The development of this method is the first project of this thesis. 

2.4 Isothermal nucleic acid amplification techniques and their application 
for environmental monitoring of antibiotic resistant bacteria 

Genotypic characterization of ARGs is commonly done by (q)PCR, thus requiring a thermal 
cycling device for the different steps. Over the last 30 years, DNA amplification methods 
have been developed that no longer need thermal cycling but rather depend on different 
enzymes that make DNA amplification possible at constant temperatures [135]. Therefore, 
the thermal cycling device can be exchanged for a much cheaper and readily available 
heating block with fixed temperatures. This allows the analyses to be carried out in-field 
and in low resource settings. Several isothermal nucleic acid amplification techniques have 
been developed and the most common ones are briefly described in the following 
paragraphs.  

Loop-mediated amplification (LAMP) is carried out at 60 – 67 °C and uses six primers to 
create the loop structure which allows for exponential amplification of the DNA [136]. The 
sensitivity of LAMP is comparable to PCR assays and the typical assay time is 1 h. Due to 
the high number of primers necessary, it is difficult to multiplex LAMP assays and the 
primer design requires expertise. Several LAMP assays for pathogen detection have been 
published in recent years [137].  
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Strand displacement amplification (SDA) uses an incubation temperature of 37 – 42 °C 
and two or four primers for first- or second-generation assays, respectively [138]. A 
recognition site for the restriction endonuclease HincII allows the incorporation of a nick in 
the DNA strand and leaves an open 3’-OH end which is then elongated by the DNA 
polymerase.  

Helicase dependent amplification (HDA) uses a helicase to denature the double stranded 
DNA into single strands which are then stabilized [139]. DNA polymerase amplifies the 
single strands at a temperature of 60 °C. For HDA two primers are required which need to 
meet more specific requirements than those used for PCR. HDA protocols have been 
improved steadily to increase sensitivity and provide easier handling [140–142].  

Recombinase polymerase amplification (RPA) is done at 37 – 42 °C and requires 
20 – 40 min of incubation time [143]. Two primers are needed which are longer than typical 
PCR primers and require some specific standards to ensure high selectivity and sensitivity 
[144]. The recombinase and the primers form complexes which invade the double strand, 
the single strands are stabilized, and DNA polymerase elongates the DNA sequences 
starting from the primers. Due to the low incubation temperature, there have also been 
RPA studies working with body heat for incubation [145,146]. RPA assays for detection of 
different pathogens have been published [145,147] and a recent review covers the 
development of a diverse set of assays since its discovery [148]. 

Heterogeneous asymmetrical RPA (haRPA) is a modification of the traditional, 
homogeneous RPA in reaction tubes, which has been published in 2015, uses a 
microarray chip to perform the amplification, and subsequent automated detection of the 
amplified DNA [149]. The haRPA principle is shown in Figure 2. The amplification of the 
DNA template takes place both on the immobilized reverse (REV) primer and in the liquid 
bulk phase with limited amount of REV primer available where the amplified DNA is later 
hybridized to the immobilized primer. Each amplicon is marked with a biotin-labeled 
forward (FWD) primer. Detection is then performed via chemiluminescence of the 
horseradish peroxidase catalyzed reaction of luminol and hydrogen peroxide. The high 
affinity of streptavidin towards biotin allows the streptavidin-labeled horseradish 
peroxidase to bind selectively to the biotin on the FWD primer, thereby ensuring only 
complete amplicons are detected. Additionally, the signal is spatially resolved due to the 
immobilization of the REV primer on specific spots. haRPA assays have so far been 
developed for human adenovirus, bacteriophages (MS2 and PhiX174), E. faecalis, 
L. pneumophila, and for mycotoxin producing fungi [149–151]. Currently available on-chip 
assays based on RPA include assays for L. pneumophila, Streptococcus pneumoniae, 
Neisseria gonorrhoeae, Salmonella enterica and methicillin-resistant Staphylococcus 
aureus [152,153]. Hand-held devices for detection of certain pathogens have also been 
developed [154] as well as assays which combine RPA with immunological detection via 
enzyme-linked immunosorbent assay (ELISA) [155] and assays performed on digital 
versatile disks [156]. LAMP and HDA have also been adapted to on-chip assays for 
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pathogen detection due to the stable incubation temperatures. Detection of 
N. gonorrhoeae and S. aureus have been published as on-chip HDA assays [157]. LAMP 
on-chip applications for pathogenic bacteria in aquatic animals [158] and for viruses as 
part of point of care diagnostics [159] have also been reported as well as an assay for 
detection of Salmonella spp. in compact disc micro-reactors [160].  

 

Figure 2: Schematic sketch of the haRPA principle and its detection. DNA amplification takes place on the chip 
surface as well as in the liquid bulk phase using recombinase and polymerase. The displaced DNA strand is 
stabilized by single strand DNA (ssDNA) binding proteins to ensure elongation of the primers via polymerase. 
The immobilized DNA amplicons are then detected by streptavidin horseradish peroxidase (strep-HRP) using 
the biotin-tag on the forward primers. Through the addition of hydrogen peroxide and luminol a spatially 
resolved chemiluminescence signal is created. 

Taking a closer look at the available isothermal DNA amplification methods for the 
detection of blaCTX-M and bacterial pathogens such as K. pneumoniae and P. aeruginosa, 
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several assays have been published in recent years: LAMP assays for the detection of 
blaCTX-M clusters 1, 2, 8, and 9 as well as for the individual gene blaCTX-M-9 have been 
published [161–163] as well as assays for the detection of P. aeruginosa and 
K. pneumoniae among several other pathogens [164,165]. HDA has been applied for the 
detection of several different pathogens like S. aureus, E. coli, and Salmonella spp. 
[166,167], however not the ones of interest for this thesis. A RPA application for blaCTX-M 
has been coupled to electronic detection [168]. For blaCTX-M-15 RPA assays using 
microbead dielectrophoresis for detection have been published [169] as well as detection 
systems using microfluidic devices [170–172]. K. pneumoniae and P. aeruginosa detection 
have both been published as RPA assays combined with fluorescence detection [173], 
however not as haRPA assays. Therefore, RPA and more specifically haRPA assays for 
the detection of blaCTX-M clusters 1 and 9 and for K. pneumoniae and P. aeruginosa are still 
missing to facilitate detection of these analytes in low resource settings and for a better 
monitoring in environmental settings.  

2.5 Characterizing bacterial microplastic degradation and its effect on 
microplastic detection 

Spectroscopy-based analysis techniques are an effective tool to get insight into the 
pressing questions on bacterial degradation of microplastic and what it entails for 
microplastic detection. RM and FT-IR give qualitative and quantitative information, thus 
allowing a look at the chemical composition and the number of particles in a sample. While 
surface changes can be monitored on a single particle level with RM, this in turn means 
the analysis of thousands of single particles per sample. Here, automation is key to 
increase sample throughput [174]. Algorithm-assisted particle recognition is used for 
automatic selection of measurement position followed by subsequent plastic identification 
via database matching [98,108,175,176]. Using this approach, hands on time for the 
operator is minimized. The spectra of the particles are acquired, automatically or manually, 
and matched to the database spectra. When analyzing these spectra, several factors come 
into play that may infer with this process: Due to the Raman principle, peaks from different 
compounds within the same confocal volume of the analysis can overlap thus creating a 
mixed spectrum which hinders specific characterization. Additionally, as Raman is based 
on vibrational energy changes of chemical bonds, different substances having the same 
functional groups can show the same Raman spectra. As both Raman and IR 
spectroscopy share the principle of analyzing the compounds surface, both are expected 
to change when more oxygen-containing groups (like OH groups) are introduced to the 
particle surface or organic (humic or bacteria-associated) substances are deposited on the 
surface. These so-called matrix-effects can be an indication for bacterial microplastic 
interaction or provide proof for a change in the surface of a plastic compound. This is not 
only relevant in an environmental context. A recent study used FT-IR to assess PLA 
degradation in PLA-based implantable medical devices via changes in the IR-spectra 
[177].  
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To differentiate between matrix effects from the sample and changes in the plastics 
chemical structure, sample preparation is necessary for most of the analysis methods for 
microplastic analysis. Additionally, due to the low concentration of microplastic in 
environmental samples, concentration methods are essential [71,109,178–180]. To 
choose the right pre-processing of the sample, the analyte must be known to choose the 
method accordingly. When dealing with PLA samples as opposed to PS or PET samples, 
some clean-up methods are not applicable, as these will not only destroy the matrix but 
the analyte as well or change PLA to such extent that no correct characterization is 
possible. For example, chemical extraction is one method to reduce matrix effects, but 
impedes the extraction of additional information such as particle size, shape, and size 
distribution. RM is a potent method to circumvent these steps for many aqueous samples 
as minimal sample preparation is needed due Raman signals being insensitive to water. 
Here, typical sample preparation is the immobilization on a filter surface only thus 
facilitating a fast analysis after sampling.  

Using these analysis techniques, a closer look at MP found in the environment is possible. 
PLA is in widespread use in food packaging as well as mulch foil where it is seen as a 
greener alternative to PE [72]. However, to date PLA is not found in the environment, 
except in burial experiments [181,182]. There are several possible reasons behind this 
observation. One reason is the proposed instability in the environment as a biodegradable 
plastic. However, one study in a controlled environment suggests that PLA breaks down 
in similar ways as traditional plastics [183] and another study found PLA to show almost 
the same stability as PET when immerged in artificial freshwater and seawater [184]. 
Another reason is that PLA is degraded so fast by microorganisms or other degradation 
processes in the environment that no microplastic may be found. The third possible 
explanation deals with the analysis methods and their bias leading to the conclusion that 
PLA is altered by the environment due to bacterial colonization, abiotic or bacterial 
degradation or deposition of humic substances on the surface. This happens to such extent 
that a correct assignment of the plastic is no longer possible. As database matching is the 
most commonly used technique to assign samples to specific plastics this pronounced 
change in the sample’s chemical composition and/or degradation could lead to false 
characterization. The results are false positives (PLA identified as another compound) or 
false negatives (PLA not discovered). To investigate whether degradation occurs, it is 
traditionally, assessed either indirectly by monitoring of the degradation products such as 
the formation of CO2 or by documenting weight loss of the sample [63,185,186]. Another 
method is the bulk analysis of the spectral changes via attenuated total refraction FT-IR 
often combined with a scanning electron microscopy (SEM) visualization of the particle 
[57,84,187,188]. It is worth noting that biodegradation studies should be carried out with 
weathered microplastic particles as opposed to pristine particles to mimic environmental 
conditions and aide bacteria in their efforts. A fast and easy production of artificially 
weathered microplastic particles has recently been published and is the method of choice 
for these experiments [99]. Starting with a simple experimental setup (constant 
temperature, minimal shaking, and ultrapure water), the influences of the surroundings are 
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kept at a minimum. It will nonetheless allow for a first look into bacterial degradation under 
conditions that are closer to environmental conditions than a composting plant. 

This new approach to achieve a better lateral resolution and, hence, allow single particle 
analysis, uses RM to characterize the changes happening in the degradation process. It 
may also help to understand whether PLA is “shielded” from correct identification using 
RM. This issue has been addressed recently in a study on microplastic from bioplastics in 
soil [189]. Additional information on particle surface morphology changes is given via field 
emission SEM (FESEM) images. Using artificially weathered microplastics of traditional 
plastics like PE and PS and the biodegradable PLA offers the chance to investigate 
differences in RM and FESEM measurements to answer some of the questions related to 
biodegradation of (bio)plastics. The investigation of the individual particles surface with 
RM is of great advantage to achieve this goal and to understand whether bioplastic 
particles may be under-determined using the current analysis setup. A further combination 
with culture-based monitoring of the bacteria gives additional insight into the bacterial side 
of the degradation process. The interaction of RM, FESEM, and bacterial culture for 
looking at bacterial degradation of microplastic particles from different angles is a new 
approach to answer important questions on this topic. 
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3 AIMS OF THIS THESIS 

The work detailed in this thesis consists of three individual projects. The first project 
focusses on the adaptation of the MAF-based filtration process towards P. aeruginosa 
concentration from tap water samples. Starting from existing protocols for other bacterial 
species, the ideal filter functionalization and elution buffer is to be found and combined 
with a filtration procedure that ensures easy handling. Culture-independent qPCR analysis 
is done to guarantee time efficient results for future applications. Providing additional 
culture-based analysis allows the evaluation of the results with two separate analysis 
methods. Therefore, culturability of P. aeruginosa is assessed for the different conditions 
present over the course of the filtration procedure. The final objective for this project is a 
working assay for the detection of P. aeruginosa with a calibration in the desired matrix, 
tap water. 

The second project aims at developing new haRPA assays to detect pathogenic bacteria 
and antibiotic resistances in one assay. New assays for the ARG clusters blaCTX-M cluster 1 
and 9 need to be designed, and existing homogeneous assays for the pathogenic bacterial 
species P. aeruginosa and K. pneumoniae are adapted to the heterogeneous haRPA 
format. The assay for blaCTX-M cluster 1 is then evaluated by comparison to qPCR for 
sensitivity. As part of the JPI Water project Metawater, bacterial isolates from 
environmental water sources are tested for blaCTX-M cluster 1 occurrence with an existing 
PCR protocol and the new haRPA assay, thus providing a specificity comparison for the 
new assay. The overarching goal to provide a multiplex assay for bacterial species and 
antibiotic resistances is then first tested with duplex measurements of one bacterial 
species with one antibiotic resistance, adding additional analytes afterwards. Using this 
approach, fully evaluated and calibrated assays for detection of single analytes are 
provided for specific monitoring purposes while a multiplex assay for a broader application 
is also made available. 

The third project tackles two related research questions regarding the interaction between 
microplastic and bacteria. One aim is to evaluate whether the simple experimental setup 
chosen is enough to distinguish between microplastic degradation and colonization by 
monitoring bacterial growth via culture plates and changes in Raman spectra and FESEM 
images. The other aim is to characterize these changes in the Raman spectra and give 
insight into how these changes affect correct analysis of microplastic particles subjected 
to bacteria. For this, three different artificially weathered microplastic polymer types are 
subjected to different bacterial species and the results after a 21-day incubation period are 
evaluated. Based on these results, additional experiments using only PLA microplastic 
particles are done to investigate the observed phenomena in more detail.  
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4 EXPERIMENTAL PROCEDURES 

4.1 Bacteria and DNA samples 

Bacterial isolates E. coli (CTX-M-2 positive), E. coli (CTX-M-3 positive), E. coli (CTX-M-9 
positive), E. coli (CTX-M-14 positive), E. coli (CTX-M-27 positive), K. pneumoniae (CTX-
M-55 positive), Enterobacter asburiae (CTX-M-1 positive), and Enterobacter cloacae 
(CTX-M-15 positive) were received from Diagnostic and Research Center for Molecular 
BioMedicine, Medical University of Graz, Graz, Austria. K. pneumoniae (CTX-M-15 
positive), K. pneumoniae (SHV-18 positive), E. coli (CTX-M-15 positive), E. coli (TEM-3 
positive), and P. aeruginosa bacterial isolates were provided by the Bavarian Health and 
Food Safety Authority, Oberschleißheim, Germany. E. coli (5695) without resistance was 
provided by Institute of Hydrochemistry, TUM, Munich, Germany (IWC-TUM). 
Sphingomonas koreensis and Pseudomonas libanensis were isolated from a water 
sample provided by Elisabeth von der Esch (IWC-TUM) and identified by MALDI-TOF MS 
as was the case for other bacteria identification needed during the presented work, 
performed by Jessica Beyerl and Dr. Anna-Cathrine Neumann-Cip, Max von Pettenkofer 
Institute, Ludwig-Maximilians University, Munich, Germany. 

DNA samples and PCR-based ESBL classification for the PCR comparison (according to 
[190]) were provided by the Bavarian Health and Food Safety Authority, Oberschleißheim, 
Germany. DNA samples for L. pneumophila and E. faecalis were provided by Catharina 
Kober and Sandra Schäfer (IWC-TUM), respectively. Katharina Sollweck (IWC-TUM) 
provided DNA samples of Bacillus subtilis, Penicillium italicum, and 
Aureobasidium pullulans.  

4.2 Bacteria cultivation 

Bacteria from cryo culture (stored at -80 °C for long-term storage or -20 °C for short-term 
storage (up to 4 weeks)) were cultivated overnight (37 °C) in LB media (with the addition 
of cefotaxime (1 µg/L), if cefotaxime resistance was present) or NZCYM media 
(P. libanensis, S. koreensis, and E. coli for microplastic experiments only). OD was 
quantified using the NanoPhotometer® Classic by Implen (Munich, Germany). Cultivation 
on LB agar plates (own production) overnight (37 °C) was done with the appropriate 
dilutions. Cultivation on NZCYM agar plates (own production) for the microplastic study 
was done overnight (25 °C).  

To determine bacterial cell number in liquid culture of P. aeruginosa, a calibration model 
was established based on the linear correlation between optical density measurements at 
600 nm (OD600) and the colony forming units on solid nutrient agar. OD from fresh 
overnight culture was taken and plotted against colony forming unit (CFU) numbers 
obtained by plating different dilutions on agar plates. This resulted in the following linear 



 21 

expression: cell number in CFU mL-1 = (OD600 - 0.0033)/(1.1244 · 108). All cell numbers 
were calculated using this equation. 

4.3 MAF disk production 

MAFs were produced by self-polymerization of an epoxy-based resin according to 
literature with minor adjustments [131]. Briefly, a mixture of toluene and tert-butyl methyl 
ether (60:40 (v/v)) used as porogen was tempered at 29 °C. The catalyst trifluoride diethyl 
etherate (BF3·Et2O) in 1,4-dioxane (1:10 (v/v) dilution) was added to the mixture (1.25% 
(v/v) of the total volume) and mixed thoroughly. The monomer polyglycerol-3-glycidyl ether 
(CL9) (ratio 20:80 (v/v) monomer/porogen) was added and mixed thoroughly before 
pouring the mixture into custom-made polytetrafluorotheylene (PTFE) molds (inner 
diameter 38.6 mm, inner height 10.0 mm) and incubating at 29 °C for 1 h. Afterwards, the 
MAF disks (38.6 mm diameter, 10.0 mm height) [129] were removed from the 
polymerization molds, stored in methanol overnight in order to end the polymerization and 
air-dried at room temperature (Figure 3).  

 

Figure 3: Schematic overview of the MAF production process. The reagents are mixed thoroughly and poured 
in a MAF mold. After incubation (1 h, 29 °C), the MAF is removed from the mold and put in MeOH to stop the 
polymerization. After removal from MeOH, the MAFs are air-dried [128]. 

For functionalization, MAF modules were constructed in 50 mL plastic dispenser tips (PD-
tip) consisting of a PTFE support plate with bore holes (diameter 2 mm), an O-ring 
(38.6 mm in diameter, nitrile butadiene rubber NBR 70), a MAF disk, and a PTFE fitting for 
connection to tubes. Prior to functionalization, the MAF disks were washed with ultrapure 
water by connecting the MAF modules to a peristaltic pump and continuously pumping 
ultrapure water through the system (10 min). The respective functionalization solutions 
were circulated through the system afterwards according to the functionalization 
procedures displayed in Table 2. Reaction schemes for the different functionalizations are 
shown in Figure 4. The functionalized MAF disks were stored in ultrapure water at 4 °C 
until further use. 
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Table 2: Overview of functionalization procedures for different MAF disks. MAF-OH: hydrolyzed MAFs; MAF-
DEAE: MAFs with diethyl aminoethyl functionalization; MAF-PmB: MAFs with Polymyxin B functionalization 
[128,130–132]; PBS: phosphate buffered saline.  

Functionalization Functionalization solution Circulation time Temperature 

MAF-OH 0.5 M sulfuric acid 
ultrapure water 

3 h 
15 min 

60 °C 
RT 

MAF-DEAE 10% diethylamine in  
EtOH/H2O (50/50; v/v) 3 h 60 °C 

 ultrapure water 15 min RT 

MAF-PmB 0.5 M sulfuric acid 3 h 60 °C 

 Acetonitrile (ACN) until filtrate was 
clear RT 

 2 mg mL-1 1,1’-carbonyl-
diimidazole in ACN overnight RT 

 ACN, followed by PBS buffer until filtrate was 
clear RT 

 0.02 mg mL-1 Polymyxin B in 
PBS buffer 24 h RT 

 PBS buffer and carbonate 
buffer 

until filtrate was 
clear RT 

 

 

Figure 4: Reaction schemes for functionalization of MAFs to obtain MAF-DEAE, MAF-OH, and MAF-PmB 
[128]. 

4.4 Filtration of tap water samples and centrifugal ultrafiltration for 
enrichment of P. aeruginosa 

Tap water samples of different volumes were taken at the same location. Tap water was 
allowed to run for several minutes to ensure comparable samples and collected in different 
containers (1-L glass bottle, 5-L polypropylene high breast bottle, or 10-L PE canister). If 
necessary, pH was adjusted to the desired value using 37% hydrogen chloride. Shortly 
before filtration the samples were spiked with different amounts of P. aeruginosa. For all 
optimization experiments, cells for a final concentration of 1·108 CFU L-1 were added 
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whereas for calibration purpose the setup was performed with final cell concentrations 
ranging from 1·104 - 1·108 CFU L-1. If heat-inactivated bacteria were used, the inactivation 
was done at 80 °C for 30 min. A MAF module was connected to a peristaltic pump with a 
silicone tubing (Maprene Tube) and a 10L PE canister was placed at the MAF module 
outlet to collect the filtrate. Tap water was used to flush the system prior to filtration and to 
adjust the flow rate to approx. 180 mL min-1. Filtration was done by inserting the water inlet 
into the tap water sample and using the adjusted flow rate. After filtration of the whole 
sample, the MAF module was flushed with air (until no further water exited it) and filled 
with elution buffer (20 mL). Elution took place in a three-step process with each step 
consisting of an incubation (2 min) step followed by elution of one third of the elution buffer 
at a flow rate of approx. 110 mL min-1. Used elution buffers were: carbonate buffer (sodium 
carbonate (0.150 mM) and sodium bicarbonate (0.350 mM) in ultrapure water; pH 9.6), 
high salt buffer (sodium chloride (14.99 mM) and HEPES (4-(2-hydroxyethyl)-1-
piperazineethanesulfonic acid; 0.500 mM) in ultrapure water; pH 7, adjusted with 32% 
sodium hydroxide), glycine buffer (5.00 mM in ultrapure water; pH 9.5, adjusted with 32% 
sodium hydroxide), beef extract glycine buffer (BEG, beef extract (30.0 g) and glycine 
(0.505 M) in 1 L of ultrapure water; pH 9.5, adjusted with 32% sodium hydroxide), and 
Pluronic® F68 solution (Pluronic® F68 (1%) in water). After the elution, centrifugal 
ultrafiltration was performed (5000 rpm) using Vivaspin 20 Membrane 50000 columns to 
achieve a final volume of 0.5 mL – 1 mL. The filter was washed with sterile phosphate 
buffered saline (PBS buffer) and the volume was adjusted to 1.5 mL with PBS buffer. 1 mL 
of the resulting solution was used for DNA extraction while the remaining 0.5 mL were 
stored at -20 °C. By extracting DNA from 1 mL of culture sample, determining the DNA 
content in ng µL-1 by qPCR, and plating the original sample on agar plates to assess the 
correct cell number in the culture a correlation could be established. The qPCR was 
calibrated using a DNA extract of known concentration of total DNA (as determined by 
micro-volume spectrophotometer analysis using a nanophotometer). Using this approach, 
5.75 · 106 P. aeruginosa cells per mL of solution before DNA extraction were determined 
to correspond to 1 ng µL-1 DNA in qPCR. 

4.5 DNA extraction 

For all bacterial extracts used for haRPA optimization and comparison experiments DNA, 
extraction was done from fresh overnight culture using the QIAamp DNA Mini Kit according 
to manufacturer’s guidelines (elution volume: 200 µL). For haRPA calibration experiments 
with blaCTX-M cluster 1, 4 mL bacterial cell solution was centrifuged and the resulting pellet 
was resuspended in 1 mL LB medium before continuing with the manufacturer’s protocol. 
DNA for calibration experiments for P. aeruginosa detection using haRPA was done from 
dilutions of overnight culture containing the desired number of bacterial cells (measured 
via OD600 of the overnight culture). DNA extraction for P. aeruginosa for the MAF-study 
was performed using the GeneJET Genomic DNA Purification Kit following the instruction 
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manual. For initial cell harvesting of P. aeruginosa the sample was centrifuged (5000 × g, 
10 min). All DNA extracts were stored at -20 °C until further use.  

4.6 DNA chip production 

Glass-based DNA microarrays were produced in-house following a procedure published 
elsewhere in detail [191,192] using the Jeffamine® ED-2003 modification published by 
Kober et al. 2018 [150] with minor adjustments. DNA primers were immobilized on the 
surface using the SciFLEXARRAYER S1, an inkjet microdispensing system, with an 
unmodified piezo dispense capillary (PDC 80, P-2040, ID-No. 15842 and 54868) at 20 °C 
and 55% humidity. Spotting order for singleplex assays started with negative control 
followed by modified REV primer for the target sequence, negative control, and positive 
control while 5 replicates, creating a 5 × 4 matrix (number of lines × number of columns). 
Spotting order for multiplex assays was negative control, modified REV primer for 
P. aeruginosa, negative control, modified REV primer for K. pneumoniae, negative control, 
modified REV primer for blaCTX-M cluster 1, negative control, (modified REV primer for 
blaCTX-M cluster 9, if needed) and positive control while 5 replicates, creating a 5 × 7 (8 with 
blaCTX-M cluster 9) matrix. 4.8 ± 0.7 pmol of the REV-primer with 5’-NH2-C12-tag (sequences 
in Table 3) was spotted. The spotted negative control was nuclease-free water and positive 
control was EZ-Link™ amine-PEG2-biotin (0.01 µg mL-1). Assembly of DNA microarrays 
was carried out according to Kober et al. 2018 [150]. 

4.7 qPCR 

The assay was performed according to the manufacturer’s guidelines. Briefly, for every 
reaction 10 µL Luna® Universal qPCR Master Mix, 0.5 µL FWD-primer (10 µM), 0.5 µL 
REV-primer (10 µM), and 7 µL H2O was combined in a master mix. This master mix was 
added together with 2 µL DNA extract of the sample of interest. A non-target control was 
also included in every qPCR measurement (18 µL of the master mix described above and 
2 µL H2O). Primer sequences for qPCR assays are depicted in Table 3. Table 4 shows the 
thermocycling conditions for qPCR. 
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Table 3: Primer sequences for qPCR, haRPA and RPA. P. aeruginosa and K. pneumoniae species specific 
haRPA primers were established during the BMBF INIS-EDIT project. All others were designed and tested 
during this thesis. 

Target 
organism 

Gene Primer Sequence (5’ → 3’) 
Amplicon 
length 

Assay 
type 

P. aeruginosa regA gene PaRegFP CGCAAGAGCATCGAGTACCT 
141 bp qPCR 

 X12366.1 PaRegRP TAGTGCCTGCCGTGACGG 

P. aeruginosa 
regA gene Pa-RPA-FP 

CGCAAGAGCATCGAGTACCT
GAACCGGCTGTTG 

141 bp haRPA 
 

X12366.1 Pa-RPA-RP 
CTCCGAATAGTGCCTGCCGT
GACGG 

CTX-M carriers blaCTX-M 
cluster 1 

CTX-M-PFP 
CTGATGAGCGCTTTGCGATGT
GCAGCACCAG 

352 bp haRPA 
 

X92506.1 CTX-M-RP5 
TCACGCGGATCGCCCGGAA
TGGCGGTGTTTAACG 

CTX-M carriers blaCTX-M 
cluster 9 

CTX-M-9-
PFP 

CCGCGTTGCAGTACAGCGAC
AATACCGCCAT 

372 bp haRPA 
 

KP698222.1 
CTX-M-9-
RP1 

TCGTATTGCCTTTGAGCCACG
TCACCAACTGCG 

CTX-M carriers blaCTX-M 
cluster 1 

CTX-M-qFP CGCTTTGCGATGTGCAG 
330 bp qPCR 

 X92506.1 CTX-M-qRP CGGAATGGCGGTGTTTAA 

K. pneumoniae 
phoE gene Kp-RPA-FP 

CATAGCTTAACGAGGTGCCG
ACGCCGTCGCCGTTC 

110 bp haRPA 
 

AF064793.1 Kp-RPA-RP 
CTTCGGTCTGGTGGATGGCC
TGGATCTGACCCTG 
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Table 4: Thermocycling conditions for qPCRs using the Luna Universal qPCR Master Mix. 

Step Temperature Time Cycles 

Initial denaturation 95 °C 60 s 1 

Elongation 95 °C 

60 °C 

15 s 

30 s 

(+ plate read) 

45 

Melt curve 55 – 95 °C various 1 

Hold 37 °C 30 s 1 

 

4.8 Primer design for haRPA and testing in RPA 

The design for haRPA primers specific for resistance gene blaCTX-M cluster 1 was guided 
by the published protocol with few adjustments [150]. Five primer pairs were designed 
based on E. coli blaCTX-M-1 gene (GenBank number: X92506.1) and an additional pair was 
based on published qPCR primers for detection of blaCTX-M [193]. Homogeneous RPA 
reactions were performed according to manufacturer’s guidelines. Briefly, 2.4 µL of each 
primer (10 µM), 29.5 µL rehydration buffer, 5 µL DNA sample, and 7.2 µL H2O were added 
to the lyophilized reaction component pellet and the reaction was started by addition of 
2.5 µL magnesium acetate solution (280 mM). After incubation for 40 min at 39 °C and 
800 rpm the RPA product was purified using GeneJet PCR Purification Kit and analyzed 
on a 3% agarose gel (w/v). The agarose gel was stained with 5 µL Serva Stain Clear G. 
The amplicons were checked for appropriate size and ranked based on DNA amount. In 
total, 20 different combinations of FWD and REV primers were tested and the two most 
promising ones (no cross-reactivities and high amplification efficiency) were chosen for 
further testing on the haRPA system. The primer pair with the best amplification in haRPA 
is depicted in Table 3. 

4.9 haRPA 

haRPA was performed as described elsewhere in detail [149,150] with minor adjustments. 
Injection was done using a pipette and incubation was done outside the Microarray Chip 
Reader, 3rd generation (MCR 3) flow cell. The modified REV-primer (5’-NH2-C12-tag) was 
immobilized on the chip surface and the biotinylated FWD-primer (5’-biotin-tag) was added 
to the bulk phase to enable chemiluminescence reaction with streptavidin-labelled 
horseradish peroxidase (strep-HRP). The running and washing buffer was casein (0.5% 
(w/v)) in PBS. For haRPA reaction in one flow cell, the following reaction mix was used 
according to manufacturer’s guidelines for the TwistAmp® Basic kit: 29.5 µL rehydration 
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buffer, nuclease free water added to achieve 54 µL total volume, and 5 µL primer mix. 
Primer mix for singleplex assays consisted of biotinylated FWD-primer and unmodified 
REV-primer in different ratios (1:5, 1:10, 1:20, and 1:50 REV: FWD) with varying FWD-
primer amount (370 nM, 420 nM, and 950 nM) and the according REV-primer amount. The 
primer mix for duplex or multiplex assays consisted of the different primers for the DNA 
amplicons which were to be analyzed in the respective ratios and amounts. The reaction 
mix was added to the lyophilized reagents. Subsequently, 5 µL of DNA extract (for 
singleplex assay; for duplex/multiplex assays a total volume of 10 µL DNA was not 
exceeded) was added and the reaction was started using 4 µL of magnesium acetate 
solution (250 µM). 52 µL of the mixture was injected into the microarray flow cell using a 
pipette and incubated using a custom-made adapter for microarray chips in a Thermomixer 
at 39 °C for 40 minutes. Afterwards, the chip was inserted into the MCR 3 (further 
developed from the original, including a heatable flow cell as published elsewhere [194]) 
and a dark frame image was taken with the CCD camera for 60 s. The measurement was 
carried out as published elsewhere [150]. The dark frame image was subtracted from the 
obtained chemiluminescence image before automated analysis was done using the 
microarray analysis software MCR Image Analyzer. The ten brightest pixels of each spot 
were analyzed. Spots with a deviation of more than 15% were not included and marked as 
outliers. A minimum number of three spots were analyzed per row of immobilized primer. 

4.10 Production of microplastic particles 

Microplastic particles (PS, PET, and PLA) were produced following a published method 
[99] with minor adjustments. Briefly, clean microplastic precursor particles (1 cm2 cut from 
Activia® yoghurt cups) were sonicated in 0.25 M KOH for 15 h at 35 kHz. The parent 
particles and the alkaline microplastic suspension were divided, and the alkaline 
microplastic suspension was processed further. The liquid in the microplastic suspension 
was changed to ultrapure water using centrifugation (30 min, 3000 rpm, 20 °C) until pH 7 
was reached. For the second experiment, as sterile conditions were needed, all lab 
equipment was autoclaved, when possible, as well as ultrapure water. The PLA precursor 
particles were sterilized using 70% EtOH and then left to dry at room temperature in a 
sterile working bench. All necessary steps were carried out either in a sterile working bench 
or in a laminar flow box. After ultra-sonication the suspensible particles were divided in 
samples with 30 mL of the particle suspension each. 

4.11 Sample preparation of microplastic bacterial suspensions 

For the first experiment on microplastic degradation, aliquots of 5 mL of the microplastic 
suspensions (PLA, PET, and PS) were incubated at room temperature with occasional 
shaking by hand for 3 weeks. Samples for identification of bacteria were taken on day 28 
and plated on NZCYM agar plates (own production). Representative colonies of 
S. koreensis and P. libanensis were chosen for identification via MALDI-TOF-MS.  
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For the second experiment, S. koreensis, P. libanensis, and E. coli cultivated overnight 
(37 °C) in NZCYM media were subjected to a change of media to ultrapure water by 
centrifugation (three cycles, 10 min, 5000 rpm) and the number of cells for a final 
concentration of 102 cells mL-1 was spiked into the microplastic containing samples. One 
set of PLA microplastic suspension was not spiked with bacteria, one set was spiked with 
E. coli, one set with P. libanensis, one set with S. koreensis, and one with both 
P. libanensis and S. koreensis. Each set consisted of four individual samples. All samples 
were incubated at 25 °C for a total of 21 days. Samples for cultivation of bacteria on 
NZCYM agar plates were taken daily (plated in triplicates) and samples for Raman and 
FESEM measurements were taken at day 0, 14, and 21.  

4.12 Raman measurements of microplastic particles and bacteria 

The RM analysis of the microplastic particles and bacteria was conducted on a WITec 
alpha300_R Raman microscope with the help from Elisabeth von der Esch (IWC-TUM). 
The optical images were produced using a 20× objective. The Raman spectra were 
acquired manually as well as using the WITec Particle Scout software enabling automated 
measurement of 70 particles per sample (532 nm laser, 3 mW, 20 s measurement time 
per particle, 20× objective for automated measurements, 50× objective for manual 
measurements). Samples were drop cast (10 µL) on CaF2 carriers under sterile and 
particle-free conditions before RM analysis.  

4.13 FESEM measurements 

FESEM images of microplastic particles were recorded with a HD-SE detector and 3 kV 

acceleration voltage by Christian Schwaferts (IWC-TUM). Samples for MP analysis were 

drop cast (10 µL) on silicon wafers under sterile and particle-free conditions and imaged 

without further metal coating. MAFs were imaged in low vacuum mode by Christine 

Benning (IWC-TUM). For the inner MAF structure, 0.5 × 0.5 cm rectangles were cut out in 

the center of the MAF and then cut in half horizontally using a scalpel. The upper side of 

the lower half was investigated in different magnifications and analyzed using ImageJ.  
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5 RESULTS AND DISCUSSION 

5.1 Rapid quantification of P. aeruginosa by monolothic adsorption filtration 
and subsequent detection using qPCR 

Using MAFs for filtration of bacteria and viruses has been reported previously [129–131], 
however, a working assay for the detection of P. aeruginosa has been missing so far. The 
following section sheds light on the development and optimization process of the 
enrichment of P. aeruginosa from tap water samples using MAF, further reduction of the 
volume by centrifugal ultrafiltration and detection of the final number of P. aeruginosa cells 
using qPCR after DNA extraction (Figure 5).  

During the course of the experiments, key factors of the MAF enrichment process were 
investigated and optimized: functionalization of the MAF disk, elution buffer composition, 
mode of filtration, initial sample volume, and sample pH. A calibration with the best overall 
process parameters was then carried out with spiked tap water samples. Further details 
about the development process can be read in “Quantification of Pseudomonas 
aeruginosa in Tap Water Samples after Concentration by Monolithic Adsorption Filtration” 
(master’s thesis by Julia Klüpfel), which was part of this work. 

 

Figure 5: Schematic overview of the total MAF enrichment, elution and subsequent detection procedure. Tap 
water samples were collected and spiked with bacteria. MAF filtration and elution was followed by centrifugal 
ultrafiltration and DNA extraction for analysis with qPCR [128]. 
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5.1.1 Quality control of MAFs using FESEM 

Batch to batch quality control was done by analyzing FESEM images using ImageJ. The 
pore sizes as well as the polymer bubble diameters of pristine and OH functionalized MAF 
were characterized (Figure 6a-c). Figure 6 shows an example of FESEM analysis of 
batches synthesized for this work. Comparing the observed mean pore size of this work 
(22.30 ± 6.30 µm) to the literature value of 22.5 ± 9.0 µm [131] indicates good agreement 
between literature and experiment. The mean pore size of MAF-OH (22.34 ± 5.58 µm) is 
similar to the mean pore size of pristine MAFs revealing that functionalization does not 
change the MAF pore size. Analyzing the mean polymer bubble diameter (4.61 ± 0.56 µm) 
demonstrates a relatively homogeneous size distribution and suggests a homogeneous 
and continuous polymerization process, as is desired.  

 

Figure 6: FESEM images for pristine MAF pore size (a), OH functionalized MAF pore size (b), polymer globule 
diameter (c) with indicated measurement lines (n = 150 for globules) and globule diameter size distribution (d) 
[128]. 
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5.1.2 Different MAF functionalizations 

The first step to adopt the currently available monolithic adsorption filtration procedures for 
P. aeruginosa was to identify the MAF functionalization with the best binding and elution 
properties. Therefore, three previously published functionalizations (MAF-DEAE [132], 
MAF-OH [130], and MAF-PmB [131]) were tested with an initial spiked concentration of 
108 CFU L-1. To quantify the results, a recovery was calculated via the ratio of the total 
number of cells found in the eluate by qPCR after filtration and the total number of cells in 
the initial sample. This was necessary as the low number of P. aeruginosa cells in the 
filtrate did not allow a direct determination of the concentration thereof using qPCR and 
thus hindered direct calculation of the cells retained by the MAF. MAF-DEAE was chosen 
as the first candidate because of good results for enrichment of L. pneumophila in recent 
years in our laboratory. The literature standard conditions were 1-L sample volume, pH 7, 
and BEG elution buffer [132]. However, only a very low recovery of 0.04 ± 0.01% could be 
achieved. Therefore, MAF-OH and MAF-PmB were also tested using the published 
standard conditions: 10-L sample volume, pH 3, BEG elution buffer for MAF-OH [130] and 
1-L sample volume, pH 4, carbonate elution buffer [131] for MAF-PmB. Recovery values 
of 68.6 ± 7.4% and 4.3 ± 0.3% for MAF-OH and MAF-PmB were achieved, respectively, 
as depicted in Figure 7. Based on these results, it was concluded that unspecific retention 
of P. aeruginosa cells on the MAF only occurs in very low numbers as is evident by the 
low recovery with MAF-DEAE. MAF-DEAE recovery was therefore seen as a reference for 
unspecific binding. The large differences in recovery of these three functionalizations are 
most likely based on the different forces that allow retention of the bacteria. While MAF-
PmB uses the affinity ligand Polymyxin B (a surface-active antibiotic) to hold bacterial cells 
on the MAF surface, MAF-DEAE and MAF-OH use electrostatic interactions between the 
bacterial cells and the MAF surface. As the bacteria are positively charged due to 
acidification in MAF-OH filtration, MAF-OH seems to offer them significantly higher 
interaction possibilities compared to MAF-DEAE. At neutral pH (which is used for MAF-
DEAE filtration) almost no interaction takes place between the MAF surface and the 
negatively charged bacterial cell surface due to the lipopolysaccharide structures 
presented on the surface of the bacteria. This structure is positively charged at pH 3 and 
negatively charged at pH 7. As P. aeruginosa possess a typical lipopolysaccharide 
structure (detailed information in [195]) hydrogen bonds are believed to be the main form 
of interaction. Due to these results, MAF-OH seems to present the best option for 
establishing a MAF-based enrichment procedure of P. aeruginosa, however further 
experiments with MAF-DEAE and MAF-PmB were carried out to get a deeper 
understanding of the MAF filtration process. 
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Figure 7: Recoveries for different MAF functionalization types at literature conditions (MAF-DEAE: 1-L 
sample volume, pH 7, BEG elution buffer; MAF-OH: 10-L sample volume, pH 3, BEG elution buffer; MAF-
PmB: 1-L sample volume, pH 4, carbonate elution buffer); DEAE (MAF-DEAE), Polymyxin B (MAF-PmB), 
OH (MAF-OH), n = 3 [128]. 

5.1.3 Elution buffer comparison for MAF-DEAE and MAF-OH 

MAF-OH and MAF-DEAE were further investigated by testing of different elution buffers to 
see which change in properties resulted in the most efficient elution of the bacterial cells 
from the monolith surface. Therefore, five different elution buffers (BEG buffer, high salt 
buffer, carbonate buffer, glycine, and Pluronic® F68 solution) were tested. The initial 
spiked P. aeruginosa cell concentration was the same for all tests (108 CFU mL-1 in the 
bacterial solution used for spiking, resulting in 108 CFU L-1 initial sample concentration) 
and the applied MAF process was also the same for all tests using the same MAF 
functionalization: For MAF-OH 10-L initial sample volume, sample pH 3, 20-mL elution 
volume and for MAF-DEAE 1-L initial sample volume, sample pH 7, 20 mL elution volume 
were used. An overview of the recoveries for MAF-OH is given in Figure 8a. The 
aforementioned standard elution buffer, BEG buffer, yields the highest recovery 
(57.0 ± 3.0%) while the other tested buffers show similar, significantly lower recovery 
values. These are 8.6 ± 0.3% for Pluronic® F68 solution, 8.8 ± 0.7% for carbonate buffer, 
11.6 ± 0.6% for high salt buffer, and 17.5 ± 1.5% for glycine buffer. It seems that the 
combination of a change in pH (from an initial sample pH of 3 to elution buffer pH of 9.5) 
and the presence of proteins (from the beef extract) results in the best desorption und thus 
breaks the interactions between the cells and the monoliths surface most efficiently. The 
change in pH results in a change in the net charge of the bacteria while van der Waals 
forces and hydrophobic interactions by the protein help to remove the cells from the MAF 
surface. As a consequence, BEG buffer was chosen for elution of P. aeruginosa from MAF-
OH.  

A different picture presented itself when comparing the same elution buffers for MAF-
DEAE (displayed in Figure 8b). Here, the standard elution buffer BEG showed the lowest 
recovery (0.04 ± 0.01%) and the carbonate buffer was only slightly better with a recovery 
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of 0.054 ± 0.00%. Glycine buffer and Pluronic® F68 solution showed improved recoveries 
with 1.23 ± 0.08% and 1.30 ± 0.10%, respectively. The highest recovery for MAF-DEAE 
was achieved with high salt buffer (1.66 ± 0.23%) meaning that high ion strength resulted 
in the best elution from the MAF-DEAE surface. High salt buffer was therefore used for all 
further experiments with MAF-DEAE. However, MAF-DEAE showed significantly lower 
results with all elution buffers than even the least promising combination of elution buffer 
with MAF-OH. Thus, it was concluded that MAF-OH is better suited for enrichment of 
P. aeruginosa.  

 

Figure 8: Recoveries determined using different elution buffers for MAF-OH (a) and MAF-DEAE (b), n = 3 
[128].  

5.1.4 Filtration mode variation for MAF-DEAE 

Due to the low initial sample volume of 1 L, MAF-DEAE filtration at pH 7 and elution with 
high salt buffer was further investigated for changes in the filtration mode. The standard 
filtration mode, 1-L sample and a single filtration at constant flow, was compared to 
circulating filtration (circulating the 1-L sample through the MAF for 1 h) and repeated 
filtration (5 × filtration of the same 1-L sample through the same MAF) to evaluate whether 
an increase in contact time of the sample with the MAF also increased the adsorption 
efficiency. Additionally, a 10 × higher initial sample volume (10 L) was also tested. The 
results are shown in Figure 9a. All three tested alterations from the standard technique 
resulted in unsatisfactory recoveries of 0.28 ± 0.04%, 0.58 ± 0.07%, and 0.49 ± 0.01% for 
repeated, circulating, and higher initial sample volume filtration, respectively. The standard 
MAF-DEAE filtration showed a recovery of 1.66 ± 0.23%. Due to these results, MAF-DEAE 
was excluded from further optimization efforts. The improvement of the MAF-OH 
procedure was pushed further. 
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Figure 9: Recoveries found with (a) different filtration techniques and initial sample volumes using MAF-DEAE 
(pH 7, elution with high salt buffer) and (b) different initial sample volumes using MAF-OH (pH 3, elution with 
BEG buffer), n = 3 [128]. 

5.1.5 Sample volume optimization for MAF-DEAE and MAF-OH 

While the MAF diameter (3.86 cm) and height (1 cm) is the same for all functionalizations, 
the optimal sample volume differs between MAF-DEAE and MAF-OH. Optimizing this 
parameter may further increase recovery. For MAF-DEAE, the original protocol states 1-L 
initial sample volume [132] and, due to the low recoveries, 10-L initial sample volume was 
also tested with 108 CFU L-1 spiked P. aeruginosa at a sample pH of 7and with high salt 
elution buffer (Figure 9a). However, a recovery of only 0.49 ± 0.01% could be achieved 
while the standard (1 L) sample volume reached 1.66 ± 0.23% recovery. This revealed that 
the original procedure using different bacteria [132] showed the same trend as the new 
experiments with P. aeruginosa. An explanation for this behavior is that MAF-DEAE do not 
provide sufficient adsorption properties for P. aeruginosa which are therefore swept out of 
the MAF with increasing volume instead of accumulating on the filter. This matches the 
assumption that MAF-DEAE can be seen as a proxy for unspecific retention of the bacterial 
cells on the MAF-surface. 

For MAF-OH, the standard protocol states 10-L initial sample volume. As the goal was to 
facilitate easy sampling and rapid enrichment, a reduction in initial sample volume with still 
reasonably high recovery was aimed at. Therefore, 1 L and 5 L initial sample volume was 
also tested under the conditions stated above (108 CFU L-1 P. aeruginosa spiked at a 
sample pH of 3 and BEG elution buffer). Reducing the sample volume from 10 L to 5 L did 
not change the recovery significantly (from 68.6 ± 7.4% to 67.1 ± 1.2%, respectively) while 
further reduction to 1 L lead to a recovery of only 23.0 ± 0.4% (Figure 9b). This result 
confirms that among the tested volumes MAF-OH are best suited for filtration of 10-L 
samples. However, due to insignificant reduction in recovery, better reproducibility 
(indicated by lower standard deviation), easier handling of the samples with 5 L volume, 
and reduced processing time, it was decided to continue with a sample volume of 5 L. A 
possible explanation for this behavior is the distribution of P. aeruginosa within the MAF 
over time: The bacteria seem to only attach to the first part of the MAFs cylindrical structure 
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with a lower sample volume and thus are not completely eluted from the MAF using the 
current elution procedure. With higher sample volume, several adsorption and desorption 
events seem to occur before the bacterial cells stick to the MAF surface in the end. 
Therefore, the distribution of the P. aeruginosa cells over the whole filter is more even and 
consequently leads to a higher recovery using the current elution protocol. Having a 
second look at the different recoveries using 10-L sample volume for MAF-OH filtration 
reveals a measurable inter-batch variance (e.g., 68.6 ± 7.4% to 57.0 ± 3.0%) with a 
relatively low intra-batch variance (for each individual parameter tested). It is therefore 
crucial to perform quality control of each MAF batch to reduce the influence of MAF quality 
on the recovery results. 

5.1.6 Optimization of sample pH for MAF-OH 

The final parameter in MAF filtration to be optimized was the sample pH. Literature sample 
pH for MAF-DEAE was 7.0 and for MAF-OH 3.0 [130,132] and these values were set as 
the higher and lower limit for optimization. With P. aeruginosa as the model organism here, 
culturability in tap water needed to be assessed as no reliable literature data could be 
found. Cultivation as a confirmative detection method after filtration should be used which 
required the bacteria to be alive and detectable. With the possibility of cultivation as an 
additional detection method the results of this work would be even more comparable as 
detection via culture is still the gold standard. Unfortunately, this could not be achieved 
with pH 3 tap water samples, where no growth could be observed even if the bacteria were 
only left in acidic solution for a very short time (10 min). Growth of P. aeruginosa was 
observed on all agar plates where the pH value was above pH 3.3 with overgrown plates 
after overnight incubation. In contrast, no growth (no colonies visible) was observed for pH 
below 3.2 (down to 3.0, which was the lowest pH tested). This indicates a change in 
physiology of the bacteria at these low pH values. Literature data showed one study 
investigating the effect of low pH values on the survival of P. aeruginosa [196] while a 
different study found good bacterial growth for pH higher than 3.8 [197] thus confirming 
the findings of the culturability study in this work.  

To test for a combination of culturability and good enrichment of bacteria, different pH 
values between pH 3 and pH 7 for filtration with MAF-OH were tested. All filtrations were 
carried out using the optimized protocol (MAF-OH, 5-L initial sample volume, BEG elution 
buffer). P. aeruginosa were spiked to a final cell concentration of 108 CFU L-1 and the 
cultivated P. aeruginosa samples used for spiking were acidified just prior to filtration. 
Good retention and subsequent elution could only be achieved with a sample pH of 3 (as 
depicted in Figure 10a with the recovery for a sample pH of 3 set to 100%). Filtrations of 
samples at pH 3.2 or higher resulted in significantly lower recoveries with the highest being 
at pH 3.6 and the lowest at pH 4.0 (pH 3.2: 26.7% ± 5.3%; pH 3.4: 32.5% ± 12.72%; 
pH 3.6: 34.4% ± 15.45%; pH 3.8: 17.7% ± 8.4%; pH 4: 11.6% ± 9.3%). Higher sample pH 
values did not show better relative recoveries with 23.2% for pH 5, 17.0% for pH 6, and 
10.6% for pH 7. In conclusion, no good retention on the MAF and subsequent elution was 
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possible at filtration conditions that allowed for later P. aeruginosa detection via culture. 
However, the recovery values are higher than those of unspecific binding meaning a 
specific interaction between the MAF surface and the bacterial cells takes place. Spiked 
cultivated P. aeruginosa cells which were culturable at pH values higher than 3 seem to 
be adsorbed onto the surface of MAF-OH to a significantly lower extent than non-culturable 
cells at a pH of 3. This finding of a possible correlation between filtration efficiency and 
culturability required further investigation which was carried out by using viable 
P. aeruginosa cells and heat-inactivated cells for spiking into the tap water samples at 
different sample pH.  

 

Figure 10: Relative recoveries (recovery for pH 3 and viable cells was set to 100%) found with (a) different 
initial sample pH and with (b) viable or heat-inactivated cells at pH 3 and pH 5 using MAF-OH (pH 3, elution 
with BEG buffer, 5 L initial sample volume), n = 3 [128]. 

As is shown in Figure 10b, no significant difference between heat-inactivated cells and 
non-inactivated cells at pH 5 could be determined with a relative recovery of 9.4% ± 4.1% 
and 8.5% ± 5.7%, respectively. Recovery at pH 3 with non-inactivated cells was set to 
100% (standard deviation ± 27.2%) for comparison. Due to these results, it was concluded 
that contrary to the original theory, there is no correlation between culturability status of 
the bacteria and filtration efficiency but rather between filtration efficiency and sample pH. 
The higher retainability of the cells at a sample pH of 3 on the MAF surface seems to stem 
from a change in outer membrane chemistry of the bacteria which in turn induces a change 
in interactions between the outer membrane of the cells and the monolith’s surface. These 
findings result in the conclusion that the current set-up does not allow for a detection via 
culture or a live-dead discrimination as P. aeruginosa cells are not culturable after 
acidification to pH 3. However, successful quantification after filtration can be done by 
culture-independent detection methods such as qPCR.  

5.1.7 Calibration of filtration at optimal conditions with MAF-OH 

After the optimization process covering different aspects of MAF filtration, a calibration 
using the optimized filtration conditions for highest recovery of P. aeruginosa from tap 
water samples was carried out. The conditions were as follows: initial sample volume of 
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5 L at a sample pH of 3 with MAF-OH and elution with BEG buffer. Five different 
concentrations of P. aeruginosa (1·104 - 1·108 CFU/L) were spiked in tap water and 
concentrated using MAF filtration. As a blank, tap water was used and the linear range of 
the calibration is depicted in Figure 11. As the initial volume was reduced from 5 L to a 
final volume of 1.5 mL after MAF filtration and centrifugal ultrafiltration, a concentration 
factor of 3·103 in under 1 h was achieved. The calibration line includes the filtration 
efficiency (recovery rate: 67.1 ± 1.2%) and can therefore be used to calculate the 
concentration in the initial sample from the total number of detected cells in the eluate with 
the respective quantification method of choice.  

 

Figure 11: Linear range of cells found in 1.5 mL eluate against concentration in 5-L initial sample volume at 
pH 3 concentrated with MAF-OH and eluted with BEG buffer. y = (3.11 ± 0.20) + (1.07 ± 0.04) · x. n = 3, the 
error bars are smaller than the symbols indicating the values and thus are not clearly visible [128]. 

As the limit of detection is based on the detection method of choice, introducing a probe-
based qPCR approach could lower the detection limit further. The MAF process, 
adsorption and later elution, also lends itself to a continuous sampling approach where the 
filters are installed in a cross-filtration mode within the plumbing system and removed 
regularly for analysis. The short filtration time (1 h) combined with fast, culture-independent 
detection (DNA-based) allows for a significant drop in analysis time compared to traditional 
culture-based techniques and can help to identify contaminations sooner. 
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5.2 haRPA for ESBL genes and bacterial pathogens 

Several microorganisms, bacteria and viruses, can already be detected via haRPA 
[149,150]. Therefore, the detection of additional bacterial pathogens and ARG clusters, 
namely ESBL gene clusters, is based on this detection assay.  

This chapter details the process and results of the development of haRPA assays for 
detection of the ESBL gene cluster blaCTX-M cluster 1 and the species P. aeruginosa in 
singleplex assays. The detection of blaCTX-M cluster 1 in haRPA was started from scratch, 
from the design of the primers to the evaluation of the final assay via comparison to two 
standard laboratory procedures, qPCR for sensitivity and PCR for selectivity. A calibration 
of haRPA for P. aeruginosa detection was carried out before these singleplex assays were 
included in duplex and multiplex experiments to provide a quick and easy monitoring tool 
for future research endeavors. The duplex and multiplex assays also included 
K. pneumoniae as an additional species to P. aeruginosa and blaCTX-M cluster 9 as an 
additional ESBL cluster. A schematic overview of the assay workflow for all haRPA 
detection systems is shown in Figure 12. 

 

Figure 12: Schematic overview of the haRPA assay workflow. The DNA of liquid bacteria overnight culture is 
extracted. haRPA reaction is carried out (39 °C, 40 min) and the DNA amplicons are detected using 
chemiluminescence, adapted from [198]. 
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5.2.1 Development of haRPA for blaCTX-M cluster 1 

The first step towards a new haRPA assay is the design and testing of a sensitive and 
selective primer set. The primer design was carried out as described in Figure 13 to 
maximize the options of haRPA primer pairs within the testing set (step 1). Step 2, the 
primer testing, was done by selecting one column e.g., REV primer and testing all FWD 
primers with this REV primer. The best primer pair (with the highest amplification efficiency) 
was then the basis for the second round of testing (all REV primers against the best forward 
primer of the previous round). This allows a fast assessment of many different primer pair 
combinations while reducing labor time and keeping resources spent at a minimum. Two 
primer sets which have shown similar amplification efficiencies in homogeneous RPA were 
tested in the heterogeneous assay where only one primer pair gave detectable 
chemiluminescence signal. This primer pair was then used for further experiments. The 
final assay showed no cross reactivities towards other blaCTX-M clusters (clusters 2 and 9), 
other ESBL genes (blaTEM-3 and blaSHV-18), or non-resistant bacterial species 
(P. aeruginosa, L. pneumophila, and E. faecalis) in homogeneous and heterogeneous 
RPA assays. In haRPA, no signal above the limit of detection could be detected for all 
different tested DNA samples in cross-reactivity testing.  

 

Figure 13: Overview of the primer design and testing process. Step 1, primer design, aimed at providing 
many different combination possibilities with a limited number of primers to test. Step 2, primer testing, was 
done by first testing for example the combinations in the red rectangle and then, based on performance, the 
purple rectangle. 

The haRPA assay with the chosen primer pair was then optimized using DNA from 
K. pneumoniae with blaCTX-M-15 resistance. The first parameter under investigation was the 
amount of primer in the liquid bulk phase. Here, three different concentrations were tested 
(370 nM, 420 nM, and 930 nM of the FWD primer with REV primer in 10:1 ratio). The 
chemiluminescence signal increased with primer concentration, however, due to the goal 
of developing a duplex or multiplex assay, 420 nM concentration of the FWD primer was 
ultimately chosen as the compromise between signal intensity and primer load in the 
assay. The second parameter investigated was the ratio between the FWD and REV 
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primer in the bulk phase. Four different ratios (1:5, 1:10, 1:20, and 1:50 REV:FWD primer, 
respectively) were analyzed with 1:10 giving the highest signal (Figure 14). This correlates 
with earlier findings where 1:10 was also the ratio resulting in the highest 
chemiluminescence signal [199]. The final assay set-up was a ratio of FWD to REV primer 
of 420 nM to 42 nM (final concentration in the assay) and this was used for all subsequent 
experiments.  

 

Figure 14: Relative signal intensities (signal to maximum signal) of different primer ratios (REV:FWD) of 
haRPA for blaCTX-M cluster 1 detection. 

5.2.2 Evaluation of qPCR based on haRPA for blaCTX-M cluster 1 

To achieve high comparability of haRPA and qPCR in terms of sensitivity, new qPCR 
primers were designed, based on the haRPA primers for detection of blaCTX-M cluster 1. 
These new qPCR primers were then tested for specificity by conducting a specificity study 
with 14 DNA samples of different bacterial strains and with a diverse ESBL resistance 
pattern. Except for the K. pneumoniae and P. aeruginosa reference strains, all other 
bacterial strains were isolated from water samples. The classifications in terms of ESBL 
occurrence and the corresponding bacterial species are depicted in Table 5. 
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Table 5: Overview of bacterial strains used for qPCR specificity tests with the ESBL gene and positive or 
negative characterization for cluster 1 [198]. 

Bacterial species ESBL gene Cluster 1 positive/negative 

Enterobacter asburiae blaCTX-M-1 Positive 

Enterobacter cloacae blaCTX-M-15 Positive 

E. coli blaCTX-M-1 Positive 

E. coli blaCTX-M-2 Negative 

E. coli blaCTX-M-3 Positive 

E. coli blaCTX-M-9 Negative 

E. coli blaCTX-M-14 Negative 

E. coli blaCTX-M-15 Positive 

E. coli blaCTX-M-27 Negative 

E. coli blaTEM-3 Negative 

K. pneumoniae blaCTX-M-15 Positive 

K. pneumoniae blaCTX-M-55 Positive 

K. pneumoniae blaSHV-18 Negative 

P. aeruginosa No ESBL Negative 

 

For all non-target sequences tested in the experiment, no cross-reactivities were detected 
as amplification occurred after cycle 30, representing unspecific amplification or formation 
of primer dimers, and the designed primer pair is, therefore, specific for detection of 
blaCTX-M cluster 1 independent of the bacterial species (Figure 15). The blank cut-off was 
set at 30 cycles to eliminate any unspecific interactions. 
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Figure 15: Overview of qPCR specificity test for blaCTX-M cluster 1 with 0.1 ng µl-1 DNA samples. Kp: 
K. pneumoniae; Ec: E. coli; Eba: E. asburiae; Ebc: E. cloacae; Pa: P. aeruginosa; CTX-M-number: with 
blaCTX-M number gene; SHV: with blaSHV gene; TEM: with blaTEM gene; blank: non-target control [198]. 

5.2.3 Comparison of the working range and limit of detection between haRPA and 
qPCR for blaCTX-M cluster 1 

As a first step in evaluating the haRPA assay the sensitivity of haRPA and qPCR were 
compared. Therefore, the same DNA samples from K. pneumoniae and E. coli (both with 
blaCTX-M-15) were used with DNA concentrations between 0.0001 ng µL-1 and 50 ng µL-1. 
The complete calibration for haRPA is plotted in Figure 16a including the limit of detection 
and the linear working range while for qPCR only the linear range (Figure 16b) is plotted. 
For both diagrams, two different bacterial species (K. pneumoniae and E. coli) and two 
technical replicates (2 individual measurements using the same DNA), meaning 4 
individual measurements in total, are included in each measurement point shown in the 
graph. The limit of detection in haRPA is calculated as blank measurement 
(332.7 ± 62.5 a.u.) plus three times the standard deviation. This results in a concentration 
of 0.013 ng µL-1 or 520.1 a.u. (Figure 16a). Therefore, the limit of detection is calculated 
much easier in haRPA than for qPCR. For qPCR, the cycle cut-off at 30 cycles limits the 
working range (Figure 16b). All error bars shown in the graphs represent the standard 
deviation of the individual measurements.  
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Figure 16: Calibration of haRPA (a) with indicated blank and limit of detection (LOD) with linear range/working 
range and linear range of qPCR (b). Two biological replicates were measured in duplicates for each 
measurement point (E. coli and K. pneumoniae, both with blaCTX-M-15 genotype). Blank cut-off for qPCR at cycle 
30. Error bars are shown for all measurement points (sometimes smaller than the symbols and thus not clearly 
visible) [198].  

As is depicted in Figure 16, the new haRPA assay shows a linear concentration 
dependency in the range of 0.1 ng µL-1 to 10 ng µL-1 (Figure 16a). The linear range of the 
qPCR is 0.001 ng µL-1 to 5 ng µL-1 (Figure 16b). Concentrations of 10 ng µL-1 cannot be 
quantified in qPCR, because the initial fluorescence signal is already elevated. In contrast, 
quantitative results can be obtained from higher DNA concentrations in haRPA. Here, the 
chemiluminescence signal saturates at around 50 ng µL-1 (data not shown). A comparison 
of the working range reveals a greater sensitivity, as is indicated by a higher slope of the 
calibration curve, for haRPA resulting in a higher and smaller working range. haRPA is 
nevertheless sensitive enough, but also good suitability for quantification of DNA extracts 
from culture. The difference in limit of detection can have several possible reasons. With 
haRPA being a heterogeneous assay, the ratio between reaction volume and spot area is 
unfavorable and only a smaller part of the amplified DNA is immobilized on the chip 
surface. This haRPA assay is furthermore based on a commercially available lyophilized 
reaction mix, where no individual ratio of the different enzymes and reaction components 
can be set with respect to the heterogeneous assay. A sensitivity loss due to a change in 
the reaction mix has been reported previously [200], which may also have affected this 
study. In general, the difference in read-out (fluorescence in qPCR vs. chemiluminescence 
in haRPA) and reaction mechanism with different enzymes can also have effects on the 
limit of detection. Nevertheless, other comparisons between RPA assays and qPCR also 
showed a similar difference in detection limit [200,201]. While qPCR is prone to unspecific 
contaminations and thus requires a clean bench environment, haRPA can be performed 
in the field while still maintaining sufficient sensitivity. Moreover, several studies on RPA 
report on the absence of any interference from substances of more complex matrices has 
been reported in different studies [202,203]. Additionally, another study states that qPCR 
requires cleaner DNA meaning less contamination with proteins, humic substances, or 
salts than RPA [204] which is another advantage of RPA-based techniques.  
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5.2.4 Specificity test for haRPA for blaCTX-M cluster 1 by comparison with PCR  

The second step in the haRPA performance evaluation was a specificity test conducted 
between the haRPA method and a well-established PCR protocol. This was done as part 
of the JPI Water project METAWATER where 37 bacterial isolates from surface, irrigation 
and wastewater effluent from Germany, Denmark, Spain, and Cyprus were collected. 
Overall, 23 E. coli isolates and 14 K. pneumoniae with different ESBL profiles were 
chosen. The DNA extracts were first characterized for blaCTX-M cluster 1 by PCR by the 
Bavarian Health and Food Safety Authority (according to a published method [190]). 
Afterwards, haRPA was done by measuring all DNA extracts in duplicates. 10 different 
ESBL genetic profiles were grouped into 6 different classifications and analyzed resulting 
in 100% agreement between the haRPA set-up and the PCR qualification (Table 6).  

Table 6: Overview of ESBL classification from PCR- and haRPA-based results [198]. ESBL neg.: no ESBL 
gene could be detected; other ESBL pos.: blaTEM and blaSHV positive; other blaCTX-M pos.: blaCTX-M-9, blaCTX-M-14, 
blaCTX-M-27 positive; blaCTX-M cluster 1 pos.: blaCTX-M-1, blaCTX-M-3, blaCTX-M-15 positive; K. p. K. pneumoniae, E. c. 
E. coli. 

ESBL classification # of samples PCR result haRPA result 

ESBL neg. 5 (2 K. p., 3 E. c.) Neg. Neg. 

ampC pos. 2 (2 K. p., 0 E. c.) Neg. Neg. 

other ESBL pos. 3 (0 K. p., 3 E. c.) Neg. Neg. 

other blaCTX-M pos. 10 (5 K. p., 5 E. c.) Neg. Neg. 

blaCTX-M cluster 1 pos. 6 (0 K. p., 6 E. c.) Pos. Pos. 

blaCTX-M-15 pos. 11 (5 K. p., 6 E. c.) Pos. Pos. 

 

As is confirmed by these results, haRPA is able to detect blaCTX-M cluster 1 genes as 
specific as the well-established PCR assay. The haRPA assay proved to identify diverse 
genes within cluster 1 from two different bacterial species. Both PCR and haRPA could 
detect the presence of blaCTX-M cluster 1 genes in DNA from cultured bacterial isolates. In 
regard to the source of the bacterial isolates, blaCTX-M cluster 1 harboring bacteria were 
found in all three different water sources (surface water, wastewater effluent, and irrigation 
water) and in all investigated countries. Albeit a study with a limited data set, it confirms 
the claim that antibiotic resistance is widespread and antibiotic resistant bacteria can be 
found in various environmental water sources. 
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5.2.5 haRPA for detection of P. aeruginosa 

In addition to the haRPA assay for blaCTX-M cluster 1, an assay for the detection of 
P. aeruginosa was also of interest. Here, an RPA primer set was already available from a 
previous project (EDIT project, tested for cross reactivity and high amplification efficiency) 
which has never been tested in the haRPA assay before. With the experiences from the 
blaCTX-M cluster 1 assay development, the first step was to successfully transfer the working 
and tested primer pair from homogeneous to heterogeneous amplification. After successful 
completion of this task, a calibration using DNA extracts of P. aeruginosa from liquid media 
with different bacterial cell concentrations (102 to 108 cells mL-1 plus a blank) was carried 
out. The primer composition in the liquid bulk phase was set at 420 nM / 42 nM for FWD / 
REV primer. 

 

Figure 17: Calibration of haRPA for P. aeruginosa detection.  

As is depicted in Figure 17, the limit of detection for this assay is calculated with 
103 cells mL-1 which is comparable to other haRPA assays for bacteria detection [149]. 
The signal saturates at a concentration of 108 cells mL-1. The working range of the assay 
is between 5 × 104 and 107 cells mL-1. The measurement point at 102 cells mL-1 is deemed 
an outlier. 

5.2.6 Investigation of multiplex haRPA for simultaneous detection of bacterial 
pathogens and blaCTX-M cluster 1 

The overall goal was to develop a haRPA assay that would allow for the detection and 
quantification of bacterial pathogens and ARGs on a single chip. Two exemplary bacteria, 
K. pneumoniae and P. aeruginosa were chosen together with blaCTX-M cluster 1 and 
blaCTX-M cluster 9 as the model ARGs. The development of blaCTX-M cluster 9 was carried 
out similar to that of blaCTX-M cluster 1 (Chapter 5.2.1) and resulted in one primer pair that 
showed good amplification in homogeneous application. The primer pair for 
K. pneumoniae was designed in a previous project (INIS-EDIT project) and had been 
previously tested for high amplification efficiency without cross-reactivity. First individual 
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measurements for K. pneumoniae and blaCTX-M cluster 9, respectively, with haRPA proved 
successful by showing detectable chemiluminescence signal (Figure 18).  

 

Figure 18: Chip image for qualitative detection of K. pneumoniae (a) and blaCTX-M-9 (b) with haRPA. 

5.2.6.1 Investigation of primer interaction 

The first step was to exclude primer-primer interactions occurred between the different 
primer pairs by performing (ha)RPA experiments without addition of DNA. This was first 
tested in homogeneous RPA where no primer duplets could be detected using agarose 
gel electrophoresis. As has been experienced previously during the development of the 
blaCTX-M cluster 1 primer pair, primers tend to behave differently in homogeneous and 
heterogeneous reaction environments. Therefore, the same experiments were repeated 
on the chip (heterogeneous reaction environment). As highlighted by the results in Table 
7, interaction between the primers is detected when combining all 4 primer sets (1:10 ratio 
REV: FWD, FWD primer in 420 nM). The chemiluminescence signal intensities for 
K. pneumoniae and blaCTX-M cluster 1 are significantly higher (36,453 and 4,105, 
respectively, compared to the value of 597 for blaCTX-M cluster 9) indicating unwanted 
primer interactions. The next set of experiments aimed at identifying the primers 
responsible for these interactions. At the beginning of this identification process, to reduce 
the overall primer load, only FWD primers were used as these are crucial for DNA 
amplification. This resulted in removal of the intense K. pneumoniae signal while the 
blaCTX-M cluster 1 signal was persistent. The blaCTX-M cluster 1 signal could be eliminated 
by excluding the blaCTX-M cluster 9 FWD primer from the mix. This means in turn, that using 
these primers, no blaCTX-M cluster 9 could be detected in the multiplex assay as no biotin-
labelled FWD primer was present in the mix. The next step was to reintroduce the REV 
primers into the mix (1:10 REV:FWD), as previous studies had shown, that a small amount 
of REV primer significantly enhances the chemiluminescence signal [149]. As is evident 
from the signal values in Table 7, an interaction between the immobilized REV primer for 
K. pneumoniae and one of the other REV primers is present, resulting in the high signal 
intensity. Through elimination experiments, this primer was identified as the unmodified 
REV primer for K. pneumoniae. Eliminating this primer from the primer mix results in 
negative signals for all spotted primers, hence excluding any primer interaction. The final 
primer mix for multiplex measurements consisted of FWD primers for P. aeruginosa, 
K. pneumoniae and blaCTX-M cluster 1 and unmodified REV primers for P. aeruginosa and 
blaCTX-M cluster 1. Duplex measurements were carried out with the desired primer pairs 
except for K. pneumoniae, where only the FWD primer was added.  
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Table 7: Overview of primer interaction chemiluminescence signals with haRPA (without addition of DNA). 
Gray numbers are negative signals, black bold numbers are positive signals. Best primer mix compositions 
are indicated with gray background. Pa: P. aeruginosa primer, Kp: K. pneumoniae primer, a.u.: arbitrary units, 
PP: primer pair. Higher negative signals stem from overloaded signal from neighboring spots which influences 
the automatic signal detection without a signal from the primer spot visible or from spotting impurities. 

 Chemiluminescence signal in a.u. 

Primer mix composition P. aeruginosa K. pneumoniae blaCTX-M-1 blaCTX-M-9 

FWD and REV 4 344 36 453 4 105 597 

FWD only 1 564 753 7 448 945 

FWD only – Pa 324 619 8 181 350 

FWD only – Kp 403 376 6 034 365 

FWD only – blaCTX-M-1 808 341 24 856 498 

FWD only – blaCTX-M-9 735 534 520 401 

FWD and REV – blaCTX-M-9 PP 5 873 20 689 641 1 561 

FWD and REV – blaCTX-M-9 PP, 
blaCTX-M-1 REV 

2 448 46 102 586 6 939 

FWD and REV – blaCTX-M-9 PP, 
Pa REV 

3 015 58 696 5 452 7 203 

FWD and REV – blaCTX-M-9 PP, 
Kp REV 

859 845 949 3 920 

 

5.2.6.2 Duplex measurements of one bacterial species with the resistance gene blaCTX-M 
cluster 1 

The second step in developing the multiplex assay was then to test duplex measurements 
of one of the bacterial species with the respective resistance gene. As the available 
P. aeruginosa strain did not have a blaCTX-M cluster 1 gene, E. coli DNA with blaCTX-M-15 was 
added to allow detection of both the species (P. aeruginosa) and the resistance gene 
(blaCTX-M-15). This first test was successful for both duplex assays, one for each bacterial 
species, and a preliminary calibration with concentrations from 102 cells mL-1 to 
108 cells mL-1 was performed to see, whether both assays were concentration dependent. 
As is shown in Figure 19, concentration dependency was given in both assays 
(P. aeruginosa Figure 19a, K. pneumoniae Figure 19b) for both DNA amplicons each 
proving a successful next step towards a haRPA assay for simultaneous quantification of 
multiple DNA samples in one assay. It is, nonetheless, evident for both assays that the 
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blaCTX-M cluster 1 gene signal intensities (indicated in blue in both graphs; 15,953 a.u. and 
21,291 a.u. for measurements with P. aeruginosa and K. pneumoniae, respectively) are 
significantly lower than those of the bacterial species (indicated in black in both graphs; 
63,306 a.u. and 38,764 a.u. for P. aeruginosa and K. pneumoniae, respectively). One 
explanation is the abundance of the species-specific genes in comparison to the ESBL 
genes which are not necessarily as abundant in the bacterial genome and might be present 
in lower copy numbers in relation to the cell number (which is the calibration standard). 

 

Figure 19: Concentration dependency of haRPA duplex measurements of blaCTX-M cluster 1 with (a) 
P. aeruginosa and (b) K. pneumoniae. blaCTX-M cluster 1 is indicated in blue, bacteria in black.  

However, as is depicted in Figure 20a, repeating the same assay for P. aeruginosa 
detection with (blue measurement points) and without (red measurement points) the 
addition of E. coli DNA showed differences in signal response for the same concentrations 
(63,306 a.u. and 49,237 a.u., respectively). The intensity of the chemiluminescence signal 
is significantly lower in the duplex assay compared to the singleplex assay (black 
measurement points; where not only the DNA load but also the primer load is reduced). 
For blaCTX-M cluster 1 identification which is depicted in Figure 20b there is a large 
difference visible between the singleplex assay (black measurement points; 60,893 a.u.) 
and the two different duplex measurements (red for duplex measurement with 
P. aeruginosa, blue for duplex measurement with K. pneumoniae; 15,953 a.u. and 
21,291 a.u., respectively). It was concluded that the large differences in signal intensity for 
the same DNA concentrations stem from the higher primer and DNA load which seems to 
interfere with the haRPA assay. While the primer load can be controlled easily, doing so 
for the DNA load from samples is much more difficult, especially if the goal is to identify 
unknown samples. Additionally, it was observed that the species related DNA amplicons 
have higher signals than the blaCTX-M cluster 1 specific signals at the same DNA 
concentration. There are two probable reasons for this behavior: First, ARG specific genes 
might not be as abundant as species specific genes which results in lower concentrations 
of the target DNA and consequently lower signal of the blaCTX-M cluster 1 amplicon. Second, 
the quality of the primer pair for blaCTX-M cluster 1 is not as good as those for the species-
specific genes. The primers for the species-specific genes were designed in a previous 
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project and tested extensively by several project partners and thus might have a higher 
amplification efficiency as the primer pair for blaCTX-M cluster 1.  

 

Figure 20: Comparison of concentration behavior of haRPA for P. aeruginosa (a) and blaCTX-M cluster 1 (b) for 
singleplex (black) and different duplex measurements (blue and red). Pa: P. aeruginosa, Kp: K. pneumoniae. 

The third step in developing the multiplex assay was to try to overcome these drawbacks 
by two different strategies. Strategy A was to add DNA that does not include the desired 
sequences but adds to the overall DNA load in the assay to facilitate comparable signal 
intensities between singleplex and duplex assays (ideally within the range of the standard 
deviation of the singleplex assays, ± 10%). Salmon sperm DNA (as single strand DNA) 
was chosen for these tests. While an effect of introducing a large amount of DNA to the 
system (reduction of the overall signal intensity and visible smear of chemiluminescence 
over the whole chip at very high salmon sperm DNA concentrations) was seen, no effect 
of the additional DNA to harmonize quantification between duplex and singleplex assays 
could be observed (data not shown). Additional experiments were not carried out as the 
barrier of varying DNA load could not be overcome and resources were needed elsewhere. 
It was therefore decided to use the assay without the addition of single strand DNA as a 
qualitative assay. 

Strategy B was a change in primer mix composition to enhance the signal of the blaCTX-M 
cluster 1 amplicon while reducing the signal of the species-specific amplicon in 
comparison. DNA concentration was kept constant for testing of different primer mix 
compositions (extracts from 105 cells mL-1). Experiments with increased blaCTX-M cluster 1 
primer amount and reduced species-specific primers did improve comparability between 
the different assays. The signal intensity of P. aeruginosa and blaCTX-M cluster 1 was 
comparable while chemiluminescence signal intensities for K. pneumoniae were 
significantly higher for the optimized assay. This is illustrated by the chip image displayed 
in Figure 21. The final primer ratios were 3:30:2:20:20 of REV blaCTX-M cluster 1 / FWD 
blaCTX-M cluster 1 / REV P. aeruginosa / FWD P. aeruginosa / FWD K. pneumoniae, 
respectively. 
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Figure 21: Chip image for multiplex measurements with optimized primer mix (3:30:2:20:20 of REV blaCTX-M 
cluster 1 / FWD blaCTX-M cluster 1 / REV P. aeruginosa / FWD P. aeruginosa / FWD K. pneumoniae, 
respectively) with DNA from P. aeruginosa and K. pneumoniae with blaCTX-M-15 resistance. From left to right: 
positive control, P. aeruginosa, K. pneumoniae, blaCTX-M cluster 1. 

5.2.6.3 Detection of two bacterial species and one resistance gene 

Based on the results obtained with the improvement experimental parameters, it was 
decided that the goal of a quantitative multiplex assay would have to be realized in a 
different approach. Nevertheless, the present assay using P. aeruginosa and 
K. pneumoniae species-specific detection combined with blaCTX-M cluster 1 resistance 
gene detection represents an optimized, easy to handle, multiplex assay for fast, 
qualitative analysis (Table 8). The presence of the target genes (DNA from extracts of 105 
to 107 cells mL-1) was successfully detected using model organisms (P. aeruginosa, 
K. pneumoniae, and E. coli) and non-target control (salmon perm DNA, single stranded). 
Chemiluminescence signals were deemed positive upon visual determination, if a visible 
signal (distinguishable from the background) in the spotted area was seen. In contrast, no 
visible signals in the spotted area were deemed negative. Spotting artefacts from the 
positive control (as seen in Figure 21 between the first and second column from the right) 
were excluded from analysis. An example of a chip image for the multiplex measurements 
is given in Figure 21. 
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Table 8: Overview of qualitative measurements for bacterial species identification in combination with blaCTX-M 
cluster 1 characterization. Bacterial species without ARG denomination do not carry known ARGs. Pos. means 
positive signal with visible spot; neg. means negative with no spot visible. 

DNA in the sample 
P. aeruginosa 

spot 
K. pneumoniae 

spot 
blaCTX-M cluster 1 

spot 

P. aeruginosa, E. coliCTX-M-15 Pos. Neg. Pos. 

P. aeruginosa, 
K. pneumoniaeCTX-M-15 

Pos. Pos. Pos. 

K. pneumoniaeCTX-M-15 Neg. Pos. Pos. 

E. coliCTX-M-15 Neg. Neg. Pos. 

P. aeruginosa, 
K. pneumoniaeSHV-18 

Pos. Pos. Neg. 

Salmon sperm DNA Neg. Neg. Neg. 

 

Possible solutions for the DNA and primer load issue could be the implementation of hybrid 
DNA targets where only one biotin labelled FWD primer is added to the bulk phase and 
the REV primers (for different target sequences) are immobilized on the chip. Using this 
set-up, although introducing an additional step for generating DNA fusion sequences, the 
overall DNA load in the bulk phase is lowered while simultaneously keeping the ability to 
detect several target sequences on one chip. In general, the RPA kits used for the haRPA 
assays are optimized for homogeneous amplifications and an increase in sensitivity and 
selectivity for haRPA could be achieved by altering the ratio of the reaction mix 
components (enzymes, nucleic bases, etc.). A recent study suggested that a change in 
reaction component ratio had an influence on the sensitivity of the RPA reaction [200]. 
Increasing the enzyme amount, for example, could counteract the microfluidic 
disadvantage of the heterogeneous assay. Both strategies should be investigated in the 
future to increase sensitivity and selectivity for the haRPA assay as the full potential of this 
rapid and easy DNA detection assay has not yet been exhausted.  
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5.3 Characterization of chemical and morphological changes of 
microplastic particles during bacterial colonization/degradation at 
environmentally relevant conditions 

Although it is widely recognized that monitoring of microplastic particles in environmental 
surroundings is crucial for establishing its burden for environment, no study known to us 
investigated the effects bacteria can have on the detection and identification process has 
been done so far. This aspect is as crucial as understanding the degradation process itself. 
Thus, this chapter details two sets of experiments which aim to answer pressing questions 
on biodegradation of microplastics in a simplified environment and on how bacteria 
influence the characterization of microplastic particles using RM. Additionally, a broad 
outline is given where future research efforts should be focused on to further investigate 
the observed effects. 

First, three different polymers (PLA, PET, and PS) were incubated under non-sterile 
conditions in ultrapure water for 3 weeks and analyzed with RM and SEM showing 
significant differences between the plastic types in RM analysis. The isolated bacteria were 
subsequently identified as Pseudomonas libanensis and Sphingomonas koreensis. Then, 
based on these results, a second study was done with sterile aqueous PLA solutions and 
a defined number of bacteria added to each sample. The samples were monitored closely 
over an incubation period of 21 days using culture on agar plates to monitor the bacterial 
growth, RM measurements to detect bacteria-induced changes in the Raman spectra of 
PLA, and FESEM measurements to characterize morphological changes of PLA. A 
schematic overview of the process is given in Figure 22. 

 

Figure 22: Overview of the involved experimental steps to investigate (a) the differences between the polymers 
(PLA, PS, and PET) and (b) the influences of bacteria on PLA microplastic. The microplastic sample is 
prepared and the suspended microplastic particles are then incubated with bacteria (except for the blank) over 
the course of 21 days at 25 °C. For (a) samples were taken at day 21 only, for (b) samples from bacterial 
cultures were taken daily, for FESEM and Raman analysis was performed on samples collected on day 0, 7, 
14 and 21. 
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5.3.1 Comparison of different plastic types 

In the first set of experiments, different polymer types (PS, PET, and PLA) were analyzed 
first with FESEM and later with RM after an incubation time of 3 weeks in non-sterile 
ultrapure water. FESEM analysis revealed the presence of bacteria in the samples (Figure 
23) and more pronounced roughness of the PLA particles was observed in the presence 
of bacteria whereas the morphology of PS and PET did not change significantly. The 
aqueous microplastic suspension was plated on agar plates to allow for identification of 
their species. Successful cultivation on solid agar plates and in liquid media gave the 
opportunity to identify these bacteria as P. libanensis and S. koreensis based on MALDI-
TOF-MS analysis.  

 

Figure 23: FESEM images of PLA samples with bacteria after 21-day incubation. Bacteria are visible in both 
images (a and b) on and next to the PLA particle (indicated in the red circles). Images taken by Christian 
Schwaferts. 

5.3.1.1 Differences in changes observed via RM between plastic types 

Looking at the Raman spectra, changes in the spectral fingerprint upon incubation 
compared to the plastic reference spectrum are detected for all three types of plastic 
(Figure 24 and Figure 25). However, when trying to match the observed spectra to the 
database, only PS and PET delivered matches (examples of the hit quality index (HQI) for 
each spectrum are listed in Figure 24). The HQI is a correlation coefficient between the 
measured spectrum of the particle and the database spectrum of the plastic. To calculate 
the HQI only the characteristic bands in specific regions are taken into account to reduce 
in influence of background noise on the identification process. These regions are marked 
in green in the spectra shown in this thesis. Although the HQI differs between the individual 
spectra depicted, a correct database match was possible for all PS and PET particles 
measured.  
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Figure 24: Spectra comparison for PS (a) and PET (b) Raman spectra after 21-day incubation with bacteria 
from different, individual particles (red, blue, and green spectra). Bottom spectra (black) are the reference 
spectra for each plastic type. HQI were calculated from the areas marked in green. Changes between the 
spectra are marked in red. 

For PLA, on the other hand, the expected database assignment could not be achieved. 
Here, the spectral fingerprint changed to an extent that identification based on specific 
marker bands was not possible. While some bands disappeared compared to the spectra 
of pristine PLA, additional bands emerged at different wavelengths or existing bands 
changed their shape creating spectra that were no longer recognized as PLA by the 
algorithms of the database matching software (Figure 25). Database matching for PLA is 
based on two spectral regions: ~ 1520 to 1900 cm-1 for C=O and ~ 2800 to 3000 cm-1 for 
C-H stretching vibrations. However, these regions are also subject to significant changes 
in the presence of bacteria. Recognizing these changes offers a possible explanation as 
to why biodegradable plastic remnants are underestimated in environmental samples due 
to incorrect classification. 

 

 

 

 

Figure 25: Comparison of spectra for PLA particles before (blue) and after incubation with bacteria (red). HQI 
areas which are important for database matching are marked in green. 
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5.3.1.2 Analysis of bacteria on microplastic particles with RM 

During the investigation it was possible to distinguish bacterial spectra from polymer 
spectra, thanks to the confocal nature of the Raman microscope system, even when the 
bacteria were attached to the microplastic particle. Depending on the z-axis focus, a 
mixture of the bacteria and PS spectra or a pure PS spectrum can be acquired (Figure 
26a). To the best of our knowledge, Raman spectra of a bacterium on top of a PS 
microplastic particle were collected for the first time. Figure 26b shows the corresponding 
microscope image. The spectrum showed characteristics of both the plastic (green areas) 
and the bacterium (red areas) thus creating a combined spectrum of both inputs. As can 
be seen, changes in Raman spectra can also originate from the colonization of 
(micro)plastic particles (as seen for the example of the PS particle) or by accumulation of 
organic matter produced by the bacteria on the (micro)plastic. Therefore, these changes 
do not necessarily indicate degradation, as is the case in this experiment. Only when the 
bacteria and the PS particle are within the confocal volume that delivers the Raman signal, 
modifications in the spectrum become visible thus clearly indicating that colonization alone 
can also result in changes in the signal. Consequently, this poses the question, if bulk 
spectroscopic assessments of degradation can actually show the modification of the 
chemical structure of the particles within the sample, thus referring to degradation events. 
Or they rather show a complex mixture of colonization and/or degradation events by 
bacteria on the surface of the microplastic particle. 

 

Figure 26: Raman spectrum (a) of a bacterium on PS particle (blue spectrum) and reference spectrum of PS 
(red spectrum) with indicated HQI areas marked in green and additional bands (red areas). (b) Microscope 
image of the bacterium sitting on top of the PS particle. 

This combined spectrum has a prominent band at ~ 2800 cm-1 characteristic for bacteria 
(Figure 26) which interferes with the detection of PLA as the C-H-stretch vibration in this 
spectral region is crucial for correct database matching (green area in Figure 25). As all 
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the prominent PS bands are present in the spectrum of PS incubated in the presence of 
bacteria without noticeable band shifts or change in relative band ratios, the assumption 
that only chemical modification of the plastic itself causes a change in Raman spectra, is 
not supported by this data. This observation is especially crucial for PLA which is designed 
to be biodegradable and a clear distinction using Raman measurements between 
degradation and colonization by bacteria is not yet possible. Examining the differences in 
availability as a substratum towards bacteria, the biodegradable PLA was designed to offer 
bacteria a handle for degradation and thus is more accessible than PET and PS. Together 
with the more pronounced roughness of the PLA particles surfaces in comparison to PET 
and PS particles makes PLA microplastic a preferred substrate for bacteria. However, 
further studies were not carried out with PET and PS to focus resources on biodegradable 
PLA microplastics. 

These results prompted the conduction of a second set of experiments to evaluate the 
changes in the Raman spectra of the PLA particles and gain insight into possible solutions 
for the under-representation of PLA in environmental samples. Additionally, bacterial 
growth changes over the course of the experiment were monitored via the culture method 
and morphological changes were tracked using FESEM. 

5.3.2 PLA subjected to bacteria 

The follow-up experiments included five samples with four identical replicates each. For 
the first experiment, bacteria were added to the PLA microplastic suspension with one 
sample containing E. coli, one S. koreensis, one P. libanensis, and one with both 
S. koreensis and P. libanensis. A sterile aqueous suspension of PLA microplastic without 
the addition of bacteria served as negative control. All samples were incubated over a 21-
day period, treated identical, and samples for the different analysis techniques were taken 
at the respective time points (daily for bacterial growth observation, at day 7, 14, and 21 
for RM and FESEM analysis). The second experiment, incubation of ultrapure water with 
the same bacteria, was done as a control to check whether the presence of PLA 
microplastic particles influenced the bacterial growth behavior in the aqueous microplastic 
suspensions (analysis via culture on agar plates).  

5.3.2.1 Bacterial growth behavior in the presence of PLA microplastic 

Based on the bacterial growth data acquired by plating the PLA microplastic suspension 
on agar plates, a fundamental prerequisite for experiments with bacteria and microplastic 
particles could be demonstrated: The production of sterile PLA reference particles was 
successful following the afore mentioned protocol as no bacteria were culturable in the 
samples which contained MP suspension only. Additionally, E. coli growth was not 
observed in the course of the 21 days of incubation time (apart from day 0, directly after 
starting the experiment) which is expected, as E. coli cannot survive in these nutrient 
stripped conditions. P. libanensis and S. koreensis are, however, able to survive and strive 
under these conditions. This has also been reported in previous studies using different 



 57 

Sphingomonas and Pseudomonas species [205–208]. Both P. libanensis and S. koreensis 
showed growth over the whole time of the experiment and did not reach a steady state. A 
large intra-set variability was seen for the replicates in all five different sample sets 
resulting in the decision to view each sample individually and not as replicates. The data 
for S. koreensis is shown in Figure 27 and is discussed in more detail below as the data 
for P. libanensis shows similar trends.  

 

Figure 27: Change of S. koreensis cell numbers over 21-day incubation period in PLA microplastic suspension 
(black, red, blue, and green represent the four replicates) and in ultrapure water (purple). 

This experiment was planned as a preliminary first glance at what happens to 
biodegradable microplastic particles subjected to bacteria and over the course of the 
experiment, several drawbacks became apparent. The drops in the number of counted 
cells which can be seen in Figure 27 (for the green and blue graphs between day 9 and 
13, for example) are generated by the adjustment of the dilution factors for plating to 
ensure good countability of the colonies. The time points varied for each sample and were 
decided for each sample separately. For S. koreensis, this adjustment of dilution could 
only be done with a one-day delay, as these colonies needed to grow for 2 days to show 
colonies large enough for counting. This effect skewed the results, as, for analysis 
purposes only, a number of colonies greater than what was countable was assumed and 
the high numbers are likely overestimated. This specific problem was not encountered with 
P. libanensis. As is the case for many Pseudomonas species, their biofilm-forming nature 
complicates counting efforts as insufficient mixing prior to plating on the agar plates results 
in uneven distribution and formation of a biofilm which hampers manual counting. Although 
extensive measures were taken to ensure a sterile working environment, a contamination 
with Methylobacterium rhodesianum was detected in different samples starting for some 
at day 6. M. rhodesianum was identified using MALDI-TOF MS. The colonies of 
M. rhodesianum show a distinct pale pink coloring and grow at a rather slow pace 
[209,210]. These bacteria need 3 days to grow to a countable colony size under the 
conditions of the experiment, hence, the delay in detection. However, M. rhodesianum did 
not outgrow the spiked bacteria in any way or inhibit the growth of either of our chosen 
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bacteria, the rest of the experiment was carried out as originally planned and the growth 
of M. rhodesianum was monitored as well.  

Collecting Raman spectra of the single bacteria themselves was also attempted. However, 
due to the high fluorescence induced by P. libanensis which is also visible by naked eye 
(visible fluorescence of the colonies after incubation for 2 days) no Raman spectrum could 
be obtained [211]. For S. koreensis, spectra could be obtained but showed mainly 
carotenoid characteristic bands which is plausible as these bacteria produce yellow to 
orange-colored colonies and therefore produce large amounts of carotenoids [212].  

5.3.2.2 Particle and bacteria visualization with FESEM 

FESEM samples were taken at day 7, 14, and 21. As is visible in Figure 28, microplastic 
particles were successfully imaged using FESEM (Figure 28a-c). Bacteria could be shown 
in the samples with spiked P. libanensis and S. koreensis (Figure 28b-d) but not in the 
sample with microplastic suspension only (Figure 28a). This confirms the bacterial culture 
results, where the negative control containing only microplastic suspension does not show 
any growth. Both bacteria were visible in the sample with P. libanensis and S. koreensis, 
as is shown in Figure 28d. This supports the results from the bacterial culture surveillance. 
Additionally, bacteria on top of the PLA particles as well as in the vicinity of the microplastic 
particles (Figure 28c) could be visualized. PLA particles in different shapes and with 
different surface structure (rough edges as well as a smooth surface) could be observed. 
While the rough edges are typical for PLA particles [99], the smooth surface seems to 
originate from bacterial colonization. In the samples with increasing bacterial population, 
more nano-sized particles, probably PLA, are present compared to the microplastic 
suspension without bacteria (Figure 28a and d). Degradation products of the larger 
particles could be one explanation for this observation. It has been previously reported, 
that under controlled weathering conditions it is possible to form nano-sized PLA particles 
from way larger particles, which supports our theory of the small particles being nano-sized 
PLA particles [183]. These observations lead to the conclusion that some form of bacterial 
degradation of the PLA particles happened, although the extent of this cannot be quantified 
and the FESEM images provide only empirical evidence. 
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Figure 28: FESEM images of PLA suspension samples. (a) PLA particle after 7 days without bacteria; (b) PLA 
particle after 7 days with S. koreensis; (c) PLA particle at day 14 with P. libanensis in vicinity; (d) S. koreensis 
and P. libanensis in sample at day 14 with nano-sized particles. Bacteria are marked in red. Images taken by 
Christian Schwaferts. 

5.3.2.3 Changes in Raman spectra due to PLA-bacteria interaction 

The samples taken at day 7, 14, and 21 were analyzed with RM single particle analysis. 
The existing automated protocol by von der Esch et al. [98] was adapted to the task at 
hand. First, an image of the entire droplet residue was taken for each sample and all 
particles were morphologically characterized yielding the total particle number of each 
sample as well as the shapes and sizes of the particles within each sample. Comparing 
the microscope images of the individual samples revealed a great heterogeneity between 
the different samples and between the same samples at different sampling times (Figure 
29). While some samples showed a great heterogeneity over the course of the experiment 
(Figure 29a) with good quality for automated analysis on some days (day 14, in this 
example) and bad quality on other days (day 7 and day 21), others showed a greater 
homogeneity during the incubation period of 21 days (Figure 29b and c). As is evident from 
the samples depicted as examples in Figure 29b and c, some were not suited for 
automated analysis, since this approach requires isolated structures with good contrast 
compared to the background (Figure 29b). Others could be analyzed easily using the 
developed automated analysis (Figure 29c). One explanation for this behavior is the 
occurrence of drying artefacts as the samples were drop-cast onto CaF2 carriers and then 
left to dry under sterile conditions. As all samples were handled in the same way by the 
same operator, an explanation as to why these artefacts appeared for some samples and 



 60 

not for others could not be given. Further studies addressing this issue are envisaged to 
ensure a better automated processing of the samples. 

 

Figure 29: Overview of Raman microscope images for automated detection of different samples at different 
time points. (a) PLA microplastic suspension, replicate 3; (b) PLA microplastic suspension with S. koreensis, 
replicate 2; (c) PLA microplastic suspension with S. koreensis, replicate 3. 

Due to these impediments the number of particles within each sample at each 
measurement point also differs greatly. Analyzing the metadata of the Raman analysis 
gives further indication that although single particle analysis is an excellent tool for 
microplastic analysis, it also hinders a more in-depth look without analysis of a sufficiently 
large number of particles to ensure statistically sound results. In this study, 70 of the 
particles recognized by the WITec Particle Scout (selected via random sampling [97]) were 
chemically analyzed by RM. The focus of the metadata lies on four key aspects: total 
particle number recognized by the algorithm, ratio of PLA-assigned particles to total 
particles measured, average HQI for PLA database assignment, and average 
fluorescence. The corresponding graphs are shown in Figure 30.  
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Figure 30: Overview of metadata for Raman spectra analysis. (a) number of total particles detected by the 
WITec Particle Scout, (b) ratio of particles assigned to PLA to total number of particles identified, (c) average 
HQI for particles identified as PLA, and (d) average fluorescence for all particles analyzed. Dots: individual 
measurements; lines: median of the replicates; Ec: E. coli samples (black); bl: blank (without bacteria; red); Pl: 
P. libanensis samples (blue); 2: P. libanensis and S. koreensis samples (green); Sk: S. koreensis samples 
(purple). 

The total particle number (Figure 30a) does not show a significant trend overall but rather 
great homogeneity with no clear changes visible when looking at all available sample sets. 
Examining only the samples with P. libanensis and S. koreensis (blue and green, 
respectively) shows an increase in particle number (11,237 to 24,706 particles for 
P. libanensis and 3,208 to 6,617 particles for S. koreensis) which is in contrast to the 
sample containing both bacteria where no increase is visible (purple). While an increase 
in total particle number was originally expected, the agglomeration of microplastic particles 
due to organic matter disposal has the opposite effect. Depending on which effect is 
stronger in each sample, the number of total particles is influenced accordingly. The ratio 
of PLA-assigned particles to measured particles (Figure 30b) does not show any trend but 
again underlines the great heterogeneity found in all analyses. Here, two factors come into 
play that are expected to have opposing effects on the total particle number: fragmentation 
into smaller particles leads to more, smaller particles thus increasing the number of PLA 
particles found in the samples while the formation of biofilm decreases the number of PLA 
particles assigned correctly. A closer look at the average HQI of the PLA assigned particles 
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(Figure 30c) also shows a great heterogeneity without a clear trend. Here, again, several 
factors that affect this data need to be considered: When more particles are identified as 
PLA, the statistical value of the average HQI data increases. Thus, this data relies heavily 
on the number of particles assigned as PLA. For example, a small number of PLA particles 
assigned with different HQI values (as is seen in the second week for the green graph) 
influences the overall heterogeneity impression to a large extent. While  a higher number 
of analyzed particles could prevent this bias, this was not possible during this study due to 
time and instrument restrictions. While the average fluorescence was expected to rise over 
the course of the study for all samples with bacterial influence (Figure 30d), this could only 
be observed for the S. koreensis and S. koreensis with P. libanensis samples. The two 
negative controls, without any bacteria and with the initial addition of E. coli also showed 
changes in fluorescence which might be due to the contamination of some of the samples 
with M. rhodesianum over the course of the study. To overcome these limitations, future 
studies in this area should include more particles to be measured to increase statistical 
significance of the data and possibly overcome the heterogeneity problem that hindered a 
better analysis of the current data.  

Figure 31 reveals distinct changes in the Raman spectra of the PLA in the presence of 
bacteria. The green graph spectrum was collected from a selected PLA particle that was 
incubated in the presence of bacteria while the reference PLA spectrum is depicted in red 
and the carotenoid reference spectrum is shown in blue. Analyzing the individual bands 
further, it became clear that the most prominent bands pertaining to the carotenoids 
present on the surface of the PLA particles correspond nicely with those of a carotenoid 
reference (blue) whereas only the C-H stretching vibration around 2900 cm-1 indicates the 
presence of PLA. This observation is plausible as the bacteria S. koreensis shows yellow-
pigmented colonies on agar plates and is known to produce large amounts of carotenoids 
[212]. However, the heterogeneity mentioned previously between the samples also comes 
into play here. Each particle measured exhibited differing Raman spectra and varied over 
time for the same samples revealing no clear pattern. This confirms the widely stated 
hypothesis that microplastic particles act as islands, as not all PLA particles in this 
experiment may be subjected to the same amount of bacterial colonization or degradation 
- just like expected in nature. In turn, the particles sampled at a specific time point show 
great heterogeneity in terms of whether degradation/colonization occurred and how strong 
the related effects are and thus the Raman spectra reflect that. However, this gave the 
unique opportunity to look at particles at different stages of bacterial colonization and 
degradation in one sample. While some particles do not show any changes in Raman 
spectra compared to the PLA reference, other Raman spectra have changed to such an 
extent that no correct identification as PLA particles was possible. One possibility, which 
has not been explored yet due to technical difficulties, would be to look at fixed microplastic 
particles (similar in size to the ones produced in this study, ~ 10 µm) over a longer period 
of time to identify the changes happening on a time-resolved scale. An additional 
observation of the individual Raman spectra revealed an increase in fluorescence for 
particles with increasing deviation from the PLA reference Raman spectra. Here, the 
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influence of the bacteria and the associated organic matter comes into play, as especially 
P. libanensis shows strong fluorescence (also visible by naked eye) and no Raman 
spectrum could be obtained due to the large fluorescent background [211]. 

 

Figure 31: Comparison of different Raman spectra: PLA reference spectrum (red), carotenoid spectrum (blue) 
and the example of a PLA spectrum in the presence of bacteria (green). HQI reference areas for PLA are 
indicated as green-shaded areas. 

Due to the significant changes of the Raman spectra, the correct assignment of PLA by 
database matching was not possible for many particles. Interestingly, most of these 
particles were then identified as polyamide by the database matching software (blue 
spectrum in Figure 32 shows the polyamide database spectrum). This stems from the 
change in the shape of the C-H-stretch band which is typically used for PLA identification 
(green region in Figure 32). Due to the change of the three distinct bands at 2912 cm-1, 
2944 cm-1, and 3002 cm-1 (red spectrum in Figure 32) to slightly shifted band positions with 
an additional change in the relative ratio between the bands (green spectrum in Figure 32), 
polyamide is the closest match in the database. However, due to the experimental set-up 
it is impossible to obtain polyamide as only PLA particles were added to the sample vials 
and a change in polymer type is not possible. Furthermore, a reevaluation of the spectra 
in question by experts often results in a change of qualification. As the overall appearance 
of polyamide and protein Raman spectra are similar and organic matter is ubiquitously 
found in environmental samples, this preliminary observation supports the possibility that 
PLA and in consequence biodegradable microplastic in the environment might be under-
estimated.  
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Figure 32: Comparison of different Raman spectra: pristine PLA particle (red), PLA particle under influence of 
bacteria (green), polyamide reference spectrum (blue). 

Summarizing the different aspects of the studies conducted here on microplastic and 
bacterial degradation thereof, it became apparent that the preliminary setup chosen for 
this experiment may have been too simple. This study suggests bacteria preferred to 
attach to the biodegradable PLA rather than PET and PS and in turn use PLA as a 
substratum to adhere to, and, likely also as a substrate to grow on. However, further 
studies investigating the degradation effect will have to be done to support this finding. 
Using the limited 21-day time frame no complete elimination of PLA particles was seen, 
which would support the association of the bacteria with the PLA. FESEM data suggests 
the formation of nano-sized PLA particles during this process, giving a strong indication 
towards degradation events occurring. Interestingly, the PLA particles still present in the 
samples were not all correctly assigned to PLA using RM with database matching. This is 
in contrast to PET and PS samples which were assigned correctly, even when measuring 
a bacterium on top of a microplastic particle. Consequently, the effects leading to the shift 
in PLA Raman spectra were investigated further and revealed, that PLA may be 
underestimated in natural environments when in the presence of bacteria. Additionally, 
with RM as the analysis technique for investigation of microplastics, not differentiation 
between colonization and degradation can be made. The most likely hypothesis is a 
combination of both occurring for PLA and supporting experiments in this direction were 
not conducted to focus on investigating the effects on RM analysis. 

Currently, PLA particles are at the moment not adequately recognized using RM. Most 
prominently, single particle analysis from environmental samples via RM is currently facing 
the challenge of using database matching as approach since these databases mostly 
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include Raman spectra of pristine plastics. Since these are rarely found in the environment, 
the result is a bias in the outcome of the analysis. A more in depth look at the data on a 
case-by-case basis, extension of existing databases using aged microplastic or 
microplastic subjected to different microbial communities, and correcting factors in the 
automatic detection pipeline are possible workable approaches and areas to direct future 
research efforts on. Including the presence of carotenoid and amide bands and an increase 
in fluorescence as indicators for bacterial interaction with the microplastic particles should 
also be investigated further and considered when analyzing bio-based microplastic 
particles from environmental samples. 
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6 CONCLUSION AND OUTLOOK 

Aqueous environments may harbor antibiotic resistant bacterial pathogens which may 
cause infections and can also help to reduce the antibiotic burden by breaking down these 
compounds. Providing improved enrichment methods for bacteria to facilitate culture-
independent analysis, establishing new assays for detection of bacterial pathogens and 
antibiotic resistance genes, are important elements to move analysis methods forward. 
Gaining insight into how bacteria interact with biodegradable microplastic and the 
challenges for analysis of these compounds are additional interesting analytical questions. 

To ensure time efficient detection of the opportunistic bacterial pathogen P. aeruginosa 
from tap water, an enrichment method is needed to be able to detect the low amounts 
using qPCR. The optimized MAF filtration procedure (MAF-OH, BEG elution buffer, 5-L 
initial sample volume, sample pH 3) was calibrated in the range of 1·104 - 1·108 CFU L-1 
and resulted in an enrichment factor of 3·103 in under 1 h (combined with centrifugal 
ultrafiltration). An additional culturability study of P. aeruginosa revealed, that no growth 
was observed under a pH of 3.2 thus eliminating the possibility of culture-based detection 
or live-dead discrimination using the evaluated setup. To achieve the latter goal, new MAF 
functionalizations would have to be established as the currently available modifications did 
not provide promising results. Future research efforts should be directed at a detailed 
understanding of the mechanisms behind the retention of the bacterial cells on the MAF 
surface and the elution process of the bacteria from the MAF to streamline optimization 
processes for other microorganisms. The developed method of elution for P. aeruginosa 
cells can also be used for continuous sampling MAF which are then eluted later on to 
monitor premise plumbing systems. This fast and culture-independent approach cuts down 
on precious time between sampling and detection to minimize the impact on residents. 

Detecting opportunistic bacterial pathogens and antibiotic resistance in a fast and low 
resource manner allows for a broader monitoring of these traits of bacteria in the 
environment. The isothermal DNA amplification method haRPA offers a new approach to 
detect the ARG blaCTX-M cluster 1. The established assay was compared against PCR and 
qPCR protocols with the same high selectivity and lower sensitivity, respectively. A haRPA 
assay for P. aeruginosa (limit of detection: 103 cells mL-1) was also established and 
combined with the detection of K. pneumoniae for a multiplex assay to detect the 
opportunistic bacterial pathogens and the antibiotic resistance simultaneously. This 
qualitative assay is a promising first step to a field-application friendly monitoring of both 
pathogenicity and antibiotic resistance. Future research efforts in haRPA development 
should shed light on a feasible multiplex assay composition for example generating fusion 
products and thus lowering the DNA load in the bulk phase. Combining this isothermal 
DNA amplification and detection method with enrichment processes is one way to provide 
culture-independent detection of bacterial pathogens and ARGs. To improve the sensitivity 
of the haRPA assay, changing the enzyme ratio from the mixture provided by the 
manufacturer might be one way as the current mixture is not optimized for the 
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heterogeneous setup the haRPA uses. In adjusting the enzyme ratio for example, the 
sensitivity of the assay could be improved. For in-field applications, a simpler detection 
device with minimal power consumption and optimized reagent use would be more suitable 
and thus, research efforts should also be directed there.  

In the environment, microorganisms such as bacteria are thought to degrade microplastic 
particles. Understanding this process is critical to aid bacteria in their efforts to 
decontaminate the environment from microplastic. In this study using RM, FESEM, and 
bacterial culture, we gathered evidence that the bio-based PLA is indeed degraded to 
some extent, even in the very simple setup used (21-day incubation, ultrapure water, stable 
temperature, mild shaking). Two bacterial species previously unknown to grow under these 
circumstances and probably use PLA as a food source were identified, P. libanensis and 
S. koreensis. Changes in the Raman spectra of the PLA particle analyzed complicated the 
correct assignment of the remaining particles as PLA. This was not seen for PS and PET, 
which were still identified correctly using database matching, even when measuring a 
bacterium on top of a PS particle. There similar shifts in Raman signals were observed as 
for the altered PLA particles. It is therefore currently not possible to distinguish between 
colonization and degradation using RM. The results of this study also suggest that PLA 
microplastic particles are “shielded” from correct assignment using RM and database 
matching as the surface of these particles seems to change under the influence of bacterial 
colonization/degradation. This reveals a possible underdetermination PLA in 
environmental samples. The proposed method to counteract this bias is to reevaluate 
Raman spectra with indicators for bacterial activity (carotenoid bands, amide bands) and 
especially those that were assigned as polyamide. Forthcoming projects should further 
elucidate these findings for example by using isotope-labelled plastics for a similar study 
and implementing stable isotope Raman spectroscopy to differentiate between 
degradation and colonization from bacteria. A more elaborate study using carbon mass 
ratio experiments, a minimal-media environment for the bacteria, and a higher number of 
particles measured to increase statistical value should be carried out to get a more 
complete picture of the process. Also, it became apparent that the current plastic database 
needs to be extended by reference spectra of environmental samples and polymers 
subjected to different environmental influences to overcome the observed bias in analysis. 

Understanding where pathogenic bacteria are present in our urban environment and how 
antibiotic resistance is spread throughout different water sources is important to help 
decrease infection risks with hard to combat bacteria. On-site analysis with minimal time 
spent between sampling and final results helps to ensure a continuous monitoring and to 
detect threats at an early stage. Revealing how bacteria degrade bio-microplastic and how 
this process might interfere and/or hinder the detection of this analyte is crucial to ensure 
that an environmental sample is analyzed and classified correctly and to draw the right 
conclusions from it. Working on these tasks in the future can help combat the spread of 
antibiotic resistance and pathogenic bacteria in critical infrastructure while also ensuring 
that the plastic pollution problem is dealt with and may lead to a better future. 
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MATERIALS AND INSTRUMENTATION 

Devices and consumables  
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Autoclave Laboklav SHP Steriltechnik (Peißenberg, 
Germany) 

Balloons Carl Roth (Karlsruhe, Germany) 

Beakers Schott (Mainz, Germany) 

Bench-top centrifuge Carl Roth (Karlsruhe, Germany) 

Blue Light Table SERVA electrophoresis GmbH 
(Heidelberg, Germany) 

Bottles Schott (Mainz, Germany) 

Canula: size 1, G 20 × 1 ½” / ø 0,90 × 40 mm, 
yellow; size 2, G 21 × 1 ½” / ø 0,80 × 40 mm, 
green; Sterican® 

B Braun (Melsungen, Germany) 

Centrifuge 5804 R Eppendorf (Hamburg, Germany) 

Colony counter sc6+ Cole-Parmer (Staffordshire, UK) 

Cuvettes BRAND GmbH (Wertheim, 
Germany) 
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Drying cabinet Memmert (Schwabach, Germany) 
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Carl Zeiss (Jena, Germany) 
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Germany) 

Gloves Carl Roth (Karlsruhe, Germany) 

High Breast bottles GL 45, 5 L Carl Roth (Karlsruhe, Germany) 
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Ice machine Wessamat (Kaiserslautern, 
Germany) 

Incubator Heraeus (Hanau, Germany) 

Brunswick scientific (Nürtingen, 
Germany) 

Memmert (Büchenbach, Germany) 

LightCycler 480 Roche Diagnostics GmbH 
(Mannheim, Germany) 

LightCycler 480 Multiwell plate 96 Roche Diagnostics GmbH 
(Mannheim, Germany) 

Magnetic stirrer Heidolph (Schwabach, Germany) 

IKA Labortechnik (Staufen im 
Breisgau, Germany) 

MCR 3 gwk Präzisionstechnik (Munich, 
Germany) 

Microchip assembly equipment Institute of Hydrochemistry 
(Munich, Germany) 

Milli-Q plus 185  Millipore (Bedford, MA, USA) 

Nano-Photometer IMPLEN (München, Germany) 

Parafilm Sigma-Aldrich (Taufkirchen, 
Germany) 

PE sealing film Excel Scientific (Victorville, CA, 
USA) 

Peristaltic pump Heidolph (Schwabach, Germany) 

Watson Marlow Sci (Falmouth, 
UK) 

Petri dishes glass Carl Roth (Karlsruhe, Germany) 

Petri dishes PS Carl Roth (Karlsruhe, Germany) 

pH-meter FiveEasy Mettler-Toledo (Columbus, OH, 
USA) 
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Piezo dispense capillary, unmodified, PDC 80, P-
2040 

Scienion AG (Berlin, Germany) 

Pipette tips: 0.1 – 10 µL, 10 – 200 µL, 100 – 
1000 µL, 1 – 5 mL 

Eppendorf (Hamburg, Germany) 

Sarstedt (Sevelen, Switzerland) 

Sorenson BioScience (Salt Lake 
City, UT, USA) 

Carl Roth (Karlsruhe, Germany) 

Pipettes: 0.5 – 10 µL, 10 – 100 µL, 100 – 
1000 µL, 1 – 5 mL 

Eppendorf (Hamburg, Germany) 

Polypropylene tube CELLSTAR: 15 mL, 50 mL Greiner Bio-One (Kremsmünster, 
Austria) 

Precision balance Mettler (Columbus, OH, USA) 

Precision dispenser tips 50 mL Carl Roth (Karlsruhe, Germany) 

Reaction tubes: 0.2 mL, 0.5 mL, 1,5 mL, 2 mL Carl Roth (Karlsruhe, Germany) 

Roti® Store Cryo Tubes Carl Roth (Karlsruhe, Germany) 

Rotilabo® canister 10 L Carl Roth (Karlsruhe, Germany) 

Rotilabo® syringe filters 0.22 µm Carl Roth (Karlsruhe, Germany) 

Scale Kern (Balingen, Germany) 

sciFLEXARRAYER S1 Scienion AG (Berlin, Germany) 

sciSOURCEPLATE-384-PP Scienion AG (Berlin, Germany) 

Snap cap vials: 5 mL, 10 mL, 25 mL Carl Roth (Karlsruhe, Germany) 

Standard microscope slides, soda lime glass, 26 
× 76 × 1mm, ± 0.1 mm 

Carl Roth (Karlsruhe, Germany) 

Sterile bench BCK Luft- & Reinraumtechnik 
GmbH (Sonnenbühl-Genkingen, 
Germany) 

Kendro Laboratory Products 
GmbH (Langenselbold, Germany) 

Syringes: 1 mL, 5 mL, 10 mL, 50 mL B Braun (Melsungen, German 
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ThermaSeal RT™ Sealing Films Excel Scientific (Victorville, CA, 
USA) 

ThermoMixer® C Eppendorf (Hamburg, Germany) 

Tissues Carl Roth (Karlsruhe, Germany) 

Ultrasonic bath Sonorex RK510S Bandelin (Berlin, Germany) 

Vivaspin® 20, Membrane 50 000 Sartorius (Stonekouse, UK) 

Vortexer Fisher Scientific (Pittsburgh, PA, 
USA) 

 

Software  

Adobe Illustrator 2017 – 2020  Adobe Inc. (San Jose, CA, USA) 

Adobe Photoshop 2017 – 2020 Adobe Inc. (San Jose, CA, USA) 

Avis FITS Viewer MSB di F. Cavicchio (Ravenna, Italy) 

ChemDraw Professional 19 PerkinElmer (Waltham, MA, USA) 

Image J 1.49 Rasband (NIH, Bethesda, USA) 

MCRImageAnalyzer gwk Präzisionstechnik (Munich, Germany) 

Microsoft Excel 2016 Microsoft (Redmond, WA, USA) 

Microsoft Power Point 2016 Microsoft (Redmond, WA, USA) 

Microsoft Word 2016 Microsoft (Redmond, WA, USA) 

Origin 2017 – 2020  OriginLab (Northampton, MA, USA) 

Mendeley 1.19 Elsevier (Amsterdam, Netherlands) 

 

  



 78 

Chemicals   

(3-Glycidyloxypropyl)-trimethoxysilane Sigma-Aldrich (Taufkirchen, Germany) 

1,1’-Carbonyldiimidazole Carl Roth (Karlsruhe, Germany) 

1,4-Dioxane Sigma-Aldrich (Taufkirchen, Germany) 

4-(2-hydroxyethyl)-1-piperazineethane-
sulfonic acid 

Sigma-Aldrich (Taufkirchen, Germany) 

Acetonitrile Sigma-Aldrich (Taufkirchen, Germany) 

Agar Agar Carl Roth (Karlsruhe, Germany) 

Agarose Carl Roth (Karlsruhe, Germany) 

Beef extract Sigma-Aldrich (Taufkirchen, Germany) 

Boron trifluoride diethyl etherate Sigma-Aldrich (Taufkirchen, Germany) 

Casein (from milk) Sigma-Aldrich (Taufkirchen, Germany) 

Cefotaxim Sigma-Aldrich (Taufkirchen, Germany) 

Diethylamine Carl Roth (Karlsruhe, Germany) 

Dimethylaminopyridine Sigma-Aldrich (Taufkirchen, Germany) 

Dimethylformamide Sigma-Aldrich (Taufkirchen, Germany) 

Dipotassium hydrogen phosphate Carl Roth (Karlsruhe, Germany) 

Disuccinimidyl-carbonate Sigma-Aldrich (Taufkirchen, Germany) 

DNA ladder Carl Roth (Karlsruhe, Germany) 

DNA Stain Clear G Serva Electrophoresis GmbH (Heidelberg, 
Germany) 

EDTA Carl Roth (Karlsruhe, Germany) 

Ethanol, ! 99.8% Sigma-Aldrich (Taufkirchen, Germany) 

EZ-Link ™ amine-PEG2-biotin Thermofisher Scientific (Waltham, MA, 
USA) 

Glacial acetic acid Carl Roth (Karlsruhe, Germany) 

Glycerin Carl Roth (Karlsruhe, Germany) 
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Glycine Sigma-Aldrich (Taufkirchen, Germany) 

Hellmanex III Hellma GmbH (Mühlheim, Germany) 

Hydrochloric acid, 37% Sigma-Aldrich (Taufkirchen, Germany) 

Jeffamine ED-2003 Huntsman (USA) 

LB Media Carl Roth (Karlsruhe, Germany) 

Luminol-enhancer solution Cyanagen (Bologna, Italy) 

Magnesium chloride Sigma-Aldrich (Taufkirchen, Germany) 

Methanol Sigma-Aldrich (Taufkirchen, Germany) 

Methyl tertiary-butyl ether, 99.8% Sigma-Aldrich (Taufkirchen, Germany) 

Nuclease-free water Invitrogen AG (Carlsbad, USA) 

NZCYM Media Carl Roth (Karlsruhe, Germany) 

Orange G 6 " loading buffer Carl Roth (Karlsruhe, Germany) 

Pluronic F-68 Sigma-Aldrich (Taufkirchen, Germany) 

Polyglycerol-3-glycidyl-ether (CL9) Ipox chemicals (Laupheim, Germany) 

Polymyxin B Sigma-Aldrich (Taufkirchen, Germany) 

Potassium dihydrogen phosphate Sigma-Aldrich (Taufkirchen, Germany) 

Potassium sulfate Carl Roth (Karlsruhe, Germany) 

sciClean 8  Scienion AG (Berlin, Germany) 

Sodium azide Sigma-Aldrich (Taufkirchen, Germany) 

Sodium carbonate Sigma-Aldrich (Taufkirchen, Germany) 

Sodium chloride Carl Roth (Karlsruhe, Germany) 

Sodium hydrogen carbonate Sigma-Aldrich (Taufkirchen, Germany) 

Sodium hydroxide solution, 32% Carl Roth (Karlsruhe, Germany) 

Sodium hypochlorite  Carl Roth (Karlsruhe, Germany) 

Soy peptone Carl Roth (Karlsruhe, Germany) 

Streptavidin horseradish peroxide Biozol (Eching, Germany) 
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Sulfuric acid, 97% Sigma-Aldrich (Taufkirchen, Germany) 

Toluene, 99.8% Sigma-Aldrich (Taufkirchen, Germany) 

Triethylamine Sigma-Aldrich (Taufkirchen, Germany) 

Tris(hydroxymethyl)-aminomethane Sigma 
7-9® 

Sigma-Aldrich (Taufkirchen, Germany) 

 

Reaction kits  

GeneJET PCR Purification Kit Thermofisher Scientific (Waltham, MA, 
USA) 

GeneJET Genomic DNA Purification Kit Thermofisher Scientific (Waltham, MA, 
USA) 

Luna® Universal qPCR Master Mix New England Biolabs (Ipswitch, MA, USA) 

QIAamp DNA Mini Kit QIAGEN (Hilden, Germany) 

TwistAmp basic® TwistDx (Cambridge, UK) 
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