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conditional support. It is a bliss to have you always by my side.

Finally, I must express my greatest gratitude to my dear partner, Fabian, for actively supporting me

through the periods of intense work, always being there as my safe haven and giving me the home

that enables me to be who I am and do what I do.





i

Contents

1 Introduction . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1

2 Objectives . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 3

3 Theoretical Background . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 7

3.1 Oleaginous microorganisms . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 7

3.1.1 Lipid metabolism . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 7

3.1.2 Microalgae . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 8

3.1.3 Oleaginous Yeasts . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 12

3.2 Growth kinetics and process models . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 14

3.2.1 Growth kinetics. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 14

3.2.2 General material balance of ideal stirred-tank bioreactors . . . . . . . . . . . . . . . . . . . . . . . 17

3.2.3 Batch and fed-batch processes . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 18

3.2.4 Continuous and semi-continuous processes . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 21

3.2.5 Photobioreactors . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 22

3.2.6 Membrane bioreactors. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 23

3.3 Cell disruption and biomass hydrolysis . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 26

4 Materials and Methods . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 31

4.1 Strain information. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 31

4.2 Cultivation media and solutions . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 32

4.3 TUM-AlgaeTec Center and climate simulation. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 35

4.4 Design and operation of thin-layer cascade photobioreactors . . . . . . . . . . . . . . . . . . . . . . . . . . . . 36

4.5 Microalgal biomass harvest . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 40

4.6 Design and operation of the stirred-tank bioreactor . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 43

4.7 Design and operation of the membrane bioreactors . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 44

4.8 Separation of microbial oils . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 48

4.9 Cell disruption and hydrolysis of microalgae. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 50

4.9.1 Rheology of microalgal biomass . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 50

4.9.2 Ultrasonication . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 51

4.9.3 Bead milling . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 51

4.9.4 High-pressure homogenization . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 52

4.9.5 Enzymatic hydrolysis . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 52

4.9.6 Phosphorus elimination . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 53

4.9.7 Final processing and sterilization . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 53

4.10 Analytical methods . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 54

4.10.1 Optical density . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 54

4.10.2 Cell dry weight concentration . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 54

4.10.3 Salinity and alkalinity . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 54

4.10.4 Substrate concentrations . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 55

4.10.5 Lipid concentration and cellular lipid content . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 55



4.10.6 Fatty acid composition . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 55

4.10.7 Elemental and macromolecular composition . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 56

4.10.8 Degree of cell disruption. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 57

4.11 Process metrics . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 57

4.11.1 Specific rates and yields. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 57

4.11.2 Areal and volumetric productivities . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 58

4.11.3 Carbon dioxide fixation efficiency . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 58

4.11.4 Carbon conversion efficiency . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 59

4.11.5 Saccharification efficiency . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 59

5 Production of Microchloropsis salina Biomass in Open Thin Layer Cascade Photobioreactors 61

5.1 Batch production . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 61

5.2 Semi-continuous production . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 63

5.3 Continuous production . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 69

5.3.1 Variation of the dilution rate . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 70

5.3.2 Variation of the feed rate . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 72

5.3.3 Scale-up of continuous microalgal biomass production to 50 m2 . . . . . . . . . . . . . . . . 73

5.3.4 Effect of volume-specific gas exchange area on CO2 fixation efficiency . . . . . . . . 77

5.4 Effect of pH . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 79

5.5 Effect of automated switch-off of the circulation pumps overnight . . . . . . . . . . . . . . . . . . . . . . . . 81

5.6 Comparison between modes of operation and optimal conditions . . . . . . . . . . . . . . . . . . . . . . . 84

5.7 Microalgal biomass harvest . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 89

6 Yeast Oil Production with Cutaneotrichosporon oleaginosus Using a Membrane Bioreactor . 91

6.1 Utilization of sugars . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 91

6.2 Variation of the C/P ratio in fed-batch processes on a litre scale . . . . . . . . . . . . . . . . . . . . . . . . . 92

6.3 Yeast oil production in an MBR on a litre scale . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 97

6.4 Yeast oil production scale-up to 50 L . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 100

7 Hydrolysis of Microalgal Biomass . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 109

7.1 Rheology of microalgal cell suspensions . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 109

7.2 Mechanical disruption of microalgal cells . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 111

7.2.1 Ultrasonication . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 112

7.2.2 Bead milling . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 113

7.2.3 High-pressure homogenization . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 116

7.3 Hydrolysis of microalgal biomass. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 118

7.3.1 Chemical and enzymatic hydrolysis of undisrupted cells . . . . . . . . . . . . . . . . . . . . . . . . . 118

7.3.2 Enzymatic hydrolysis after mechanical cell disruption . . . . . . . . . . . . . . . . . . . . . . . . . . . . 121

7.4 Elimination of phosphorus in microalgae hydrolysate . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 126

7.5 Composition of microalgae hydrolysate . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 130

8 Process Integration: Yeast Oil Production Using Microalgal Biomass Hydrolysate. . . . . . . . . . . . 133

8.1 Yeast oil production in a 1.5 L MBR using microalgae hydrolysate. . . . . . . . . . . . . . . . . . . . . . . 133

8.2 Fatty acid composition of yeast oil. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 137

8.3 Separation of yeast oil . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 139



iii

8.4 Overall carbon balance of the integrated process . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 145

8.4.1 Macromolecular and elemental composition of M. salina . . . . . . . . . . . . . . . . . . . . . . . . 146

8.4.2 Macromolecular and elemental composition of C. oleaginosus . . . . . . . . . . . . . . . . . . 147

8.4.3 Carbon balance . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 148

8.5 Comparison of the integrated process to oil production by microalgae . . . . . . . . . . . . . . . . . . 152

9 Summary and Outlook . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 159

References. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 171

List of Abbreviations and Symbols . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 183

A Appendices . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 191

A.1 Equipment Used. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 191

A.2 Materials Used . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 193



iv



Introduction 1

1. Introduction

The current climate crisis and the limited supply of fossil oils demand a rapid energy transition and

a switch to renewable, sustainable resources as raw materials in the industry. Due to the urgency of

the crises and the need for international cooperation for solutions, policy makers have already taken

steps towards regulating the future course of the industry (UNFCCC, 2016; European Comission,

2022). As a result, research focusing on alternative green production ways and low carbon energy

supplies has intensified substantially.

Microbial oils present a great potential for a sustainable change in the industry contributing to a

circular economy. Industrial waste streams and biogenic resources, such as biomass residues from

the forestry and agriculture sectors, are low-cost carbon sources that could be used for microbial

oil production. Moreover, industrial exhaust gases with high CO2 content or CO2 captured from

the atmosphere using efficient novel technologies could be utilized as feedstocks for the production

of these oils. The main candidates producing microbial or single-cell oils (SCOs) are oleaginous

microalgae and yeasts, both being intensively researched in recent years. Oleaginous microorgan-

isms can accumulate lipids of at least 20% of their dry weight (Thorpe & Ratledge, 1972), and some

oleaginous yeast strains are known to achieve a cellular lipid content of up to almost 90% (Abeln &

Chuck, 2021).

Microalgae are interesting SCO producers, in particular due to their ability to fixate CO2 into their

biomass with fixation efficiency reaching up to 90% (Schädler et al., 2019). However, due to their

relatively low lipid productivity, current application areas of microalgae remain limited to mainly

wastewater treatment (Brenner & Abeliovich, 2013; Kaplan, 2013), aquaculture supplying foodstuffs

(Becker, 2013; Muller-Feuga, 2013), and production of specific polyunsaturated fatty acids (PUFAs)

for use as nutraceuticals (Ratledge & Wynn, 2020). Oil production by oleaginous yeast, on the other

hand, can achieve very high productivities with high efficiency of carbon conversion into oils (Abeln

& Chuck, 2021). Nevertheless, yeast are heterotrophic microorganisms producing CO2 in the pro-

cess, so the advantages of yeast oil production depend on the carbon source used and the end use

of the oils.

Microbial oils can be an alternative to petroleum and vegetable oils, some of which are linked to

global deforestation, such as palm oil and cacao oil. Moreover, first-generation feedstocks used for

biodiesel production, such as rapeseed or soy bean competing with land and fresh water supplies

for food production, can be substituted by microbial oils (Abeln & Chuck, 2021). Techno-economic

analysis of the process shows the potential of microbial oils especially for production of oleochemi-

cals and other high-added-value products, but possibly also for biodiesel production in the future as

fossil oils become scarcer and prices rise (Koutinas et al., 2014; Ratledge & Wynn, 2020).
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2. Objectives

Microbial oil production from CO2 using microalgae has been researched intensively in recent

decades, receiving particular attention due to its potential for the carbon-neutral sustainable pro-

duction of fuels and other valuable biochemicals based on algal lipids. Still, microalgae processes

remain uncompetitive for the production of low-value-added products due to high production costs

entailed by low lipid productivity. This study suggests an alternative pathway to improve the pro-

ductivity of microbial oil production from CO2, utilizing microalgae and oleaginous yeasts in a single

integrated process.

Marine microalgae can fixate CO2 into their biomass with an efficiency of up to 90% using sunlight

as the energy source (Schädler et al., 2019). Lipid production in oleaginous microorganisms, such

as microalgae, is induced by the limitation of an essential nutrient such as nitrogen, phosphorus or

sulphur in the presence of a carbon source in excess. It has been previously shown that microalgae

growing fast without any nutrient limitation achieve a much higher areal productivity than lipid pro-

duction under growth-limiting conditions (Schädler et al., 2019). Therefore, it would be a reasonable

approach to utilize microalgae not for lipid production, but only for the fast and efficient CO2 fixation.

Microalgae biomass generated in this way can then be hydrolysed and used as a cultivation medium

for an oleaginous yeast to produce microbial oils with high productivity. Thus, utilizing microalgae

biomass as a carbon source, rather than a single-cell oil (SCO) producer, could be a better option for

a microbial oil factory, considering the advantages regarding process productivity. Previous studies

have already demonstrated it to be possible to utilize lipid-extracted and enzymatically hydrolysed

microalgae biomass with an oleaginous yeast on a laboratory scale (Younes et al., 2020; Meo et

al., 2017). Figure 2.1 illustrates the flowchart of the integrated oil production process studied in this

work, in which CO2 is fixated into microalgae biomass, which is then processed into a phosphorus-

depleted biomass hydrolysate and finally converted into microbial oils by oleaginous yeasts.

Cultivation systems for microalgal biomass production are divided into open and closed photobiore-

actors (PBRs). While the microalgae suspension in open PBRs is in direct contact with the atmo-

sphere, the culture in closed reactors is wholly separated from its surroundings. Closed cultivation

systems offer better control of the growth conditions, protection from external contamination to some

extent, and reduced evaporation. Still, the installation and operation of closed PBRs are considered

too expensive for the industrial production of low-value-added products due to their high complexity

and poor scalability (Zittelli et al., 2013). Therefore, the general assumption is that only simple open

cultivation systems can economically produce microalgae biomass as a raw material for the industry.

Accordingly, an open PBR is preferred for microalgal biomass production in this work.

Microalgal biomass production requires large areas due to the dependence of biomass growth on

energy influx per culture volume through sunlight. Hence, high areal productivity is crucial for the

profitability of any open microalgae cultivation system. Apel et al. (2017) applied a new type of scal-

able open thin-layer cascade (TLC) PBR to investigate microalgal growth under physical simulation

of suitable climate zones. The first objective of this study is to determine the necessary conditions

to achieve high biomass productivities and >90% CO2 fixation efficiency of microalgal biomass pro-
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duction in a TLC reactor on a pilot scale (50 m2) under realistic climate conditions. Additionally, a

suitable mode of operation with high efficiency is to be determined for continuous biomass produc-

tion.

One of the main challenges of microalgae cultivation in open PBRs is, alongside productivity issues,

the risk of contamination (Ratledge & Wynn, 2020). Thus, it is crucial to reduce this risk by grow-

ing microalgae that require extreme conditions unfavourable for potential contaminants. The marine

microalgae Microchloropsis salina is known to achieve relatively high growth rates of 0.03 h–1 with

a salinity optimum at 35 ppt and a pH optimum of 7.5–8.0 (Boussiba et al., 1987), which signifi-

cantly reduces the amount of contaminants in an open culture. High salinity of the algae culture

also makes it possible to use seawater as the cultivation medium, reducing freshwater consumption

and, thus, the cost and environmental footprint of microalgae production. Moreover, multiple studies

have shown that M. salina is well suited for biomass production in open TLC PBRs (Apel et al.,

2017; Pfaffinger et al., 2019; Schädler et al., 2019, 2021). Hence, M. salina is chosen for microalgal

biomass production in this work.

Figure 2.1: Flowchart of the integrated process for microbial oil production from CO2 using microalgae and
oleaginous yeasts. CO2 is fixated into microalgae biomass using sunlight, water and nutrients. After biomass
separation, hydrolysis and phosphorus depletion, microalgal biomass hydrolysate is used as the carbon
source for yeast oil production. Central substrate, intermediate and product streams of interest are high-
lighted in green, while the remaining inflow and side-product streams are marked in white.

Microalgae cultivation is followed by hydrolysis of the biomass, to be used as cultivation medium

for the oleaginous yeast. Generally, microalgae biomass grown under nutrient-replete conditions

has around 25% (w/w) carbohydrates and 50% (w/w) proteins (Schädler et al., 2019), both of which

could be converted into valuable carbon sources that can be utilized by oleaginous yeasts. This

would, for instance, correspond to around 50 g L–1 sugar concentration in a microalgal biomass

hydrolysate produced using a concentrated biomass with 250 g dry cell weight per litre (Meo et al.,

2017). Although considered typical for the waste streams or biomass hydrolysates generally used

as substrate for yeast cultivation (Moon et al., 1978; Masri et al., 2017; Yousuf et al., 2010; Yu et al.,

2011), such a low concentration of the carbon source is still very diluted in comparison to synthetic

media used in industrial processes. Therefore, it is important to employ an efficient biomass harvest
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and dewatering method to obtain a high-density whole-cell microalgae paste to keep the sugar con-

centration in the resulting biomass hydrolysate as high as possible.

Marine microalgae have rather complex and structurally stable cell walls, which are hard to disrupt

both mechanically and chemically (Spiden et al., 2013; Scholz et al., 2014; Hernández et al., 2015).

Besides, microalgae grown in nutrient-replete medium have a potential to build even stronger cell

walls than the cells grown in nutrient-limited medium (Jeong et al., 2017). Therefore, a combina-

tion of different cell disruption and hydrolysis methods will be examined in this study for the efficient

hydrolysis of the whole-cell microalgae paste. Mechanical cell disruption methods studied are se-

lected to be scalable and suited for continuous production, targeting high cell disintegration degree

with minimum energy input, whereas enzymatic hydrolysis of the disrupted microalgae cells aims

for maximum saccharification efficiency of the carbohydrates present in the microalgal biomass. For

process scalability, combinations of various commercially available enzyme mixtures will be tested

for biomass hydrolysis.

Lipid accumulation by oleaginous yeast cells is induced by deficiency of a nutrient required for

growth, accompanied by an excess of carbon sources in the medium. Phosphate elimination us-

ing precipitating agents is an uncomplicated and cheap option to create nutrient-depleted conditions

applicable on an industrially relevant scale (Sabelfeld & Geißen, 2011). Accordingly, in this study,

the preferred method for induction of lipid production by oleaginous yeast is limiting the phosphor

source. Inducing the oleaginous metabolism in yeasts by phosphor-limitation require a very high

ratio of carbon to phosphorus in the cultivation medium, and thus very low phosphorus concentra-

tions below 100 mg per litre (G. Zhang et al., 2011; Meo et al., 2017). Consequently, a very efficient

phosphor elimination method providing over 99% depletion is essential for the effectiveness of the

biomass hydrolysate as substrate for the yeast oil production.

Use of a diluted substrate as a cultivation medium means low product concentration in the end,

which results in higher costs in downstream processing. Utilization of a membrane bioreactor (MBR)

is very appropriate to be able to carry out high-cell-density yeast cultivation with a diluted medium

at low sugar concentrations. In this way, the residence time of the yeast cells in the bioreactor is

decoupled from that of the medium, enabling feeding of large amounts of substrate solution without

diluting the yeast suspension inside the bioreactor. In this study, an MBR (stirred-tank bioreactor

with cross-flow microfiltration in a bypass) will be employed with total cell retention to prevent any

loss of valuable lipid-producing and lipid-accumulating yeast cells.

The objective of the MBR operation is to achieve high volumetric lipid productivity with the yeast

while keeping the carbon conversion yield into microbial oils as high as possible. A very high cellular

lipid content at the end of the process is crucial to the latter. Also, while using an MBR, an accu-

mulation of sugars in the reaction medium would mean the loss of valuable carbon sources in the

permeate stream. In order to prevent that by keeping the sugar concentration as low as possible,

the dilution rate has to be kept relatively low. Hence, a favourable compensation state has to be

found in determining a low enough dilution rate while still supplying adequate substrate to achieve

high lipid productivity.
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Cutaneotrichosporon oleaginosus has been noted to be capable of utilizing a vast spectrum of sub-

strates as carbon source and accumulating over 70% of its dry weight as lipids (Moon et al., 1978;

Yaguchi, Rives, & Blenner, 2017). Furthermore, this yeast strain displays high tolerance against

growth inhibitors (Bracharz, Beukhout, et al., 2017; Yu et al., 2011, 2014; Yaguchi, Robinson, et al.,

2017), an ability to co-utilize various substrates and to grow in variable and harsh conditions found

in wastewater streams. All of these speak for the great potential of C. oleaginosus in the valorization

of wastes and residues. Therefore, C. oleaginosus is selected as the biocatalyst for oil production

in this study, considering the variety of carbon sources present in microalgal biomass hydrolysate,

which is to be used as the cultivation medium for microbial oil production.

Some conventional downstream processing possibilities are also explored in order to present a con-

cept covering a complete microbial oil production process. For the separation of microbial oils from

fermentation broth, solvent extraction is the method preferred. Hence, various solvents and pre-

treatment methods will be tested and compared based on the separation efficiency and the fatty

acid composition of the resulting extract.

Finally, a very detailed overall carbon balance of the integrated lipid production process will be

worked out making use of an elemental analysis of all the intermediate products, as well as the final

products. The aim of this study is to demonstrate the feasibility of the combined use of microalgae

and oleaginous yeasts to produce microbial oils from CO2 in an integrated process. A final com-

parison regarding productivity, conversion efficiency and costs of the two processes show potential

improvements to the microalgal lipid production and points out the most important aspects to be

considered for future process optimization.
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3. Theoretical Background

This chapter outlines the theoretical foundations used in this work. First of all, properties of oleagi-

nous microorganisms, in particular of microalgae and yeast, and their metabolic peculiarities regard-

ing carbon dioxide fixation and lipid production are described. Then, fundamental models used in

bioprocess engineering to characterize microbial cultivation processes in bioreactors are elucidated

in consideration of various modes of operation and special types of bioreactors of relevance to this

study. Finally, conventional cell disruption and hydrolysis methods are illustrated.

3.1. Oleaginous microorganisms

Microorganisms that can accumulate more than 20% of their biomass as storage lipids are called

oleaginous. Most microorganisms accumulate only a few percent of their biomass as lipids and

store energy in form of starch or glycogen or produce secondary metabolites instead. Oleaginous

species, on the other hand, convert excess carbon and energy into intracellular oil as storage, up to

90% of the cell weight being extractable oil (Ratledge & Wynn, 2020; Abeln & Chuck, 2021).

Microbial storage oils are referred to as single-cell oils (SCOs) and are typically composed of tria-

cylglycerols (TAG) (Ratledge & Wynn, 2020). Although there are also mould and bacterial species

known to be oleaginous, the main candidates for production of SCOs on industrially relevant scales

are oleaginous microalgae and yeast, both being intensively researched in recent years (Abeln &

Chuck, 2021). The following subsections give an overview of the lipid metabolism in oleaginous

species, as well as a summary of important features of microalgae and oleaginous yeast.

3.1.1. Lipid metabolism

Lipid production in oleaginous microorganisms is induced by limitation of an essential nutrient such

as nitrogen, phosphorus or sulphur in the presence of a carbon source in excess. The underlying

mechanism of lipid accumulation in oleaginous species under nitrogen limitation has been exten-

sively studied (Ratledge & Wynn, 2002; Ratledge, 2014; Abeln & Chuck, 2021). A schematic outline

of involved metabolites and enzymes is given in Figure 3.1. Shortly as described by Ratledge and

Wynn (2020):

• Adenosine monophosphate (AMP) is degraded to inosine monophosphate (IMP) by the en-

zyme adenosine deaminase (AD), which is activated under nitrogen starvation. Subsequently,

the activity of isocitrate dehydrogenase (ICDH) is reduced due to the lowered concentration of

AMP, which is a crucial cofactor of ICDH. This results in the accumulation of isocitrate in the

mitochondrion.

• Simultaneously, excess isocitrate is converted to citrate in a recation catalyzed by aconitase.

• Transport of citrate from the mitochondrion into the cytosol occurs, where it is cleaved un-

der adenosine triphosphate (ATP) consumption, yielding acetyl coenzyme A (acetyl-CoA) and

oxaloacetate. This reaction is catalyzed by ATP:citrate lyase (ACL).

• Acetyl-CoA is used for fatty acid biosynthesis through the action of fatty acid synthase (FAS).
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• Oxaloacetate is converted to malate by malate dehydrogenase (MDH) and malate is subse-

quently oxidized to pyruvate by malic enzyme (ME) generating NADPH (nicotinamide adenine

dinucleotide phosphate).

Figure 3.1: Outline of the main biochemical events leading to lipid accumulation in oleaginous microorgan-
isms. The key enzymes involved are adenosine deaminase (AD), isocitrate dehydrogenase (ICDH), TCA cycle
tricarboxylic acid cycle, ATP:citrate lyase (ACL), fatty acid synthase (FAS), malate dehydrogenase (MDH), and
malic enzyme (ME). Figure modified from Ratledge and Wynn (2020).

ACL and ME are crucial components in lipid metabolism of oleaginous species. These enzymes

contribute to elevated acetyl-CoA and NADPH levels, which are required to promote fatty acid (FA)

biosynthesis (Ratledge & Wynn, 2002). ACL is present only in oleaginous cells and thus is a key

enzyme to attribute oleaginicity to a microorganism (Ratledge & Wynn, 2020), whereas the function

of ME could be fulfilled also by other enzymes (Kourist et al., 2015). Variation in the amount of stor-

age lipids accumulated by different oleaginous microorganisms is mainly a result of their differences

regarding NADPH production. Cells, in which ME synthesis stays switched on during nitrogen star-

vation, also achieve the highest amounts of lipid content, compared to those, in which ME synthesis

is down-regulated after nitrogen exhaustion (Ratledge & Wynn, 2020).

3.1.2. Microalgae

The term algae covers a wide spectrum of eukaryotic, photosynthetic organisms that differ from

higher plants in their structure by having no specialized tissues like roots, stems, or leaves (Andersen,

2013). It includes both unicellular (microalgae) and multicellular organisms, such as seaweed. Al-

though most of them are aquatic organisms, some algae occupy terrestrial areas growing loosely on

soil, plants, and animals (Andersen, 2013).
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Microalgal cells vary in size in a range from a few micrometers typically to a few hundred microm-

eters in rare cases and can build aggregates. They are conventionally grouped according to their

light-harvesting photosynthetic pigments: Rhodophyta (red algae), Chrysophyceae (golden algae),

Phaeophyceae (brown algae), and Chlorophyta (green algae) (Masojídek et al., 2013). Due to their

similarities to microalgae, cyanobacteria, also called blue-green algae, are usually considered as

microalgae despite being prokaryotic (Andersen, 2013).

Even though microalgae can accumulate SCOs, they have rather low lipid productivities not allowing

a cost competitive commercial application to replace petrochemical oils for now (Ratledge & Wynn,

2020). At present, microalgae are used mainly for wastewater treatment (Brenner & Abeliovich,

2013; Kaplan, 2013), aquaculture supplying foodstuffs (Becker, 2013; Muller-Feuga, 2013), and

production of specific polyunsaturated fatty acids (PUFAs), such as docosahexaenoic acid, eicos-

apentaenoic acid, or arachidonic acid, for use as nutraceuticals (Ratledge, 2005). The FA compo-

sition of microalgal oils can vary a lot depending on the strain and can consist of FAs with a chain

length of 14 to 22 carbons (Ratledge & Wynn, 2020).

Phototrophic metabolism

Photosynthesis is a redox reaction driven by light energy captured by chlorophyll molecules, in which

carbon dioxide and water are converted into carbohydrates as follows:

H2O+CO2 → (CH2O) + O2

This net balance can be split into two steps as light reactions and dark reactions as shown in Figure

3.2 (Masojídek et al., 2013). In the light reactions light energy is converted to chemical energy in

form of NADPH and ATP as follows:

2H2O→ 4H+ +O2 + 4e−

In the dark reactions, these reducing agents, NADPH and ATP, are utilised to convert carbon dioxide

to carbohydrates as follows:

CO2 + 4H+ + 4e− → (CH2O) + H2O

Figure 3.2: Net balance of light and dark reactions of photosynthesis. Figure modified from Masojídek et al.
(2013).

The dark reactions are commonly refferred to as Calvin Benson Bassham cycle (CBB cycle) and

govern carbon fixation into biomass (Masojídek et al., 2013; Barsanti & Gualtieri, 2022). The key

enzyme in the CBB cycle is ribulose-1,5-bisphosphat-carboxylase (RuBisCO) using ribulose-1,5-
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bisphosphate (RuBP) and carbon dioxide as substrate to produce two molecules of 3-phosphoglycerate

(G3P), which then undergo several reactions before being integrated into biomass. However, Ru-

BisCO also has oxygenase function and can use RuBP and oxygen as substrate generating one

G3P and one 2-Phosphoglycolate (2-PG) molecule. While one of the two carbons in G3P can be

recovered in the process of photorespiration, one carbon is lost as CO2. In most cases 2-PG is

excreted adding to the carbon loss, which represents a significant inefficiency in the carbon assimi-

lation process also wasting photosynthetic energy (Beardall & Raven, 2016).

Factors affecting microalgae growth

For choosing the optimal growth conditions for biomass production it is important to know the pa-

rameters that affect the growth and the lipid productivity of microalgae. The most important of these

are light and nutrient availability. Light as energy source is one of the two main substrates of pho-

tosynthesis. Since light is attenuated exponentially in microalgae suspensions, the influx and the

distribution of light in a culture is very important in a reactor system. In dense cultures with above

1 g L–1 dry biomass around 90% of the photons would be absorbed in the first centimetre causing

severe light inhibition for algae in this section, while the algae below this layer are severely light

limited (Beardall & Raven, 2013). Reducing the optical pathway and ensuring sufficient mixing of

the microalgae suspension is therefore very crucial to achieving high biomass productivity in algal

cultures by allowing the cells to switch adequately between light and dark reactions and thus CO2

fixation to catch up with photon capture.

Figure 3.3: Influence of pH on the relative concentration of different carbon species for water under standard
conditions (25 °C, 1 atm) plotted using pKA1 = 6.35 and pKA2 = 9.84 at zero ionic strength (Pines et al., 2016).

The second main substrate of photosynthesis is CO2 as the carbon source. Atmospheric CO2 only

is not enough to achieve high productivities in dense microalgae suspensions, which requires addi-

tional CO2 supply. In open reactor systems CO2 dissolved in water is in equilibrium with atmospheric

CO2 at the gas-liquid phase boundary and in the liquid phase present in equilibrium with other forms
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of dissolved inorganic carbon (DIC) being carbonic acid, bicarbonate, and carbonate as follows:

CO2 +H2O 
 H2CO3 
 HCO−
3 +H+ 
 CO2−

3 + 2H+

Increasing acidity of the aqueous phase shifts the equilibrium towards CO2, while in basic solutions

bicarbonate and carbonate dominate as shown in Figure 3.3 (Acién et al., 2016).

CO2 can enter the cells by diffusion across the plasmalemma, whereas cell membranes are essen-

tially impermeable to bicarbonate. However, many algae possess an active transport system for

both CO2 and bicarbonate, which gets activated depending on the dissolved CO2 level (Beardall &

Raven, 2013). As microalgae in a suspension take up dissolved CO2, more CO2 is produced from

bicarbonate and carbonate under consumption of H+, which causes an increase in the pH. On the

other hand, when CO2 supplied into a microalgae suspension in gaseous form dissolves, it gener-

ates more bicarbonate and carbonate as well as H+, causing a drop in the pH. Hence, it is possible

to keep the pH of a microalgae suspension constant at a set-point by controlling the CO2 supply only.

While pH determines the distribution of individual DIC species, the absolute concentrations depend

on total alkalinity (TA), which is the acid neutralization capacity of water based on its negatively

charged ion content consisting mostly of carbonates and can be approximated as follows:

TA = [HCO−
3 ] + 2[CO2−

3 ] + [OH−]− [H+]

By definition, TA has an influence on both the pH control of the microalgae suspension due to buffer-

ing capacity and the CO2 uptake efficiency by determining the concentrations of DIC species. At

lower TA of the suspension, the concentration of dissolved CO2 in the liquid phase is lower reducing

the loss of CO2 into the atmosphere due to being in equilibrium with the atmospheric CO2. This in

return increases the CO2 uptake efficiency in the microalgae suspension.

Oxygen being one of the main products of photosynthesis accumulates in microalgae suspensions

over time. As mentioned before, the key enzyme of carbon fixation (RuBisCO) in microalgae has

both carboxylase and oxygenase activity. This means, at high oxygen to CO2 ratios the rate of pho-

torespiration increases compared to photosynthesis reducing the overall carbon fixation and energy

utilization efficiencies (Jacobi & Posten, 2013). This problem can be circumvented in closed reactor

systems via stripping the oxygen out of the liquid phase by active supply of an oxygen-deplete gas

stream, whereas open reactor systems require a surface to volume ratio high enough to allow ade-

quate material exchange surface with the atmosphere to keep the dissolved oxygen concentration

low. In both systems keeping the partial pressure of CO2 high in the inlet gas stream is very impor-

tant to minimize photorespiration (Jacobi & Posten, 2013).

Temperature affects all metabolic processes in a cell through various mechanisms and optimal tem-

perature range of a particular algae strain has a significant effect on productivity. In general, reaction

and material transport rates are higher at higher temperatures. When at their optimum temperature,

algae are better able to utilise the available light and are less likely to be significantly photoinhib-

ited. Higher temperatures are coupled with increased photorespiration, whereas lower temperatures
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favour increased photoinhibition (Borowitzka, 2016). Furthermore, lower temperatures also reduce

the biomass loss at night caused by respiration (Borowitzka, 2016).

Salinity is an important factor at reducing the susceptibility of a culture to contaminations as men-

tioned before. In most industrial applications saline or brackish water is used for algae cultivation

to diminish the fresh water consumption. This, however, creates a challenge in open reactor sys-

tems due to water evaporation causing an increase of salinity over time. Thus, using a microalgae

species with a broad range of tolerated salinity is an advantage. Microalgae in nature grow in waters

of varying salinity, ranging from freshwater to hypersaline lakes. The salinity range tolerated by each

species depends on its osmoregulatory system, by which an adaptation to higher salinity occurs via

accumulation of osmoregulatory solutes inside the cell (Borowitzka, 2016).

There are many more complex interactions between the factors mentioned, the metabolism of the

specific microalgae strain, and the composition of the reaction medium, as well as the environmental

conditions for the open pond systems, which affect the microalgal biomass and lipid production. For

instance, the availability of other nutrients such as nitrogen, phosphorous, and iron has a significant

influence on cellular growth. Also temperature, pH, alkalinity and salinity all affect CO2 solubility

and thus microalgal growth and other process metrics such as CO2 fixation efficiency. The effects

explained here are limited to the ones having the greatest influence on microalgae cultivation.

3.1.3. Oleaginous Yeasts

Yeasts are eukaryotic microorganisms classified as fungi. They are predominantly unicellular, al-

though some can become multicellular via formation of strands of elongated buds or formation of

true hyphae like typical filamentous fungi (Kurtzman & Piskur, 2006). Yeast cell size varies greatly.

Some may be only 2–3 µm in length, whereas others may reach 20–50 µm, while having a width of

1–10 µm (Feldmann, 2012). Yeasts are chemoorganotrophs, using organic compounds as carbon

and energy source. They use mainly sugars as carbon source, although some are known to be able

to utilize nonconvential carbon sources. Yeasts can grow in both aerobic and anaerobic conditions

and produce energy by oxidative respiration or fermentation (Feldmann, 2012). In a review on the

taxonomic diversity of oleaginous yeasts Sitepu et al. (2014) report over 70 oleaginous species.

Considering there are more than 2000 yeast species (Radecka et al., 2015) oleaginicity is a rare

property among yeasts.

Oleaginous yeasts are reported to be superior for possible commercial lipid production over other

microorganisms such as microalgae, due to their fast growth, high lipid content and productivity

(Sawangkeaw & Ngamprasertsith, 2013). Some oleaginous yeast strains are known to achieve a

cellular lipid content of up to almost 90% (Abeln & Chuck, 2021). The FA composition of yeast

oils can vary a bit depending on the strain, but is limited to FAs with a chain length of 16 and 18

carbons consisting of palmitic acid, palmitoleic acid, stearic acid, oleic acid, and linoleic acid similar

to vegetable oils (Ratledge & Wynn, 2020). In recent years, more research has been focused on

advancing yeast lipid technology as a sustainable oil source of oil replace palm, cacao and soybean

oil, mostly as a novel route to advanced biofuels, but not excluding the potential use in other indus-

tries (Abeln & Chuck, 2021).
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Growth and lipid production of oleaginous yeasts are affected mainly by the availability of nutrients

and oxygen, type of carbon source utilized, as well as pH and temperature of the cultivation medium.

To achieve a high cellular lipid content a pH range of 5.0–6.0 and a temperature range of 25–35 °C

were reported as optimal in literature (Moon et al., 1978). The type of nutrient being limited and

the degree of nutrient limitation, commonly specified as a C-to-nutrient ratio, also have a substantial

influence on lipid productivity.

Lipid metabolism

General lipid metabolism of oleaginous microbes under nitrogen limitation was described in Subsec-

tion 3.1.1. However, the exact metabolic pathway activated for lipid production depends on the spe-

cific strain, the type of nutrient limitation, and the carbon source used. Even though lipid metabolism

in oleaginous yeasts under nitrogen limitation is well studied, there is still little information on lipid

metabolism under limitation of other nutrients, such as phosphorus or sulphur.

Figure 3.4: Multi-omic responses to phosphorus limitation and lipid accumulation by R. toruloides. Green
indicates up-regulated gene, protein, or enriched metabolite, while red indicates down-regulated gene, pro-
tein, or lowered metabolite. TAG: triacylglyceride; DAG: diacylglyceride; PA: phosphatidate; PL: phospholipid;
CoA: coenzyme A; RNA: ribonucleic acid; NMP: nucleoside monophosphate; AMP: adenosine monophos-
phate; CMP: cytidine monophosphate; GMP: guanosine monophosphate; UMP: uridine monophosphate; Pi:
inorganic phosphate. Figure modified from Y. Wang et al. (2018).

Y. Wang et al. (2018) investigated the lipid accumulation in Rhodosporidium toruloides under phos-

phorus limitation and revealed potential mechanisms taking place as shown in Figure 3.4. First,

mechanisms involving inorganic phosphate (Pi) scavenging are activated leading to degradation of

polyphosphate, nucleic acids, and phospholipids (PLs). Secondly, Pi depletion results in ribonucleic
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acid (RNA) degradation and represses ribosome biosynthesis, which in return reduces cell repro-

duction. Thirdly, genes contributing to protection of lipids from degradation are up-regulated. In

addition, levels of enzymes producing acetyl-CoA from citrate, pyruvate, and acetate increase no-

tably. Moreover, consumption of acetyl-CoA for production of other metabolites is reduced. Finally,

citrate and isocitrate accumulate due to reduced AMP levels leading to increased flow of carbon into

lipid biosynthesis, similarly to nitrogen-limited conditions.

Inducing lipid production without any nutrient limitation using acetate as the sole carbon source or

as a co-substrate is also reported to be possible and suggested as a higher lipid productivity alter-

native to nutrient limitation, since the latter also affects cell growth negatively (Masri et al., 2019;

Gong et al., 2015). The reason for a shift of metabolism towards lipid production in the presence of

acetate is likely due to the activity of the enzyme acetyl-CoA synthetase (ACS) using ATP to convert

acetate directly to acetyl-CoA, which is the main precursor of the FA biosynthesis pathway, although

the effects on the whole transcriptome and lipid metabolism are still to be investigated.

3.2. Growth kinetics and process models

3.2.1. Growth kinetics

Nowadays it’s not uncommon to build metabolic network models of a microorganism based on ge-

nomic data available to estimate key process figures such as growth rate, product formation rate or

substrate uptake rate. However, it remains a challenge to identify thousands of parameters of a ki-

netic model for a single cell, let alone for more complex heterogeneous cell populations. Therefore,

the most conventional method for describing cellular growth is still the use of a black-box model,

where biomass is assumed to be not segregated, not structured and completely homogeneous

(Weuster-Botz & Takors, 2018). In this case, the determination of cell dry weight (CDW) only is

sufficient to characterize the biocatalyst.

Figure 3.5: Growth curve with an initial cell dry weight concentration of cX,0.
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In a batch cultivation with nutrient-replete medium under ideal reaction conditions, the increase in

cell mass can be described as a function of time, which comprises of different growth phases as

shown in Figure 3.5. In the beginning a lag-phase is observed, in which cells adapt to the new

reaction conditions. Once they start to take up and utilize substrate from the medium, they grow with

an ever increasing rate (transition phase I) until their growth becomes exponential and the maximum

growth rate possible is reached (exponential phase). After a while, growth rate starts to decrease

again (transition phase II), which may be due to a variety of reasons such as substrate depletion, ac-

cumulation of toxic metabolites or a growth inhibiting product. At some point, growth rate decreases

so much to equal the cell death rate resulting in constant cell mass (stationary phase). Finally, cells

start dying out and to lyse, which leads to a decrease in cell mass (death phase).

The cell-specific growth rate (µ) is defined as follows:

µ =
1

cX
· dcX
dt

(3.1)

where cX is the CDW concentration and t is the process time. In exponential phase cells grow with-

out limitation and the maximum growth rate is achieved and maintained. Thus, when µ is constant

and equal to µmax, Equation (3.1) can be integrated to yield:∫ cX

cX,0

1

cX
· dcX = µmax ·

∫ t

0
dt (3.2a)

ln

(
cX
cX,0

)
= µmax · t (3.2b)

cX = cX,0 · eµmax·t (3.2c)

Growth rate can also be described as a function of a limiting substrate concentration, which is often

the case during transition phase II (see Fig. 3.5). For this, the saturation kinetics introduced by

Monod (1949) is most commonly used:

µ = µmax ·
cS

KS + cS
(3.3)

where cS is the substrate concentration and KS is the saturation constant, which is equal to the

substrate concentration, at which growth rate is equal to half of µmax.

There are many substrates, that can inhibit cellular growth, when present in excess such as alcohols

and sugars. In this case, as suggested by Andrews (1968), growth rate can be expressed as:

µ = µmax ·
cS

KS + cS +
c2S
KI

(3.4)

where KI is the inhibition constant, which is equal to the substrate concentration, at which growth

rate is approximately equal to half of µmax if KI � KS .

In order to grow, cells first need to take up substrate from their environment. Analogous to the

specific growth rate, a specific rate for substrate uptake (qS) and a specific rate of product formation
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(qP ) can be defined:

−qS =
1

cX
· dcS
dt

=
rS
cX

(3.5)

qP =
1

cX
· dcP
dt

=
rP
cX

(3.6)

where cP is the product concentration, rS is the volumetric substrate uptake rate, and rP is the

volumetric product formation rate. Growth rate and substrate uptake rate can be related to define a

biomass yield coefficient (YXS,µ):

YXS,µ =
µ

qS
=
dcX
dcS

=
rX
rS

(3.7)

where rX is the rate of biomass production. If the limiting substrate is used also for product forma-

tion, then product yield coefficients related to substrate uptake rate (YPS) and to biomass formation

rate (YPX ) can be defined as follows:

YPS =
qP
qS

=
dcP
dcS

=
rP
rS

(3.8)

YPX =
qP
µ

=
dcP
dcX

=
rP
rX

(3.9)

YPS is commonly referred to as product selectivity, whereas YPX as specific productivity.

Substrate taken up by cells can be used for growth (qS,µ), cell maintenance (qS,m), and product

formation (qS,P ). This can be expressed as:

qS = qS,µ + qS,m + qS,P (3.10)

If there is no product formation and the cell specific uptake rate of a limiting substrate for mainte-

nance of the cellular metabolism is assumed to be constant, following can be applied to Equation

(3.10):

qS,P
!
= 0

qS,m = mS

qS,µ =
µ

YXS,µ

The consideration of substrate consumption for cell maintenance requires, however, a slight modifi-

cation to the model used for describing growth rate, which finally provides a more explicitly defined

version of Equation (3.10) as follows:

µ = µmax ·
cS

KS + cS
−mS · YXS,µ (3.11a)

qS =
1

YXS,µ
· µ+mS (3.11b)

=
1

YXS,µ
·
(
µmax ·

cS
KS + cS

−mS · YXS,µ
)
+mS (3.11c)
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3.2.2. General material balance of ideal stirred-tank bioreactors

A bioreactor is any device or system, in which a chemical conversion of materials is carried out in

the presence of and assisted by a biocatalyst. Growing or inactive whole cells as well as isolated

enzymes can be a biocatalyst. Each process model and equation presented here is based on

the assumption of a single-phase, ideally mixed, homogeneous reaction medium. In other words, all

component concentrations, for example of a substrate, and physical properties, such as temperature,

are the same at every point of the reaction volume. Thus, all reaction rates are independent of

location inside the reactor. This assumption is sufficiently justified for laboratory-scale bioreactors

with adequate energy input (Takors & Weuster-Botz, 2018). In a bioreactor, as well as in any system

with defined boundaries, the change of mass of a species i is equal to the mass of i entering the

system minus the mass of i exiting the system plus the mass of i generated inside the system, which

can be formulated as:

dmi

dt
= ṁi,in − ṁi,out + ri · VR (3.12a)

= V̇in · ci,in − V̇out · ci,out + ri · VR (3.12b)

mi Mass of species i, g
t Time, h
ṁi,in Mass flow of species i entering the system, g h–1

ṁi,out Mass flow of species i exiting the system, g h–1

ri Volumetric rate of generation reaction of species i, g L–1 h–1

VR Reaction volume, L
V̇in Volumetric flow of species i entering the system, L h–1

ci,in Concentration of species i in the inlet stream, g L–1

V̇out Volumetric flow of species i exiting the system, L h–1

ci,out Concentration of species i in the outlet stream, g L–1

Notice that ri can be positive or negative depending on if i is generated or consumed. Using the

product rule used to find the derivative of the product of multiple functions, following applies for the

change of mass of species i:

dmi

dt
=
d(ci · VR)

dt
= VR ·

dci
dt

+ ci ·
dVR
dt

(3.13)

where ci is the concentration of species i in the reaction volume. Combining equations (3.12b) and

(3.13), the general mass balance equation for i is derived:

VR ·
dci
dt

+ ci ·
dVR
dt

= V̇in · ci,in − V̇out · ci,out + ri · VR (3.14)

Mass balance equations used for different process types elaborated in following subsections are all

modified versions of this general mass balance equation. Further specification of the generation

term (ri) depends on the growth and reaction kinetics of species i as described in Subsection 3.2.1.
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3.2.3. Batch and fed-batch processes

Batch process

Batch processes are characterized by the initial availability of all ingredients required for a bio-

conversion process. In case of microbial cultivation, this means that all desired nutrients required for

cellular growth are provided at the beginning of the process. Minimal amounts of agents for pH and

foam control can be added, but these are presumed to be negligible changes to the reaction volume.

Additionally, in some cases such as in aerobic cultivations, where active aeration takes place, or in

photosynthetic cultivations, where active CO2 supply is required, the exchange of gaseous phases

are ignored and the process is still considered to be a batch process, unless there is an exchange

of liquid medium.

Since there are no inlet and outlet streams in batch processes, (dVR/dt) = 0, V̇in = 0, and V̇out = 0

hold true. Thus, for batch processes Equation (3.14) is simplified to:

dci
dt

= ri (3.15)

By combining the mass balance described in Equation (3.15) and the kinetics described in equations

(3.5) and (3.6), the change in the concentrations of substrate (cS), CDW (cX ), and product (cP ) can

be expressed as:
dcS
dt

= rS = −qS · cX = − µ

YXS,µ
· cX (3.16)

dcX
dt

= rX = µ · cX (3.17)

dcP
dt

= rP = qP · cX =

(
YPS ·

µ

YXS,µ

)
· cX (3.18)

In aerobic processes oxygen acts as a further substrate, so that equations (3.5) and (3.7) pertaining

to the cell specific substrate uptake rate (qS) and the yield coefficient (YXS,µ), respectively, are valid

for oxygen as well. In such processes ensuring sufficient oxygen supply is very critical and dis-

solved oxygen levels are usually monitored and controlled. The mass balance for dissolved oxygen

concentration in reaction medium of a batch cultivation can be formulated as follows:

dcO2

dt
= OTR−OUR = kLa · (c∗O2

− cO2)−
µ

YXO2

· cX (3.19)

OTR Oxygen transfer rate, g L–1 h–1

OUR Oxygen uptake rate, g L–1 h–1

kLa Volumetric gas transfer coefficient of oxygen, h–1

c∗O2
Saturation concentration of oxygen in reaction medium, g L–1

cO2 Concentration of oxygen dissolved in reaction medium, g L–1

YXO2 Biomass yield coefficient of oxygen, g g–1

Another way for calculating the change of a gaseous component in a reactor system over time is to

make up a molar balance of inlet and outlet gas streams. This method has a broader applicability,
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since it can be used for any gaseous component as long as the composition of inlet and outlet gas

streams are known. Under the assumption of an ideal gas as well as constant temperature and

pressure, the molar balance of O2 is given as (Takors & Weuster-Botz, 2018):

dnO2

dt
= ṅO2,in − ṅO2,out =

P

R · T
· (V̇g,in · YO2,in − V̇g,out · YO2,out) (3.20)

nO2 Molar amount of O2, mol
ṅO2,in Molar flow rate of O2 at the inlet stream, mol h–1

ṅO2,out Molar flow rate of O2 at the outlet stream, mol h–1

P Absolute pressure, atm
R Ideal gas constant (R = 0.0821 L atm mol–1 K–1)
T Temperature, K
V̇g,in Volumetric flow rate of gas inlet stream, L h–1

YO2,in Molar fraction of O2 in the inlet gas stream, -
V̇g,out Volumetric flow rate of gas outlet stream, L h–1

YO2,out Molar fraction of O2 in the outlet gas stream, -

However, the volumetric flow rate of the outlet gas stream is not equal to that of the inlet stream,

since O2 is consumed, CO2 is generated, and the exhaust gas stream can have humidity up to the

saturation point after being in contact with the liquid phase. Therefore, the total moles of gas going

in and out of the reactor system are not the same. However, air supplied to the reactor has an inert

component, namely N2, around which a molar balance can be made as (Takors & Weuster-Botz,

2018):

ṅN2,in = ṅN2,out ⇒
V̇g,in

V̇g,out
=
YN2,out

YN2,in
(3.21)

where ṅN2,in and ṅN2,out are the molar flow rate of N2 at the inlet and the outlet stream, and YN2,in

and YN2,out are the molar fractions of N2 in inlet and outlet gas streams, respectively. This equation

enables the expression of V̇g,out in terms of known parameters. Assuming that air consists of only 3

components being N2, O2, and CO2, molar balance of O2 can be rewritten as:

dnO2

dt
=
P · V̇g,in
R · T

·
(
YO2,in −

1− YO2,in − YCO2,in

1− YO2,out − YCO2,out
· YO2,out

)
(3.22)

where YCO2,in and YCO2,out are the molar fractions of CO2 in inlet and outlet gas streams, respec-

tively. Following the definition, oxygen uptake rate (OUR) can be expressed in molar units as:

OUR = −dnO2

dt
· 1

VR
(3.23)

Similarly to Equation (3.20), molar balance on CO2 can be expressed as:

dnCO2

dt
=
P · V̇g,in
R · T

·
(
YCO2,in −

1− YO2,in − YCO2,in

1− YO2,out − YCO2,out
· YCO2,out

)
(3.24)

where nCO2 is the molar amount of CO2. Thus, a molar carbon emission rate (CER) can be defined

as:

CER = −dnCO2

dt
· 1

VR
(3.25)
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The ratio of CER to OUR is called respiratory quotient (RQ):

RQ =
CER

OUR
(3.26)

which is dependent on the metabolism of a specific strain as well as the substrate used and can be

used as a signal for on-line process quality assessment (Takors & Weuster-Botz, 2018).

Fed-batch process

In a fed-batch process there is an inlet stream of components into the bioreactor, but no outlet

stream exiting the reactor, so that the reaction volume increases over time. This implies V̇out = 0

and (dVR/dt) = V̇in for fed-batch processes. Applying these to Equation (3.14) and rearranging the

equation gives:
dci
dt

=
V̇in
VR
· (ci,in − ci) + ri (3.27)

So the change in substrate concentration (cS) can be expressed as:

dcS
dt

=
V̇in
VR
· (cS,in − cS)− qS · cX (3.28)

which shows, that the substrate concentration increases by addition of feed medium and decreases

due to dilution of the reaction medium as well as consumption by cells, simultaneously. In a fed-

batch process it is possible to adjust the medium feed rate so that a low substrate concentration

is maintained, which can be desirable in cases of excess substrate inhibition or toxic by-product

formation. Moreover, by adjusting the medium feed rate accordingly, the growth rate can be kept

constant over a certain period of time using an exponential feeding method. Assuming a constant

substrate concentration (dcS/dt = 0), a highly concentrated feeding solution (cS,in � cS), as well

as exponential growth (see Eq. 3.2c), volumetric flow rate for a constant growth rate (µset) can be

calculated from Equation (3.28) as follows:

V̇in =
VR · µset · cX,0
YXS,µ · cS,in

· eµset·t (3.29)

Since cX,in = 0 and cP,in = 0 in the feed stream, Equation (3.27) yields following expressions for

CDW (cX ) and product (cP ) concentrations:

dcX
dt

=
V̇in
VR
· (−cX) + µ · cX (3.30)

dcP
dt

=
V̇in
VR
· (−cP ) + qP · cX = cX ·

(
qP −

V̇in
VR

)
(3.31)
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3.2.4. Continuous and semi-continuous processes

Continuous process

Continuous processes are characterized by simultaneous addition of feed medium and removal of

reaction medium with the same volumetric flow rate to maintain a constant reaction volume. In this

way, after a certain process time a steady state is achieved, in which all component concentrations

(CDW, substrate, and product) are constant over time. Since V̇in = V̇out = V̇ , and thus (dVR/dt) =

0 in continuous processes, applying these to Equation (3.14) and rearranging the equation gives:

dci
dt

=
V̇

VR
· (ci,in − ci,out) + ri (3.32)

The dilution rate (D) for a continuous process is defined as the ratio of volumetric flow rate to reaction

volume as follows:

D =
1

τ
=

V̇

VR
(3.33)

whereas the inverse of the dilution rate is known as the mean hydraulic residence time (τ ). Under

the assumption of an ideally mixed homogeneous reaction volume, all component concentrations

in the outlet stream are equal to their concentrations in the reaction medium (ci,out = ci). Using

Equation (3.33) with cS,out = cS the substrate concentration in a continuous process is expressed

as follows:
dcS
dt

= D · (cS,in − cS)− qS · cX (3.34)

Similarly, applying cX,in = 0 and cX,out = cX to Equation (3.33) the CDW concentration can be

described as:
dcX
dt

= D · (−cX) + µ · cX = cX · (µ−D) (3.35)

In the same manner, applying cP,in = 0 and cP,out = cP gives the following for the change of product

concentration over time:

dcP
dt

= D · (−cP ) + qP · cX = qP · cX −D · cP (3.36)

After a sufficiently long process time a steady-state is achieved, where component concentrations

are constant over time ((d/dt) = 0). In this case, the above equations can be modified as follows:

µ = D (3.37)

qS =
D

cX
· (cS,in − cS) (3.38)

qP =
D

cX
· cP (3.39)

Equation (3.37) directly implies that a stable operation of a continuous process with dilution rates

higher than the maximum growth rate (D > µmax) is not possible. In this case, since the dilution

rate exceeds the generation rate of new cells, a wash-out of the cells from the reactor occurs, as

shown in Figure 3.6 for D ≥ Dmax.
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For a continuous production process, space-time-yield (STY) is defined as:

STYi = D · ci (3.40)

The ideal operation point is thus achieved using the dilution rate, at which the STY of the desired

product is at maximum.

Figure 3.6: Plot of STYX , CDW concentration (cX ), and substrate concentration (cS) as a function of dilution
rate in steady state of a continuously operated stirred-tank reactor (STR) modified from Takors and Weuster-
Botz (2018).

Semi-continuous process

In semi-continuous processes, also called a repetitive batch process, process operation is very sim-

ilar to a batch process. However, in this case, a partial harvest of the reaction medium takes place

in predetermined time intervals. The culture remaining inside the reactor acts as inoculum for the

following batch cycle. The reaction volume removed from the reactor is immediately replaced with

fresh medium to avoid nutrient depletion for the next batch cycle. This mode of operation might also

be called repetitive fed-batch, if there is a continuous medium feed into the reactor. In principle,

a semi-continuous process can be treated analogously to a batch or fed-batch process regarding

process modelling.

3.2.5. Photobioreactors

A photobioreactor (PBR) is a reactor system used for photosynthetic cultivation of microalgae, which

transforms the environmental conditions to be suited for optimal growth in microalgal suspensions.

These can be open or closed, while the open PBR are also described as ponds. Examples to the

closed systems are flat plate and tube bioreactors, whereas open systems can be, for instance,

designed as raceway ponds or thin-layer cascade (TLC) bioreactors (Apel et al., 2017).
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PBRs differ from other bioreactors by having a light supply to sustain photosynthetic cells. Here

light can be regarded like a fourth phase in the reactor overlapping with the other three being cells,

liquid medium, and gas phase (Chmiel & Weuster-Botz, 2018). The gas phase supplied contains

CO2, either pure or enriched, unlike in aerobic processes, since it acts as the carbon source for

autotrophic growth. However, light is the most important substrate for phototrophic cells. Around

43% of sunlight is in the photosynthetically usable wavelength range (400–700 nm), which is called

photosynthetically active radiation (PAR) (Chmiel & Weuster-Botz, 2018). Radiation intensity, also

called photon flux density (PFD), is described as amount of photons flowing onto a unit area per

unit time and considered as the limiting substrate in microalgae cultivation processes. Pfaffinger et

al. (2016) demonstrated that the Beer-Lambert law, formulated as follows, is valid for microalgae

processes:

I = I0 · el·cX ·ε (3.41)

I Light transmitted over the layer thickness, µmol m–2 s–1

I0 Incident photon flux density, µmol m–2 s–1

l Thickness of the optical path, cm
ε Specific extinction coefficient, L g–1 cm–1

In their model Pfaffinger et al. (2016) used the concept of mean integral PFD (I∗) defined by Molina

Grima et al. (1997) as follows:

I∗ =
1

L
·
∫ L

0
I(cX , l) · dl =

I0 · (1− eL·cX ·ε)

L · cX · ε
(3.42)

where L is the layer thickness of the PBR. Considering light as a limiting substrate combining equa-

tions (3.4) and (3.42) yields:

µ = µmax ·
I∗

KSP + I∗ + I∗ ·
(

I∗

KIP

)ϕ (3.43)

KSP Saturation constant for photon flux density, µmol m–2 s–1

KIP Photoinhibition constant, µmol m–2 s–1

ϕ Sensitivity factor, -

which is a model describing a mean specific growth rate validated by Pfaffinger et al. (2019) for

processes with the microalgae strain Microchloropsis salina in flat plate and TLC PBRs used in this

work.

3.2.6. Membrane bioreactors

A membrane bioreactor (MBR) is a device with an integrated membrane-based separation module

and a bioreactor to enable retention of a biocatalyst inside the reactor, either partially or completely.

This might be desirable in cases, where excess amounts of a substrate or a product inhibit product

formation. Additionally, for continuous processes, in which the concentration of a biocatalyst in reac-

tion medium is directly proportional to STY, it might be advantageous to retain the biocatalyst in the
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reactor to allow much higher productivities than possible in a standard continuous process. Hence,

the use of an MBR enables decoupling of the residence time of the cells in a reactor from that of the

medium, reducing technical limitations to the productivity of a continuous process.

Table 3.1: Filtration types used for MBR processes distinguished by the size of retained solids as specified by
Koros et al. (1996).

Process Size range Retained substance

Microfiltration > 0.1 µm Particles (yeast, bacteria, pollen, cells)

Ultrafiltration 2.0 nm – 0.1 µm Macromolecules (virus, proteins)

Nanofiltration < 2.0 nm Molecules

An MBR system can be set up both by placing a filter module inside the reactor or by connecting an

external filtration unit to the reactor as a bypass. In principle, filtration processes used in MBR sys-

tems differ by the size of particles to be retained as stated in Table 3.1 and by the technical design

of the filter unit as shown in Figure 3.7.

Figure 3.7: Process flow for microfiltration. A: dead-end flow; B: cross-flow; C: dead-end flow with a filter
module suspended inside an STR to reduce cake formation on filter surface utilizing agitation of reaction
medium. Figure was modified from Geankoplis (2003).

If a cross-flow filter is used as an external bypass, cell suspension is pumped externally through

the filter module. Permeate flow through the membrane is driven by pressure drop through the

membrane, known as the trans membrane pressure (TMP):

TMP =
Pin + Pout

2
− Pperm (3.44)

where Pin and Pout are the pressure values at the inlet and outlet streams across the filter module,

whereas Pperm is the pressure on the permeate outlet stream. A portion of the retentate can be

directed to the outlet stream, whereas the remaining retentate flows back into the reactor, which

is also called the reflux stream. Thus, volumetric flow rates of all inlet and outlet streams for a

continuous process in an MBR can be described as:
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V̇ = V̇in = V̇out = V̇out,perm + V̇out,ret = V̇in,filter − V̇reflux (3.45)

V̇out,perm Volumetric flow rate of permeate outlet stream, L h–1

V̇out,ret Volumetric flow rate of retentate outlet stream, L h–1

V̇in,filter Volumetric flow rate of feed into the filter module, L h–1

V̇reflux Volumetric flow rate of retentate fed back to the reactor , L h–1

In an MBR process the degree of cell retention can be adjusted by changing V̇reflux from partial to

total retention, which is characterized by a parameter called reflux ratio (α) as follows:

α =
V̇reflux

V̇out
(3.46)

where α = 1 corresponds to a standard continuous process without cell retention, while α = 0

indicates a continuous process with total cell retention. For 0 < α < 1 Equation (3.35) becomes:

dcX
dt

=
V̇out,ret
VR

· (−cX) + µ · cX = cX · (µ−
V̇out,ret
VR

) (3.47)

In case of total cell retention, where α = 0 since V̇out,ret = 0, the change of CDW concentration in

reaction medium is described analogously to a batch process by Equation (3.17). For substrate and

product concentrations equations (3.34) and (3.36) hold, similarly to a continuous process. How-

ever, Equation (3.37) equating growth rate to dilution rate in steady state does not apply here, which

allows setting a dilution rate higher than the maximum growth rate (D > µmax) for stable steady

state operation of a continuous production process.

To prevent fouling and consequent blocking of a membrane in a cross-flow filtration module, some

critical parameters should be adjusted carefully. Among these are the shear rate across the fibres or

capillaries of a filter unit and the Reynolds number. Shear rate (γ̇) is the rate of change in velocity, at

which a fluid layer passes over an adjacent one, and is determined for Newtonian fluids in stationary

tube flow as follows (Chmiel & Walitza, 2018):

γ̇ =
4

π
· V̇
r3

(3.48)

where V̇ is the volumetric flow rate through a single tube and r is the tube radius. In a cross-flow

filtration process, the shear rate of a suspension flowing through individual tubes of the filtration

module should be kept high enough to reduce fouling layer formation on the membrane by washing

off the membrane surface. As Equation (3.48) suggests, this can be achieved by ensuring an ade-

quately high volumetric flow rate through the filter unit depending on the inner diameter of a single

tube inside the filter and the total number of tubes.

Reynolds number (Re) characterizes the type of flow inside the capillaries and is defined as follows

for flow through a tubular structure:

Re =
ρ · V̇ · (2 · r)

µ ·A
(3.49)
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where ρ is the fluid density, V̇ is the volumetric flow rate through a single capillary, r is the capil-

lary radius, µ is the dynamic viscosity of the fluid, and A is the cross-sectional area of the capillary

(Chmiel & Walitza, 2018). For Re < 2100 the flow is always laminar and for Re > 4000 turbulant in

most cases (Geankoplis, 2003). Between these values the flow is in transition state with Re = 2300

generally accepted as the critical point, at which the transition to turbulent flow occurs (White, 2011).

Sustaining turbulent flow in cross-flow filtration is important in an MBR process to ensure sufficient

mixing of the suspension flowing through individual tubes and prevent clogging due to fouling layer

formation on the membrane.

3.3. Cell disruption and biomass hydrolysis

Disruption of cell wall and membrane is an important step in bioprocesses to recover intracellular

products or to make intracellular contents available for further processing. There is a variety of dis-

ruption methods applicable for cell disruption, which are divided into two main groups according to

their working mechanism. Figure 3.8 summarizes the classification of cell disruption methods ex-

amined in this work along with their working principles and important parameters influencing their

effectiveness (Günerken et al., 2015). These methods were selected specifically for their applicabil-

ity in continuous processes on an industrial scale.

Figure 3.8: Classification of cell disruption methods examined divided into mechanical and non-mechanical
methods, presented together with the specific working mechanism of each. Green highlighted boxes indicate
important process parameters specifically for each method. Information illustrated here originates from a
review article by Günerken et al. (2015).

Bead milling

Bead mills are used for grinding both wet and dry materials mainly for particle size reduction, but

also for cell disruption in bioprocessing. Beads and cell material are filled into a horizontally posi-

tioned cylindrical container, which either rotates on a horizontal axis or swings vertically. In this way,

cells are disrupted both by getting mechanically smashed between beads and container wall and by

frictional forces applying solid shear stress. For industrial-scale continuous bead milling processes
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commonly an agitator bead mill is used. Laboratory-scale devices such as a table-top mixer mill can

be used in preliminary experiments to determine the bead properties and expected milling duration

suitable for a certain cell type and density. The most important aspect is the determination of suitable

bead size and material for the disruption of a certain cell type with a certain cell density (dry material

or wet mass with a certain CDW content). As a general rule for wet grinding applications, it is impor-

tant to use bead materials with a higher density than that of the cell mass to be ground. The density

of beads is positively proportional to the energy they can transfer into mechanical compaction upon

collision. Examples to different bead materials commonly used are low density materials such as

glass and high density materials like steal or zirconium oxide. Bead sizes usually vary between

0.1–5 mm depending on application. Growth phase and conditions also affect cell composition and

durability of cell wall, and are thus to be taken into account in bead selection. Bead filling of the

grinding container, agitation speed, milling duration, and cooling of cell material are further param-

eters to be determined with the actual milling equipment used. Despite its many advantages for

industrial processes, such as high disruption efficiency and throughput, good temperature control,

commercial availability, easy scale-up, and low labour requirement, bead milling is still considered

less favourable for low-cost production processes because of its high energy demand due to ineffi-

cient energy transfer (Günerken et al., 2015).

Ultrasonication

Ultrasonication is a liquid-shear method for cell disruption, which is used primarily in laboratory-

scale applications. Ultrasound, sound of frequency higher than 15 kHz, is known to disrupt cells

in suspension at high acoustic power inputs (Chmiel, 2018). High frequency acoustic waves initi-

ate a cavitation process and a propagating shock wave forms jet streams in the surrounding liquid

medium causing cell disruption by high shear forces (Günerken et al., 2015). Cavitation is the for-

mation and sudden implosion of gas bubbles in liquids as a result of quick changes in pressure.

Basically, micro-bubbles in a liquid form spontaneously if the pressure drops below the evapora-

tion pressure of the liquid, while they collapse if the pressure suddenly rises again, which releases

immense amounts of energy locally in form of pressure and temperature (Chmiel, 2018). In these

micro-regions of extreme conditions temperatures as high as 5000 °C and pressures up to 100 MPa

are estimated to prevail (Günerken et al., 2015). Thus, average temperature of the treated material

rises very quickly during ultrasonication, which requires cooling, especially for high cell density sus-

pensions. There are two main types of ultrasound devices on a bench-top scale: ultrasonic baths

and ultrasonic horn homogenizers, the second being the suitable option for continuous applications.

For scale-up it is important to keep ultrasonic amplitude, frequency and time spent in the active

cavitation zone unchanged. However, in industrial-scale implementations ultrasonication loses its

effectiveness drastically (Chmiel, 2018) and is generally not preferred due to high energy consump-

tion concerns.

High-pressure homogenization

In a high-pressure homogenizer (HPH) cell suspension flowing against a valve functioning as a pis-

ton pump enters the valve chamber in a pulsating flow at very high pressures up to 2000 bar, which
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causes a sudden pressure drop upon opening of the valve for a very short duration, accelerating

the suspension across the valve opening with a 90° angle against an impact ring before exiting the

valve chamber. In this way, cell disruption is achieved through high-pressure impact of the accel-

erated fluid as well as hydrodynamic cavitation caused by rapid pressure drop (Chmiel, 2018), as

described above for ultrasonication. Even small changes to the design and construction of the valve

of a HPH affect the disruption efficiency significantly. Effectiveness of cell disruption is mostly in-

fluenced by working pressure as well as number of passes and flow rate through the HPH. Since

the rheology and flow characteristics of a cell suspension depend largely on cell density, HPH ap-

plications for highly viscous cell suspensions with high CDW concentrations are reported to be less

efficient and entail technical limitations. The main drawback of using HPH is thus the use of low

CDW concentrations under 100 g L–1 increasing the energy demand of downstream processing,

although it is among the most preferred methods for industrial-scale cell disruption (Günerken et al.,

2015).

Chemical hydrolysis

Chemical hydrolysis is commonly used for digestion of lignocellulosic biomass. It covers acid and

alkali treatments of cell masses both requiring high temperatures around 120 °C to be efficient, al-

though acid treatments at high temperatures (around 160 °C) generally lead to a higher degree of

cell disruption (Günerken et al., 2015). Acid hydrolysis is catalysed by strong Brønsted acids such

as H2SO4, which are applied at 3-5% (v/v) of the cell suspension. Higher concentrations cause

side reactions leading to degradation of sugars to other molecules, therefore reducing sugar yield

(Talukder et al., 2012). Besides, high temperature and alkali induced protein denaturation make

these techniques less favourable in many cases (Molina Grima et al., 2003). Additionally, chemical

alterations of desired products, low effectiveness in cases of strong recalcitrant cell walls, and large

amounts of acid or base required are further downsides of chemical cell disruption and hydrolysis

for industrial applications.

Enzymatic hydrolysis

Enzymatic cell disruption is an excessively studied method due to its biological specificity, mild op-

erating conditions, low energy requirements, and low capital investment with many applications in

medicine, food industry, agriculture, and for recovery of intracellular products (Günerken et al., 2015).

Enzymes bind to and act on specific molecules in cell membrane and cell wall structures causing

their degradation. Since the discovery of lysozyme, which is an antimicrobial enzyme hydrolysing

bacterial cell walls, many studies have contributed to the understanding of working mechanisms

of lytic enzymes (Salazar & Asenjo, 2007). Recombinant production and protein engineering also

contribute to the potential for new applications. Depending on the structure and composition of the

cells to be hydrolysed different enzymes acting on polysaccharides, peptides or lipids are utilized.

Choosing the right combination of hydrolytic enzymes requires caution and should take into account

the desired product or end-use of the resulting hydrolysate. If the desired product is a protein, for ex-

ample, proteases should be avoided. Major applications of lysozymes are related to the extraction of

nucleic acids and release of recombinant proteins from susceptible cells (Salazar & Asenjo, 2007).
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On the other hand, for a biorefinery process, in which biomass hydrolysate, rich in monosaccha-

rides and proteins, itself is the desired product, a combination of various hydrolytic enzyme activities

would be required (Masri et al., 2017; Younes et al., 2020). Apart from cell type, growth phase and

conditions also significantly affect cell composition, and thus enzyme activities required for hydroly-

sis.

Major parameters influencing the efficiency of enzymatic hydrolysis are enzyme type and dosing with

respect to CDW concentration, treatment duration, and adequate agitation of the reaction medium,

which provides for sufficient enzyme-substrate contact. Additionally, optimal pH and temperature

specific to the selected enzymes should prevail to achieve maximum enzymatic activity. Generally,

an enzymatic treatment is gentle, has a high selectivity and scale-up is relatively easy. Neverthe-

less, long process times, low production capacity compared to mechanical or chemical methods,

and product inhibition are disadvantages of enzymatic cell disruption (Harun & Danquah, 2011;

Günerken et al., 2015). However, enzymatic biomass hydrolysis can be combined with mechanical

cell disruption techniques to improve hydrolysis efficiency.
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4. Materials and Methods

4.1. Strain information

The microalgae strain Microchloropsis salina (SAG 40.85), formerly known as Nannochloropsis

salina, was obtained from the Culture Collection of Algae at the University of Göttingen (Göttin-

gen, Germany). Figure 4.1 shows a light microscope image of M. salina cells, which are typically

spherical with a diameter of 2–4 µm. They are single cells without motility accessories such as flag-

ella or haptonema and aren’t prone to form colonies, aggregates or biofilm (Andersen, 2013).

Figure 4.1: Light microscope image of Microchloropsis salina with 50x magnification in bright field.

The oleaginous yeast strain, Cutaneotrichosporon oleaginosus (ATCC 20509), was purchased from

the German Collection of Microorganisms and Cell Cultures (DSMZ) (Braunschweig, Germany) as

a dried culture, where it is registered under DSM number 11815. This strain was formerly known

as Candida curvata D, Apiotrichum curvatum, Cryptococcus curvatus, Trichosporon cutaneum, and

Trichosporon oleaginosus, respectively (Yaguchi, Rives, & Blenner, 2017).

Figure 4.2: Light microscope image of Cutaneotrichosporon oleaginosus with 50x magnification in bright field
A: grown in nutrient-replete medium B: grown in phosphorus-depleted medium.
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Figure 4.2 shows light microscope images of C. oleaginosus cells (A) grown in nutrient-replete con-

ditions and (B) grown in phosphorus-depleted medium with single-cell oils (SCOs) clearly visible as

intracellular droplets. The morphology yeast cells vary a lot depending on culture conditions and

growth stage. Cells growing in nutrient-replete complex medium are typically elliptic with a width of

2–8 µm and a length from 5 up to 20 µm varying greatly in size and shape. Lipid accumulating C.

oleaginosus cells are on the other hand morphologically more homogeneous being rather spherical

with a diameter of 3–10 µm.

4.2. Cultivation media and solutions

The microalga strain M. salina was cultivated with a modified version of the artificial seawater (ASW)

medium (see Table 4.1 and 4.2) described by Boussiba et al. (1987). The modification is the usage

of urea as nitrogen source instead of KNO3. The concentrations of the salts NaCl, MgSO4 and

CaCl2 were kept constant in the reaction medium, whereas the remaining medium components

were supplied as a concentrated solution additionally throughout the cultivation to keep the urea

concentration at 0.5–1.5 g L–1.

Table 4.1: Composition of the artificial seawater (ASW) medium modified from Boussiba et al. (1987).

Salts Concentration, g L–1

NaCl 27.0

MgSO4 · 7 H2O 6.6

CaCl2 · 2 H2O 1.5

Nutrients Concentration, g L–1

Urea 0.297

KH2PO4 0.070

FeCl3 · 6 H2O 0.014

Na2EDTA · 2 H2O 0.021

Concentration, mL L–1

Trace element solution (20,000×) 0.05

Table 4.2: Composition of the 20,000× concentrated trace element solution for ASW medium.

Component Concentration, g L–1

ZnCl2 0.80

H3BO3 12.00

CuCl2 · 2 H2O 0.80

MnCl2 · 4 H2O 12.58

(NH4)6Mo7O24 · 4 H2O 7.40
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Long-term maintenance of the yeast C. oleaginosus was realized using cryo-stocks of the cells in

25% (v/v ) glycerine containing medium stored at –80 °C. The preculture medium used to suspend

the cryo-stocks and for the fed-batch cultivations on a 3 L scale was yeast-peptone-dextrose (YPD)

medium (see Table 4.3). The culture was incubated in 4 x 0.5 L shaking flasks with 100 mL filling

volume each at 30 °C and 150 rpm for 1 d.The preculture used for other experiments on a litre

scale and in the membrane bioreactor on a 50 L scale was incubated in concentrated YPD medium

(see Table 4.4) in 8 x 2 L shaking flasks with 400 mL filling volume each at 30 °C and 150 rpm for 3 d.

Table 4.3: Composition of the yeast-peptone-dextrose (YPD) medium for preculture.

Component Concentration, g L–1

Yeast extract 20

Peptone from casein 10

Glucose 20

Table 4.4: Composition of the concentrated YPD medium for preculture.

Component Concentration, g L–1

Yeast extract 60

Peptone from casein 20

Glucose 60

Table 4.5: Composition of the defined medium modified from Hassan et al. (1996) for the cultivation of C.
oleaginosus.

Component Concentration, g L–1

Glucose 40.0

Mannose 10.0

(NH4)2SO4 12.0

KH2PO4 0.025

MgSO4 · 7 H2O 1.0

Concentration, mL L–1

Antifoam 204 1.0

Trace element solution (100×) 10.0

Vitamin solution (100×) 10.0

Kanamycin sulphate (1,000×) 1.0

Tetracycline hydrochloride (1,000×) 1.0
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The medium used for fed-batch and semi-continuous cultivations in the membrane bioreactor was

a modified version of the defined medium published by Hassan et al. (1996) as given in Table 4.5.

The changes to the medium aimed to imitate the sugar content and the composition of a microal-

gae hydrolysate based on literature data (Meo et al., 2017) and to achieve the desired degree

of phosphorus-depletion in the medium by adjusting a certain C/P mass ratio. This was done by

changing the concentration of KH2PO4 in the medium in dependence of the sugar concentration

and the desired C/P ratio. The concentrations given in Table 4.5 correspond to a C/P ratio of 3515 g

g–1. This is the standard medium composition used in this work unless stated otherwise specifically.

The compositions of the trace element and vitamin solutions used for this medium are given in Table

4.6 and 4.7.

Kanamycin and tetracycline solutions contained 100 g L–1 kanamycin sulphate in deionized water

and 100 g L–1 tetracycline hydrochloride in 50% (v/v ) ethanol in water mixture. The vitamin and an-

tibiotic solutions were filter-sterilized (0.22 µm filter) and added into the medium prior to inoculation.

All other medium components were sterilized at 121 °C for 20 min.

Table 4.6: Composition of the trace element solution (100×) for the yeast cultivation medium.

Component Concentration, g L–1

CaCl2 2.72

ZnSO4 · 7 H2O 0.75

CuSO4 · 5 H2O 0.13

CoCl2 · 6 H2O 0.13

MnSO4 · H2O 0.50

(NH4)6Mo7O24 · 4 H2O 0.61

Table 4.7: Composition of the vitamin solution (100×) for the yeast cultivation medium.

Component Concentration, g L–1

Myo-inositol 12.5

Nicotinic acid 0.5

Calcium D(+)-pantothenate 0.678

Thiamine hydrochloride 0.560

Pyridoxine hydrochloride 0.753

D(+)-Biotin 0.0125

Phosphate buffered saline (PBS) and washing saline (see Table 4.8 and 4.9) were used to wash the

preculture cells if needed. In cases where a complete phosphorus-depletion of the inoculum was

required, washing saline was used instead of PBS.
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Table 4.8: Composition of phosphate buffered saline (PBS).

Component Concentration, g L–1

NaCl 8.00

KCl 0.20

Na2HPO4 1.44

KH2PO4 0.24

Table 4.9: Composition of the saline used for washing the preculture cells.

Component Concentration, g L–1

NaCl 8.00

KCl 0.20

4.3. TUM-AlgaeTec Center and climate simulation

In this study all experiments regarding the production of microalgal biomass were conducted at the

TUM-AlgaeTec Center, a facility for pilot-scale microalgae research at realistically simulated climate

conditions located in Taufkirchen, Germany. The TUM-AlgaeTec Center and the specifications of

the climate simulation were described previously in detail by Apel et al. (2017). Figure 4.3 shows the

external view of the TUM-AlgaeTec Center with green light-emitting diode (LED) lighting in the glass

halls, where the thin-layer cascade (TLC) photobioreactors were located. The first hall containing

two TLC reactors with 4 m2 surface area was used for preculture generation. The second hall with six

TLC reactors, each with 8 m2 surface area, was used for preliminary examination of the cultivation

conditions. The third hall containing the pilot-scale TLC reactor with 50 m2 surface area was used

for scale-up and for biomass production at large.

Figure 4.3: Exterior view of the TUM-AlgaeTec Center with green LED-lighting in the reactor halls with climate
simulation.
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The glass facade of the halls allowed natural sunlight to reach the reactors, the amplitude and the

wavelength of which were measured by a spectroradiometer (Flame, Ocean Optics, Dunedin, USA)

located directly under the glass roof. The solar radiation measured was complemented by local ra-

diation with LED-based artificial sunlight (FutureLED, Berlin, Germany) in the 400–750 nm range to

achieve the target photosynthetically active radiation (PAR) according to the simulated climate data.

Air temperature and humidity were automatically controlled by air conditioning and natural ventilation

depending on the local outdoor conditions. For the physical climate simulation, the data chosen was

from 15 June 2012 in Almería, Spain, as depicted in Figure 4.4.

Figure 4.4: Daily time courses of air temperature (red), air humidity (blue) and global irradiation (black) of
June 15, 2012 in Almería, Spain as the target climate for physical climate simulation.

4.4. Design and operation of thin-layer cascade photobioreactors

Design and construction of the thin-layer cascade (TLC) photobioreactors in the TUM-AlgaeTec Cen-

ter were described previously in detail by Apel et al. (2017). As shown in Figure 4.5, these consisted

of two polyethylene channels with an inclination of 1° in opposite directions placed next to each

other and connected with a flow reversal module, so that the microalgae suspension fed from the

highest point of the upper channel can flow through both channels freely reaching the retention tank

at the lowest point of the lower channel. The microalgae suspension is then circulated back into the

inlet module using a centrifugal pump (MKPG, Ventaix, Monschau, Germany). This was different

only for the pilot-scale TLC photobioreactor, which has a retention tank and a circulation pump at

the end of each channel, making it possible to connect any amount of channels in sequence. pH of

the microalgae suspension was controlled at pH 8.5 during the day by addition of pure CO2 through

a gassing unit with perforated hoses (Solvocarb® and Solvox® B, Linde, Pullach, Germany) installed

in the retention tanks. pH and temperature of the microalgae suspension were measured using

a combination electrode (tecLine 201020/51-18-04-18-120, Jumo, Fulda, Germany) located in the
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retention tank and connected to a transmitter (ecoTrans pH 03, Jumo, Fulda, Germany). The temper-

ature of the suspension was only measured, not controlled. Volumetric flow rate of the microalgae

suspension was measured using a magnetic-inductive sensor (MIK, Kobold, Hofheim, Germany)

placed after the circulation pump. Additionally, a level sensor (LFFS, Baumer, Friedberg, Germany)

was placed in the retention tank to check the liquid level inside the tank. When this fell below the

pre-adjusted level due to evaporation, tap water was automatically added through a solenoid valve

(Type 52, Gemü, Ingelfingen, Germany) to keep the suspension volume in the reactor constant. De-

sign and operational specifications of the TLC photobioreactors on different scales are presented in

Table 4.10. Salinity and total alkalinity (TA) of the microalgae suspension were measured at-line and

the TA was controlled by manual addition of sulphuric acid into the suspension.

Figure 4.5: Image of a TLC photobioreactor in operation for microalgae cultivation.

In each experiment the reactors were inoculated with enough microalgae suspension from the

preculture reactor to achieve a starting CDW concentration of 0.3-0.5 g L–1 in order to prevent a

previously observed photoinhibition at the beginning of the cultivation. The minimum initial CDW

concentration required for the pilot-scale reactor was determined to be 0.7 g L–1 empirically. Af-

ter inoculation all reactors were run under a physical climate simulation as described in Section
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4.3. Feed medium was supplied into the reactor always in concentrated form to avoid a significant

change of the reaction volume. Three different modes of operation were examined in this study to

determine, which one of them allows maximum biomass productivity: batch mode, semi-continuous

mode, and continuous mode.

Table 4.10: Specifications of the TLC photobioreactors on different scales.

Specification Preculture
scale

Experimental
scale

Pilot scale

Surface area 4 m2 8 m2 50 m2

Working volume 40 L 55 L 330 L

A/V ratio 100 m–1 145 m–1 152 m–1

Flow rate 2.0 L s–1 2.4 L s–1 4.8 L s–1

Channel length 1.7 m 3.7 m 12 m

Channel width 1 m 1 m 2 m

Channel slope 1° 1° 1°

Layer thickness 0.6 cm 0.6 cm 0.6 cm

In all processes, concentrations of the medium salts (NaCl, MgSO4 and CaCl2) were kept constant in

the reaction medium, whereas the remaining medium components were supplied as a concentrated

solution additionally over the whole process to avoid nutrient depletion in the medium and to keep the

urea concentration at 0.5–1.5 g L–1. For easier description, the average nutrient feed rate (rfeed,ave)

in batch and semi-continuous experiments is expressed in terms of a factor (F ) of the nutrient

concentration in the ASW medium as follows:

rfeed,ave =
mnutrient,in

VR · t
=
F · cnutrient,ASW

t
= F ×ASW per day (4.1)

where mnutrient,in is the mass of nutrients fed, VR is the reaction volume (i.e. volume of algae

suspension inside the reactor), t is the process time in days, and cnutrient,ASW is the nutrient con-

centration in the ASW medium as given in Table 4.1.

All batch processes were started with a nutrient concentration of 2× that of ASW medium. Batch pro-

cesses were ended after reaching the maximum integral productivity. Semi-continuous processes

were started the same way as batch processes. Semi-continuous operation began after the microal-

gae suspension had reached the desired CDW concentration, which corresponds to the preselected

biomass density value at the start of each day. Thereafter, everyday at 10 a.m. except on week-

ends, a portion of the suspension was harvested from the reactor and was replaced with fresh ASW

medium in order to bring the CDW concentration to the desired value. Additional concentrated feed

medium was added manually whenever needed to keep the urea concentration in the desired range

throughout the process.
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Figure 4.6 depicts the process flow for continuous operation of TLC photobioreactors. Continuous

processes also began the same way as batch processes. The switch to continuous operation was

started after the microalgae suspension had reached the desired CDW concentration. This CDW

concentration was estimated based on the corresponding expected growth rate, which is equal to the

dilution rate in a continuous process (see Subsection 3.2.4). Thereafter, concentrated feed medium

in an external feed tank (Type TR 5/L made of black polyethylene, Aricon Kunststoffwerk GmbH,

Solingen, Germany) was supplied into the reactor continuously by a peristaltic pump. Microalgae

suspension was pumped into an external collection tank (Type TR 5/L made of standard polyethy-

lene, Aricon Kunststoffwerk GmbH, Solingen, Germany) for 12 hours everyday from 7 a.m. to 7 p.m.

to avoid washing out of the cells in the night time when the cell growth is minimal due to the lack

of light supply. Volumetric flow rate of the outlet stream in these 12 hours is set to twice that of the

inlet stream, so that the daily harvested suspension volume equals the daily feed medium volume

supplied into the reactor. Hence, the dilution rate specified for each experiment is a daily average.

Figure 4.7 shows the actual set-up of the pilot-scale TLC photobioreactor in continuous operation.

Figure 4.6: Process flow for continuous microalgal biomass production in TLC photobioreactors. Concentrated
feed medium in an external feed tank is supplied into the reactor continuously by a peristaltic pump and
microalgae suspension is pumped into an external collection tank with the same volumetric flow rate as the
feed stream. Once enough suspension has been accumulated in the collection tank, the microalgal biomass
is harvested by centrifugation. The dashed line refers to a possible recycling of the waste medium (clear
phase) exiting the centrifuge as feed.

In continuous processes, the concentration of the feed medium was adjusted to a factor (CF ) of the

nutrient concentration in the ASW medium without changing the concentration of medium salts (i.e.

NaCl, MgSO4 and CaCl2), depending on the dilution rate (D) and the desired feed rate. Similarly to

batch and semi-continuous processes, the nutrient feed rate (rfeed) in each continuous experiment
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is expressed in terms of a factor (F ) of the nutrient concentration in the ASW medium as follows:

rfeed =
mnutrient,in

VR · t
(4.2a)

=
cnutrient,feed · Vfeed

VR · t
(4.2b)

=
CF · cnutrient,ASW · (VR ·D · t)

VR · t
(4.2c)

= CF ·D · cnutrient,ASW (4.2d)

= F ×ASW per day (4.2e)

where mnutrient,in is the mass of nutrients fed, VR is the reaction volume (i.e. volume of algae sus-

pension inside the reactor), t is the process time in days, Vfeed is the volume of the feed medium

supplied, D is the dilution rate, and cnutrient,ASW is the nutrient concentration in the ASW medium

as given in Table 4.1. For instance, with a 20× concentrated feed medium (CF = 20) and a dilution

rate of 0.175 d-1, the feed rate (rfeed) is expressed as 3.5× ASW per day, meaning F = 3.5.

Figure 4.7: Pilot-scale TLC photobioreactor in continuous operation.

After enough microalgae suspension had been accumulated in the collection tank, the microalgal

biomass was harvested by centrifugation. In Figure 4.6 a dashed line was used to emphasize a

possible recycling of the waste medium (clear phase) exiting the centrifuge as feed to facilitate an

efficient use of resources.

4.5. Microalgal biomass harvest

In this work, microalgal biomass generated is further processed into a hydrolysate in a process re-

quiring high CDW concentrations up to 250 g L–1. Therefore, the collected microalgae suspension

had to be dewatered and concentrated significantly into a wet paste. To this end, microalgal biomass
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was harvested using a continuous centrifuge with spiral plate technology (Evodos 50A, Evodos B.V.,

Raamsdonksveer, Netherlands).

Figure 4.8: Evodos™ centrifuge with spiral-plate technology. A: Interior view of the centrifuge; B: depiction of
the spiral plate technology showing curved plates hinged onto a vertical shaft viewed from the top.

Spiral plate technology encompasses rotating curved plates hinged onto a vertical shaft inside a

sliding cylindrical drum to reduce particle settling distances as shown in Figure 4.8. This technol-

ogy combined with the continuous and fully automated design of the centrifuge provides a major

improvement in the dewatering efficiency of microalgae biomass and a reduction in the overall oper-

ational costs (Pahl et al., 2012).

Dewatering of microalgal biomass was conducted with Evodos™ 50A centrifuge using the settings

given in Table 4.11 and the equipment set-up shown in Figure 4.9. Biomass in form of microalgae

paste was discharged with 30 minutes intervals and was gathered from the collecting tray below the

centrifuge drum at the end of centrifugation. Water content of the harvested biomass was deter-

mined by gravimetric measurement to be around 70% (w/w) for all batches. The microalgal biomass

was frozen and stored at –20 °C until further processing.
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Figure 4.9: Exterior view of Evodos™ centrifuge connected to the pilot-scale TLC photobioreactor. Microal-
gae suspension pumped into the collection tank continuously is fed to the centrifuge using the associated
progressing cavity pump located on the floor to the left of the centrifuge compartment. The control cabinet
with a touch screen display panel is located on the right side of the hall door.

Table 4.11: Operational settings of Evodos™ 50A centrifuge with spiral plate technology.

Separation Parameter Value

Step 1 Rotor speed 4.000 min–1

Feed rate 500 L h–1

Duration 1 min

Step 2 Rotor speed 4.200 min–1

Feed rate 500 L h–1

Duration 2 h

General Start of centrifuge by rotor speed 4.000 min–1

Drum prefill settling time 240 s

Solids compressing time 120 s

Pump Pulsing time 0 s (Pulsing off)

Pump Pulsing off time 10 s
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4.6. Design and operation of the stirred-tank bioreactor

Batch and fed-batch processes on a litre scale were carried out in a baffled glass stirred-tank biore-

actor (Labfors 3, Infors HT, Bottmingen, Switzerland) with a working volume of 1–6 L. The reactor

had an agitator with three 6-bladed Rushton turbines, a curved drilled hole sparger for gassing, a

tempering jacket, a pH and a dissolved oxygen sensor, a thermometer, addition ports on the reactor

cover for inoculum, feed and titration solutions, and an exhaust gas port with a condenser and a

foam trapping unit. In fed-batch processes feed medium was added via a peristaltic pump (BVP

Easy-Load II, Ismatec, Wertheim, Germany). The stirred-tank bioreactor used in this work is de-

picted in Figure 4.10 together with the flow diagram of a fed-batch process.

Figure 4.10: Stirred-tank bioreactor used for batch and fed-batch processes on a litre scale. A: Flow diagram
of a fed-batch process; B: stirred-tank bioreactor with an STR, control station, pH control solutions, and foam
trapping unit (coated glass bottle) on exhaust gas line.

Process parameters such as temperature, agitation rate, aeration rate, pH and dissolved oxygen

level (pO2) were controlled via a control station connected to a PC using the software Iris v5. For

controlling pO2 a control sequence adjusting agitation and aeration rates was run using the software.

For automated pH control 1 M H2SO4 and 1 M KOH solutions were used. In cases where nitrogen

depletion was to be omitted ammonia solution (25% (w/w)) was used as base for pH regulation.

pH and pO2 sensors were calibrated using two-point calibration method before each cultivation. pH

sensor calibration was carried out using standard calibration solutions with pH 4 and pH 10. For

the pO2 sensor 0% and 100% values were adjusted after gassing with N2 and pressurized air, re-
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spectively, and achieving a constant measured value. Process parameter settings applied for all

experiments carried out in this stirred-tank reactor (STR) are given in Table 4.12.

Table 4.12: State variables for operation of the stirred-tank bioreactor.

Process parameter Value

Working volume 3 L

Temperature 30 °C

pH 6.5

pO2 >20%

Aeration rate 2–6 NL min–1

Agitation 400–1200 rpm

4.7. Design and operation of the membrane bioreactors

Figure 4.11: Flow diagram of the MBR with total cell retention on a 1.5 L scale.

For high-cell-density yeast cultivation two membrane bioreactors (MBRs) with total cell retention

were used. The MBR used for experiments on a 1.5 L scale consisted of the stirred-tank bioreactor

(Labfors 2, Infors HT,Bottmingen, Switzerland) described in Section 4.6 and a hollow fibre microfiltra-

tion module (CFP-2-E-4A, Cytiva Europe GmbH, Freiburg, Germany) connected to it as an external

bypass as shown in Figure 4.11. The microfilration unit had a membrane area of 0.042 m2. Feed

medium was added via a peristaltic pump. Fermentation broth was circulated through the bypass
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across the hollow fibre module by a peristaltic pump, whereas permeate was drawn via another.

TMP was kept in the range of 0.5–1.0 bar by manually regulating the volumetric flow rate of the

reflux stream via a ball valve.

Figure 4.12 shows the actual setup used for the MBR system on a 1.5 L scale during a running

experiment. Each cultivation was started in batch mode. After complete consumption of sugars in

the fermentation medium marked by a sudden increase in pO2, the MBR operation was switched to

semi-continuous mode. In the semi-continuous mode of operation, the feed is supplied into the MBR

continuously with a constant rate, whereas filtering out of the used up medium from the reactor is

done only for 8 hours during the day. This method entails a constant change in liquid volume inside

the reactor in a preset range; however, it also reduces the time of microfiltration per process time so

that energy consumption associated with medium filtration is reduced by two thirds compared to a

fully continuous operation.

Figure 4.12: MBR with total cell retention on a 1.5 L scale.

The feed was started with and kept constant at a rate of 1.1 g sugars L–1 h–1 based on initial liquid

volume in the MBR. From this value, volumetric flow rate of the feed stream (V̇in) was calculated



46 Materials and Methods

based on initial fermentation volume and sugar concentration of feed medium as follows:

V̇in =
QS · VR,0
cS,feed

(4.3)

where QS is the sugar feed rate based on initial fermentation volume, VR,0 is the initial liquid volume

in the reactor, and cS,feed is the substrate concentration in feed medium. In addition, permeate flow

rate was adjusted depending on the feed flow rate so that the liquid volume inside the MBR was

reduced from 5.26 L at the beginning of each day to 1.20 L at the end of the day within 8 h. Since

there was no filtration but only the feed flow into the reactor at night, the liquid volume inside the

MBR increased from 1.20 L to 5.26 L overnight within 16 h. In this manner, the liquid volume inside

the MBR was kept in the desired range and the initial volume of 1.5 L was achieved in the MBR once

a day midway into the filtration phase.

Before each experiment, the 1.5 L MBR was sterilized. The STR with all of its components was

heat-sterilized (at 121 °C for 20 min), whereas the hallow fibre cartridge was sterilized using 80%

ethanol in water mixture. For this, first 1 L of 80% ethanol solution was pumped through the whole

bypass unit for 10 min, followed by rinsing with 2 L of heat-sterilized (at 121 °C for 20 min) distilled

water. Finally, remaining liquid inside the bypass module was drained into a sterile bottle via filter-

sterilized pressurized air. For cleaning the unit after a cultivation, same procedure as described

above was applied under non-sterile conditions and the hallow fibre cartridge was allowed to dry at

room temperature with pressurized airflow.

Figure 4.13: Flow diagram of the MBR with total cell retention on a 50 L scale.

The MBR used for experiments on a 50 L scale was composed of two main units: a stirred-tank

bioreactor with a 50 L working volume (LP75L, Bioengineering, Wald, Switzerland) and a cross-flow

microfiltration unit (Clearflow MF X 01, Heinrich Frings, Rheinbach, Germany) connected to it as an

external bypass as shown in Figure 4.13. The state variables were controlled via BioSCADALab

(Bioengineering, Wald, Switzerland) software using local IFM controllers and a peristaltic pump

station provided by the manufacturer (Bioengineering, Wald, Switzerland). Additionally, a control

cascade was used to keep the dissolved oxygen level over 40% air saturation at all times by regulat-
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ing the agitation and aeration rate. 1 M sulfuric acid, 25% (w/w) ammonia, and 10% (v/v) antifoam

(Antifoam 204, Sigma-Aldrich, Taufkirchen, Germany) solutions were connected to the pump station

for automated software control of the pH and foam. The cross-flow microfiltration unit had a central

control cabinet with a programmable logic controller (PLC, Siemens, Munich, Germany) and a touch

panel. The microfilter used was a 1.2 m long ceramic module (Crystar 41-61-3.0 FT250, Compagnie

de Saint-Gobain, Courbevoie, France) with capillaries (61 × 3.2 mm inside diameter), and a filtra-

tion area of 0.8 m2. A sterile vessel with 200 L capacity (Rütten Engineering Ltd., Tagelswangen,

Switzerland) equipped with a magnetic stirrer, a sterile filter, a manometer, a thermometer, and a

cooling jacket was used as the feed tank. The feed medium was supplied to the bioreactor by a

peristaltic pump with manually adjustable pump speed at the pump station.

Figure 4.14: MBR with total cell retention on a 50 L scale. A: Photograph of the steam-sterilizable 50 L MBR;
B: photograph of the steam-sterilizable feed tank.

Figure 4.12 shows the actual setup used for the MBR system on a 50 L scale. Each cultivation was

started in batch mode. After complete consumption of sugars in the medium, the mode of operation

was switched to semi-continuous as described above for the 1.5 L scale. Similarly, the feed was

started with and kept constant at 1.1 g sugars L–1 h–1 based on initial liquid volume in the MBR.

Required volumetric flow rate of the feed stream was calculated to be 1.1 L h–1 using Equation 4.3

considering a sugar concentration of 50 g L–1 and an initial cultivation volume of 50 L. Likewise, the
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microfiltration unit was operated only for 8 h during the day. Accordingly, the permeate flow through

the filter was adjusted to 3.3 L h–1 so that the liquid volume inside the MBR was reduced from 61.6

L at the beginning of each day to 44 L at the end of the day. The dilution rate resulting from these

settings was D = 0.528 d–1, which corresponds to 0.022 h–1 on a daily average.

Before and after each experiment, the 50 L MBR was heat-sterilized (at 121 °C for 20 min). After

sterilization, at the end of an experiment, the MBR was cleaned using a standard machine cleaner

dissolved in water, stirring at 70 °C for 40 min and then rinsed with tap water. No formation of persis-

tent biofilm was observed on the filter material and no further cleaning of the MBR was required. The

data and state variables applied for operation of both MBRs, as well as some key values important

for proper scale-up of the MBR, are summarized in 4.13.

Table 4.13: Specifications, process data and state variables applied for the operation of the MBRs.

Process parameter 1.5 L scale 50 L scale

Working volume including bypass 1–6 L 40–67 L

Bypass volume 0.11 L 7.25 L

Temperature 30 °C 30 °C

pH 6.5 6.5

pO2 >20% >20%

Aeration rate 2–6 NL min–1 50–100 NL min–1

Agitation 400–1200 rpm 350–800 rpm

Cross-flow filter type Hollow fibre microfilter Microfilter with capillaries

Cross-flow filter material Polysulfone (PS) Ceramic (>99% SIC)

Cross-flow filter pore size 0.20 µm 0.25 µm

Inner diameter of fibres/capillaries 1.0 mm 3.2 mm

Volumetric flow rate in bypass 47.8 L h–1 150 L h–1

Mean residence time in bypass 0.13 min 2.9 min

Relative membrane area 0.028 m2 L–1 0.016 m2 L–1

Bypass-to-working volume ratio 7.0% 14.5%

Shear rate across filter module 2705 sec–1 212 sec–1

4.8. Separation of microbial oils

The main focus of this work is the process integration for yeast oil production. Nonetheless, some

conventional downstream processing possibilities were also explored in order to present a concept

covering a complete production process. The preferred method for the separation of microbial oils

from fermentation broth was solvent extraction. For this, various solvents and pre-treatment methods

were tested and compared based on the separation efficiency and the purity of the resulting product.
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Solvents selected for examination were ethyl acetate, n-hexane, and ethanol in combination with

potassium carbonate (K2CO3) to induce or enhance phase separation in water-solvent mixtures.

Additionally, effects of the following pre-treatment methods on solvent extraction of yeast oil from

actual fermentation broth were investigated in different combinations with each other:

• Enzymatic hydrolysis of yeast cells

• Mechanical disruption of yeast cells by high-pressure homogenization

• Treatment with a demulsifier

For enzymatic disruption of C. oleaginosus cells commercial enzyme mixtures listed in Table 4.14

were used. These were selected based on previous work by Masri et al. (2019) stating the enzyme

activities required for enzymatic cell disruption of this yeast strain. It was also considered that the

enzymes should be commercially available in large amounts and cost efficient enough to be used

on an industrial scale. Using these enzymes the procedure stated in Table 4.15 was applied on lipid

containing yeast cells. For pH adjustment and control acetic acid (98% (w/w) and ammonia (25%

(w/w) solutions were used.

Table 4.14: Commercial enzymes used for yeast cell hydrolysis.

Enzyme Activity Manufacturer

Cellic® CTec3 HS Cellulase, ß-glucosidase, hemicellulase Novozymes (Denmark)

Rohalase® GMP Endo-mannanase AB Enzymes (Germany)

Protamex® Endo-protease Novozymes (Denmark)

Table 4.15: Procedure applied for enzymatic treatment of yeasts for cell wall hydrolysis.

Step Enzyme Dosage Temperature pH Duration

1 Cellic® CTec3 HS 23.8% (w/w) g g–1 CDW 50 °C 5.0 24 h

Rohalase® GMP 2.38% (w/w) g g–1 CDW

2 Protamex® 11.9% (w/w) g g–1 CDW 37 °C 7.0 8 h

Mechanical disruption of yeast cells was carried out using an industrial high-pressure homogenizer

(HPH) (Ariete NS3015H, GEA Group AG, Düsseldorf, Germany) with an external manually operated

diaphragm pump (SartoJet, Sartorius AG, Göttingen, Germany) as the inlet pump. During operation

of the HPH inlet pressure was manually adjusted to 3.5 bar at all times. Homogenization took place

at 900 bar outlet pressure and a volumetric flow rate of 200 L h–1 with three passes through the

homogenizer.

Since formation of an emulsion consisting of solvent, aqueous phase and cell debris was observed

in all cases of solvent extraction, a pre-treatment with various emulsion breaking agents, also called

demulsifiers, was performed. This the included addition of H2SO4 with 1% (v/v) of the yeast broth to

be extracted and incubation at room temperature for 2 h unless stated otherwise.
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For solvent extraction of yeast oil after pre-treatment with one or more of the methods mentioned

above, solvent was added to broth to be extracted with 2:1 volumetric ratio of solvent to yeast sus-

pension unless specified otherwise. After incubation for at least 2 h at room temperature under

mixing, the mixture was allowed to settle to facilitate phase separation. In case of ethanol as ex-

traction solvent, phase separation was facilitated by addition of 82% (w/w) K2CO3 with regard to

the initial mass of yeast suspension. Since no spontaneous phase separation only by settling was

observed in case of ethyl acetate, either addition of K2CO3 or centrifugation at 3260 rcf was nec-

essary to promote it. After phase separation the upper phase containing solvent and lipids was

transferred into another vessel. Solvent evaporation and recovery was performed using a rotary

evaporator at 50 °C and pressures listed in Table 4.16. Extracted oil was further purified of solvents

in an explosion-proof vacuum drying chamber at 50 °C and 4 mbar for 2 h.

Table 4.16: Evaporation pressure of different solvents in rotary evaporator used for lipid extraction.

Solvent Pressure

Ethyl acetate 450 mbar

n-Hexane 200 mbar

Ethanol 75 mbar

Extraction efficiency (ηext) was determined based on gravimetric analysis by weighing the extracted

oil at the end in pre-dried and pre-weighed vessels as follows:

ηext =
mL,ext

Vext · cL,ext
(4.4)

where mL,ext is the mass of oil extracted, Vext is the volume and cL,ext is the total lipid concentration

of the yeast suspension prior to extraction. Determination of total lipid concentration is thoroughly

described in Subsection 4.10.5.

4.9. Cell disruption and hydrolysis of microalgae

4.9.1. Rheology of microalgal biomass

Flow characteristics of a cell suspension have a big influence on the applicability and the efficiency

of the method applied for cell disruption. Rotational viscometer are especially suited for examin-

ing the flow properties of non-Newtonian fluids such as concentrated cell suspensions (Schramm,

2004). Therefore, a rotational rheometer (RheolabQC, Anton-Paar, Graz, Austria) equipped with a

tempered measuring cup (standard measuring system DG42/SS/QC-LTD) and a measuring cylin-

der (B-DG42 RFID) was used, which functions according to the Searle principle, where the cup is

stationary and the cylinder rotates.

To measure the shear stress in dependence of the varying shear rate 12 mL of each sample was

transferred into the measuring cup, tempered at 25 °C unless stated otherwise, and a predefined

protocol was started using a PC connection with the software Rheoplus. In this way the shear stress

(τ ) and thus the dynamic viscosity (µ) were measured over 8 sec at constant shear rate (γ̇) in a
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range of 500–5000 s–1 with an upper limit of 170 Pa for the shear stress measurement. The ac-

quired data sets were used to plot the flow and viscosity curves of the corresponding biomass.

4.9.2. Ultrasonication

A sonotrode (Sonopuls, Bandelin electronic GmbH, Berlin, Germany) consisting of a high-frequency

generator (Sonopuls GM-2070) and an ultrasonic transducer (Sonopuls UW-2070) equipped with a

titanium micro tip (Sonopuls MS 73) was used for the ultrasonic disruption of microalgal cells. The

parameter settings given in Table 4.17 were adjusted on the homogenizer device. 25 mL of each

sample was transferred into a 50 mL centrifuge tube, which was placed into an ice bath for cooling

during the treatment, was homogenized for a specified duration of time.

Table 4.17: Parameter settings for disruption of M. salina cells with an ultrasonic homogenizer.

Sonotrode Power Frequency Amplitude Pulsation

MS73 70 W 20 kHz 97% 100%

4.9.3. Bead milling

For the disruption of microalgal cells through bead milling a mixer mill (MM 400, Retsch GmbH,

Haan, Germany) equipped with stainless steel grinding jars with a nominal volume of 25 mL was

used. Both the sample and the bead filling were at 40%, so that the total filling volume of the jars

was at 80% corresponding to 20 mL. The jars were placed into an ice bath for cooling during sam-

pling. Each sample was homogenized for a specified duration of time at a mixing frequency of 30

s–1. The specifications of the various beads (Retsch GmbH, Haan, Germany) used for cell disruption

are given in Table 4.18.

Table 4.18: Specifications of the various beads used for cell disruption of M. salina by bead milling.

# Material Diameter,
mm

Density,
g mL–1

1 Zirconium oxide 1 6.13

2 Zirconium oxide 0.5 6.91

3 Agate 1 6.02

4 Glass 3 2.88

5 Stainless steel 5 7.72

6 Stainless steel 2 7.72

7 Tungsten carbide 3 14.94
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4.9.4. High-pressure homogenization

For microalgal cell disruption by high-pressure homogenization on a 200 mL scale a tabletop high-

pressure homogenizer (HPH) (HPL6, Maximator GmbH, Nordhausen, Germany) was used. In this

case, 200 mL of each sample was processed at a flow rate of 4 L h–1 for up to 10 passes at a

specified outlet pressure. For homogenization at scales larger than 30 L an industrial HPH (Ariete

NS3015H, GEA Group AG, Düsseldorf, Germany) with an external manually operated diaphragm

pump (SartoJet, Sartorius AG, Göttingen, Germany) as the inlet pump was used. In this case, for

practical reasons the biomass was circulated in a tank with a cooling jacket and an external stir-

rer unit during homogenization. Thus, instead of counting the actual number of passes, the time

equivalent of passes was calculated, which is defined as the homogenization time divided by the

total volume and multiplied by the volumetric flow rate. The biomass was processed at a flow rate

of 150–200 L h–1 for up to 5 passes at an outlet pressure of 1000 bar. During the homogenization

process the inlet pressure was manually adjusted to 3.5 bar at all times using a diaphragm pump.

4.9.5. Enzymatic hydrolysis

Hydrolysis of the microalgal biomass was carried out on different scales. The preliminary experimen-

tation with various enzyme doses on a mL scale was performed in 5 mL screw-cap glass vials in

triplicate using a thermal shaker (Thermomixer Basic, CellMedia GmbH & Co. KG, Zeitz, Germany)

incubating the reaction mixture for 72 hours with an agitation rate of 550 rpm. Scale-up experiments

on a 60 L scale were performed in an STR (LP 75L, Bioengineering AG, Wald, Switzerland) with an

agitation rate of 550 rpm. Scale-up to 200 L was done in a tempered stirred-tank (M500L, Bioengi-

neering AG, Wald, Switzerland). CDW concentration of the microalgal biomass to be hydrolysed

was adjusted to 150 g L–1 unless stated otherwise. Experiments were carried out both with and

without mechanical cell disruption prior to enzymatic hydrolysis, which is indicated for each experi-

ment individually. The commercial enzymes used for biomass hydrolysis are listed in Table 4.19.

Table 4.19: Commercial enzymes used for microalgal biomass hydrolysis.

Enzyme Activity Manufacturer

Cellic® CTec3 HS Cellulase, ß-glucosidase, hemicellulase Novozymes (Denmark)

Hemicellulase from A.
niger

Hemicellulase Sigma-Aldrich (Germany)

Protamex® Endo-protease Novozymes (Denmark)

Protease from A. saitoi Protease, ß-glucosidase Sigma-Aldrich (Germany)

Rohalase® GMP Endo-mannanase AB Enzymes (Germany)

Rohament® CEP Cellulase, ß-glucosidase, hemicellulase AB Enzymes (Germany)

In some cases, a pretreatment with proteases was performed prior to the addition of polysaccharide-

degrading enzymes to determine, if this would increase the accessibility of carbohydrates for the

latter enzymes. Since the optimal pH and temperature conditions to achieve maximum activity is
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different for each enzyme, these parameters were adjusted differently for the proteolysis and the

following polysaccharide hydrolysis, which are listed in Table 4.20.

Table 4.20: Hydrolysis conditions set for different enzymes for optimal enzyme activity according to manufac-
turer specifications.

Enzyme pH Temperature

Protamex® 7.0 37 °C

Protease from A. saitoi 3.5 37 °C

Other enzymes 5.0 50 °C

4.9.6. Phosphorus elimination

For phosphorus elimination a phosphate precipitation method including the addition of a precipitat-

ing agent, namely FeCl3, was adopted. Initial experiments were carried out using a phosphate buffer

containing 0.209 g L–1 Na2HPO4 and 0.035 g L–1 KH2PO4 corresponding to a Na2HPO4:KH2PO4

stoichiometric ratio of 5.75 and a phosphate concentration of 164.3 mg L–1. 50 mL of phosphate

buffer was transferred into a 50 mL centrifugation tube and the amount of 0.24 M FeCl3 · 6 H2O

solution required to achieve the desired Fe:P stoichiometric ratio was added. The pH of the reaction

mixture was adjusted to pH 4.5–5.5 by addition of 3 M KOH solution. Then, the reaction mixture

was thoroughly mixed using a vortex mixer and incubated for 20 minutes. Finally, the reaction tubes

were centrifuged at 3260 rcf and phosphate concentration of the supernatant was determined using

a colorimetric test kit (Phosphate colorimetric kit, Sigma-Aldrich, Munich, Germany).

Preliminary experimentation for phosphorus elimination of microalgae hydrolysate was carried out in

50 mL centrifugation tubes as described above. Deviations from the standard procedure are given

for each experiment specifically in Section 7.4. Scale-up of phosphate precipitation of microalgae

hydrolysate to 200 L was performed in a tempered stirred-tank (M500L, Bioengineering AG, Wald,

Switzerland) with pH monitoring. For phosphate precipitation on a 200 L scale, required amounts

of FeCl3 · 6 H2O and KOH were added to microalgae hydrolysate in solid form to prevent a signif-

icant dilution of the resulting hydrolysate and multiple successive precipitation step were required

to achieve sufficiently low phosphate depletion. Detail procedure of the phosphorus elimination of

microalgae hydrolysate is given in Section 7.4. Separation of the precipitated iron(III) phosphate on

a 200 L scale was done by centrifugation using a disk separator (CSA 08-06-476, GEA Westfalia

Separator Group, Oelde, Germany).

4.9.7. Final processing and sterilization

After phosphorus elimination and centrifugation with a disk separator, microalgae hydrolysate was

centrifuged again at 14,000 rcf for 15 minutes to separate the remaining fine cell debris, which could

not be eliminated using the disk separator with lower centrifugal force. Subsequently, the hydrolysate

sterilized by filtration (0.22 µm) and stored at –4 °C until further use.
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4.10. Analytical methods

4.10.1. Optical density

Cell density of the yeast culture was determined by optical density measurement at 600 nm (OD600)

against culture medium in triplicate using a UV–vis spectrophotometer (Genesys 10S UV–VIS,

Thermo Fisher Scientific Inc., Waltham, MA, USA). PBS (see Table 4.8) was used for dilution of

the samples into the linear correlation range of the photometer. Whenever dilution of a sample was

necessary, the blank was also diluted with the same dilution factor using PBS.

Cell density of the microalgae culture was measured by determining the optical density at 750 nm

(OD750) against a salt solution (2.7% (w/w) NaCl) in triplicate, using a UV–Vis spectrophotometer

(Genesys 10S UV–VIS, Thermo Fisher Scientific Inc., Waltham, MA, USA). The same salt solution,

matching the salinity of the ASW medium, was also utilized to dilute the samples into the linear cor-

relation range of the photometer.

4.10.2. Cell dry weight concentration

Cell dry weight (CDW) concentration was determined using different methods in experiments with

different microorganisms. For yeast processes CDW of each sample was measured in triplicate

gravimetrically by centrifugation (at 20,817 rcf for 5 min) of the samples in pre-dried and pre-weighed

tubes and drying the pellet for at least 48 h at 70 °C before weighing a second time. The CDW con-

centration was then calculated by dividing the difference in dry weight by the volume of the sample

initially centrifuged.

CDW of each microalgae sample was measured in triplicate gravimetrically by pipetting at least 2 mg

of the samples onto pre-dried and pre-weighed glass microfibre filters (Whatman® glass microfibre

filters Grade GF/C, Cytiva Europe GmbH, Munich, Germany) using a Büchner funnel, washing with

1 mL of distilled water and drying the filters for at least 48 h at 70 °C before weighing a second time.

The CDW concentration was then calculated by dividing the difference in dry weight by the volume

of the sample pipetted onto the filter. A linear correlation was observed between CDW and OD750,

allowing for the estimation of a correlation factor for processes on different scales. These factors

were used to derive CDW from OD750 measurements.

CDW of high cell density microalgae biomass (100–250 g L–1 CDW) with high viscosity was de-

termined in triplicate gravimetrically by spreading a certain amount of sample onto pre-dried and

pre-weighed aluminum dishes and drying for at least 72 h at 70 °C before weighing again. The

CDW content was then calculated by dividing the difference in dry weight by the mass of the sample

spread onto the dish initially.

4.10.3. Salinity and alkalinity

For the determination of salinity and total alkalinity (TA) of the culture medium, each sample was first

centrifuged at 14,600 rcf for 4 min. The salinity of the supernatant was measured at least once daily
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with a refractometer (Hanna Instruments, Voehringen, Germany), whereas the TA was determined

with a colorimetric test according to the manufacturer’s instructions (HI755 Checker HC, Hanna In-

struments, Woonsocket, RI, USA).

4.10.4. Substrate concentrations

Each sample was centrifuged at 20,817 rcf for 5 min and the supernatant was filtered (0.2 µm)

before substrate measurement. Concentrations of glucose, galactose, acetate, urea and ammo-

nia were determined photometrically using enzymatic assays (D-Glucose, Lactose/D-Galactose,

Acetate, Urea/Ammonia and Ammonia assay kits, R-Biopharm AG, Darmstadt, Germany). Simi-

larly, concentrations of mannose, rhamnose and xylose were also determined photometrically us-

ing enzymatic assays (D-Mannose/D-Fructose/D-Glucose, L-Rhamnose and D-Xylose assay kits,

Megazyme, Wicklow, Ireland). Phosphate concentration was measured using a colorimetric test kit

(Phosphate colorimetric kit, Sigma-Aldrich, Munich, Germany). Protein content was determined in

duplicate using the Pierce™BCA Protein Assay Kit (Thermo Fisher Scientific, Schwerte, Germany).

4.10.5. Lipid concentration and cellular lipid content

The total lipid concentration of a sample was determined using the sulfo-phospho-vanillin (SPV)

assay described by Mishra et al. (2014). For preparation of the phospho-vanillin reagent, 0.3 g of

vanillin was dissolved in 50 mL of 10% (v/v ) ethanol in water mixture and mixed with 200 mL of

phosphoric acid. 50 µL of each sample was incubated in 1 mL sulfuric acid (98% (v/v )) for 10 min

at 90 °C in glass vials and cooled at –4 °C for 5 min. Then, 2.5 mL phospho-vanillin reagent was

added into each vial and the mixture was incubated in a thermomixer at 37 °C and 900 rpm for 15

min (Thermomixer basic, CellMedia, Elsteraue, Germany). After incubation, the absorption at 530

nm wavelength against air was measured with a UV–vis spectrophotometer (Genesys 10S UV–VIS,

Thermo Fisher Scientific Inc., Waltham, MA, USA). Blank values were measured separately and

subtracted from the measured absorption values manually. Each sample was measured in triplicate

and the sugar-containing samples were washed with demineralized water or PBS (see Table 4.8)

to avoid additional color formation, which would interfere with absorption at 530 nm. An external

standard of rapeseed oil was used to create a correlation line between absorption and total lipid

concentration. For this, different amounts of an oil in hexane solution with known concentration (1 g

L–1) was transferred into glass vials. After the hexane was evaporated, 50 µL of demineralized water

(same as the sample volume) was added and the standard assay procedure described above was

applied. The resulting correlation line had a range of 0.0–2.0 g L–1 lipids. Cellular lipid content was

calculated from total lipid concentration by dividing it by CDW concentration measured as described

in Subsection 4.10.2.

4.10.6. Fatty acid composition

A gas chromatograph with a flame ionization detector (GC–FID) was used to determine the fatty

acid (FA) composition of the yeast oil, but also to verify the results of the total lipid concentrations

measured using the SPV assay. The samples were prepared by freezing at –80 °C and subsequent

lyophilization at –50 °C and 0.12 mbar for at least 48 h (Lyophilizer ALPHA 1–2 LDplus, Martin Christ

Gefriertrocknungsanlagen GmbH, Osterode am Harz, Germany). For preparation of the fatty acid
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methyl esters (FAME), a direct transesterification procedure by Griffiths et al. (2010) was applied

with slight modifications as described previously (Meo et al., 2017): 9–12 mg of lyophilized biomass

per sample was used; a 2 mg mL–1 solution of C12-TAG (Glyceryl tridodecanoate, Sigma-Aldrich,

Taufkirchen, Germany) in toluene was used as internal standard instead of C17-TAG in toluene; as

acid catalyst, HCl in methanol solution (5% (v/v ) concentrated HCl in methanol) was used; use of

methyl nonadecanoate (C19-ME) as a secondary internal standard was omitted. After phase sepa-

ration, the upper layer with the FAME containing hexane–toluene mixture was analyzed via GC–FID

(GC-2010 Plus, Shimadzu Deutschland GmbH, Duisburg, Germany) with a fused silica separation

column (FAMEWAX, Restek GmbH, Bad Homburg, Germany) using helium as carrier gas (as de-

scribed previously by Thurn et al. (2022)). The column temperature was started at 120 °C, increased

to 220 °C with 7 °C min–1, and finally held at 220 °C for 20 min. The injector and FID temperatures

were 220 °C and 250 °C, respectively. Peaks were identified by retention time based on an exter-

nal standard (Marine Oil Test Mix, Restek GmbH, Bad Homburg, Germany). FA composition was

determined by division of the corresponding FAME peak area by the sum of all peaks excluding the

internal standard. The individual FA contents of the biomass were calculated by correlating the peak

area of the FA to that of the standard with known concentration and normalizing the value to the dry

sample weighed initially.

4.10.7. Elemental and macromolecular composition

Carbon, hydrogen, nitrogen, and sulfur (CHNS) contents were analysed using a CHNS elemen-

tal analyser (Euro EA CHNS Elemental Analyzer, HEKAtech GmbH, Wegberg, Germany). In the

analyser, each sample is combusted using pure oxygen at 1800 °C, and the resulting gas mixture

containing CO2, H2O, N2, and SO2 is fed into a gas chromatography column for separation using

helium as carrier gas. Subsequently, the separated gases are measured by a thermal conductivity

detector. The C, H, N, and S contents are then calculated as the mass of the element measured

per mass of the initially weighed sample. Cell samples were freeze-dried for the analysis, and the

oil sample was handled in liquid form. Each sample was measured in triplicate.

Phosphorus content was determined using a colorimetric method. Samples were mineralized in

round bottom flasks at 400 °C using concentrated sulphuric acid and fuming nitric acid. Then, the

nitrous gases were boiled away. An aliquot part of ammonium vanadate and ammonium molybdate

was added to the mixture, and the resulting phosphomolybdic acid was measured against standards

photometrically at 650 nm (Cary 100 UV–Vis Spectrophotometer, Agilent, Waldbronn, Germany).

Each sample was measured in duplicate.

Macromolecular composition was determined using a combination of measurements from analysis

of the samples in this work and literature values. Lipid content was calculated based on measure-

ments of CDW and lipid concentrations as described in subsections 4.10.2 and 4.10.5. Total protein

content was calculated from nitrogen content using a correlation factor of 4.4 for microalgal biomass

(López et al., 2010) and 5.8 for yeast biomass (Bertolo et al., 2019). Ash content of M. salina

biomass cultivated in a nutrient-replete medium under the same conditions as in this work was mea-

sured to be 10.0% by Schädler et al. (2019). Ash content of C. oleaginosus was assumed to be

7.0% based on the average of the ash content data reported by Agboola et al. (2021) for various
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yeast species. The remaining portion of the biomass is assumed to be carbohydrates.

4.10.8. Degree of cell disruption

For quantitative evaluation of the mechanical disruption of M. salina cells each sample was mea-

sured using a flow cytometer (CytoFLEX V0-B4-R2, Beckman Coulter GmbH, Krefeld, Germany).

The proportion of intact cells and cell debris as a frequency in total incidence count was based on

shifts in the measured forward-scattered light (FSC) and the fluorescence in the wavelength range

of 640–780 nm (F640–780). The use of F640–780 for the analysis is based on an empirical approach

making use of the fluorophore content of microalgae, such as allophycocyanin with an emission

peak at 660 nm, which would presumably be released upon cell disruption (Yeh et al., 1987). In

order to ensure an accurate measurement each sample was diluted to an OD600 of around 0.150

using distilled water and the flow rate was adjusted to a value corresponding to less than 3,000 inci-

dences per second. Per sample 100,000 incidences were recorded and used to plot a log–log graph

of F640–780 values with respect to FSC. The areas occupied by distilled water, intact M. salina cells,

and cell debris as well as an unknown fraction were marked on this dot-plot to sort the incidences

accordingly. The degree of cell disruption (DCD) was then calculated as:

DCD =
icells

(icells + idebris)
(4.5)

where icells and idebris are the incidence counts of intact cells and cell debris, respectively.

4.11. Process metrics

4.11.1. Specific rates and yields

Cell specific substrate uptake rate (qS) is used to evaluate the utilization of different substrates by

the yeast and is calculated using a differential method as follows:

qS =
(mS,up,2 −mS,up,1)

(t2 − t1) ·
(
mX,1 +mX,2

2

) (4.6)

where mX is the mass of lipid-free biomass produced, mS,up is the mass of substrate taken up, and

t is process time.

Biomass yield (YXS) was calculated cumulatively over the process time using the following equation:

YXS =
(mX,t −mX,0)

mS,up,t
(4.7)

Lipid yield (YLS) was also determined cumulatively over the process time as:

YLS =
(mL,t −mL,0)

mS,up,t
(4.8)

where mL is the mass of lipids produced. In all equations mS,up was calculated by subtracting the

remaining substrate mass from the sum of substrate mass added into the system with the batch and
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feed media until the indicated process time as follows:

mS,up = mS,in −mS,R = (cS,0 · VR,0 + cS,feed · V̇in · t)− (cS,t · VR,t + cS,out · V̇out · t) (4.9)

where mS,in is the mass of substrate supplied into the reactor, mS,R is the total mass of remaining

unused substrate, cS,0 is the initial substrate concentration, VR,0 is the initial reaction volume, cS,feed
is the substrate concentration of the feed medium, V̇in is the volumetric flow rate of the feed stream,

cS is the substrate concentration, VR is the liquid volume in the reactor, cS,out is the substrate con-

centration in the outlet stream, and V̇out is the volumetric flow rate of the outlet stream (permeate).

4.11.2. Areal and volumetric productivities

Volumetric productivity (PV ) is calculated from the produced amount of product mass between pro-

cess time t and the starting time of the process t0 per initial reaction volume:

PV =
(mP,t −mP,0)

VR,0 · (t− t0)
(4.10)

In microalgae processes the areal and volumetric productivities pertain to biomass productivity,

whereas in yeast processes they refer to total lipid productivity, since these are the desired products

of each process in this work.

Although volumetric productivity is usually referred to as the main performance indicator of an in-

dustrial process, areal productivity is a better suited indicator for microalgae cultivation in TLC pho-

tobioreactors. The reason for this is the solar energy input, or in other words the photosynthetic

photon flux density (PPFD), being dependent on the unit surface area of the reactor and not the

reaction volume. Hence, areal productivity is used to evaluate the performance of microalgae pro-

cesses carried out in this work. Areal productivity (PA) is calculated from the volumetric productivity

using the specific volume to area ratio of the TLC reactor used in the process:

PA = PV ·
VR
A

(4.11)

For microalgae processes in this work, integral areal productivity is calculated cumulatively over the

process time, whereas daily areal productivity is determined for the last 24 h starting at 10 a.m..

4.11.3. Carbon dioxide fixation efficiency

In the production of microalgal biomass CO2 and urea serve as the only carbon sources. CO2

fixation efficiency (ηCO2) was defined as the mass of carbon fixated in biomass divided by the total

carbon mass supplied to the system. Using the carbon content of M. salina measured by elemental

analysis (xC,Ms = 0.53, see Subsection 4.10.7) the CO2 fixation efficiency can be expressed as:

ηCO2 =
0.53 · (mCDW,t −mCDW,0)

xC,CO2 ·
∫ t
0 ṁCO2dt+ xC,Urea ·mUrea,t

(4.12)

where xC,CO2 and xC,Urea are the mass fractions of carbon in CO2 and urea, respectively, ṁCO2 is

the CO2 mass flow rate and mUrea,t is the total supplied mass of urea at time t.
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4.11.4. Carbon conversion efficiency

The carbon initially present in the medium in the form of sugars and vitamins is used by the yeast

cells for cell growth, lipid production, and for energy gain by respiration generating CO2. The overall

carbon balance was calculated based on this premise using the measured elemental composition

of the cells and the yeast oil. The carbon balance can be formulated as:

mC,in−mC,out = (mS,in−mS,out)·xC,S+mV it,in ·xC,V it = mX ·xC,X+mL ·xC,Lipid+Rrest (4.13)

where mC,in is the total carbon mass fed into the system, mC,out is the carbon mass leaving the

system through the permeate stream, mS,in is the total sugar mass fed, mV it,in is the total vitamin

mass fed, mS,out is the total sugar mass exiting the system, mX is the lipid-free CDW produced, mL

is the lipid mass generated, xC,S is the overall carbon fraction of the sugars, xC,V it is the carbon

fraction of the vitamins, xC,X is the carbon fraction of the lipid-free CDW, xC,Lipid is the carbon

fraction of the lipids, and Rrest is the remaining carbon mass, which is presumed to be oxidized by

respiration and thus can be expressed as follows:

Rrest = mCO2 · xC,CO2 (4.14)

wheremCO2 is the mass of carbon dioxide generated and xC,CO2 is the fraction of carbon in CO2. An

alternative way to calculate the amount of carbon mass exiting the system in form of CO2 (mC,CO2)

based on process data on gas inlet and outlet streams is integrating Eq. (3.24) over process time to

get the total amount of CO2 generated as follows:

mC,CO2 =
dnCO2

dt

∫ t

0
·MCO2 · xC,CO2 (4.15)

where MCO2 is the molar mass of CO2. Such a calculation using gas analysis data can also be

used to verify the validity of Equation (4.14).

Carbon conversion efficiency (ηC ) is defined as the fraction of total carbon taken-up by the cells in

form of sugars and vitamins, which is converted into lipids at the end of the process:

ηC =
mL · xC,Lipid
mC,in −mC,out

(4.16)

Carbon conversion efficiency was calculated differently, when microalgae biomass hydrolysate was

used as feeding medium. Here, the fraction of total carbon taken-up by the cells (mC,in −mC,out)

was the sum of carbon present in the batch medium in form of sugars and carbon supplied with hy-

drolysate feed minus carbon leaving the system through the permeate stream, based on the carbon

content of hydrolysate and permeate determined by elemental analysis.

4.11.5. Saccharification efficiency

Saccharification efficiency (ηsac) is defined as the ratio of sugars released from the carbohydrates in

a biomass to the theoretical maximum of releasable sugars and is calculated for microalgae biomass
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hydrolysis as follows:

ηsac =
(cglucose + cmannose)

cX · xX,carb · (xcarb,glucose + xcarb,mannose)
(4.17)

where cglucose and cmannose are the glucose and mannose concentrations in the hydrolysate, re-

spectively, xX,carb is the carbohydrate fraction of the CDW of the microalgae, and xcarb,glucose and

xcarb,mannose are the glucose and mannose mass fractions in the carbohydrates of the microalgae,

respectively. Here, only glucose and mannose were taken into account, since these make up over

80% of the total sugar content of M. salina and were the target of enzymatic hydrolysis. Schädler

et al. (2019) determined the carbohydrate fraction of M. salina grown in TLC PBR in nutrient-replete

medium to be 26% of its CDW and its sugar composition as listed in Table 4.21. These literature

values were used to calculate the saccharification efficiency in this study.

Table 4.21: Sugar composition of M. salina grown in TLC PBR in nutrient-replete medium as measured by
Schädler et al. (2019).

Carbohydrate moiety Mass fraction in
CDW, mg g–1

Mass fraction in
total sugars, %

Glucose 161.5 62.7

Mannose 50.1 19.5

Galactose 17.2 6.8

Rhamnose 12.8 5.0

Other sugars 15.9 6.0
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5. Production of Microchloropsis salina Biomass in Open

Thin Layer Cascade Photobioreactors 1

In this chapter, the production of microalgal biomass with M. salina in open thin-layer cascade (TLC)

photobioreactors (PBRs) is examined by applying different modes of operation. Microalgae were

cultivated in an artificial seawater (ASW) medium controlled at pH 8.5, unless stated otherwise,

by the addition of CO2 under physical simulation of the Mediterranean summer climate in Spain.

Biomass productivity and CO2 fixation efficiency were maximized by studying various operational

parameters in reactors with an 8 m2 surface area, followed by a scale-up of the processes with the

highest areal productivity onto a pilot scale reactor with a 50 m2 surface area. Additionally, the effect

of pH on process performance and a switch-off of the circulation pumps overnight to reduce energy

consumption were investigated. A productivity comparison with a summary of the determined con-

ditions to achieve optimal biomass productivity and CO2 fixation efficiency, as well as the harvest of

the biomass produced, are presented at the end of this chapter.

5.1. Batch production

A series of experiments for biomass production on an 8 m2 scale in batch mode were carried out

to determine the maximum possible areal productivity, as well as when and at which cell dry weight

(CDW) concentration it is reached. Thereupon, an experiment in batch mode on a 50 m2 scale was

performed to determine how the results compare to the scaled-up process metrics. In all processes,

concentrations of the medium salts (NaCl, MgSO4 and CaCl2) were kept constant in the reaction

medium, whereas the remaining medium components were supplied as a concentrated solution

additionally over the whole process to avoid nutrient depletion in the medium and to keep the urea

concentration at 0.5–1.5 g L–1. For easier description, the average nutrient feed rate (rfeed,ave)

in batch processes is expressed in terms of a factor (F ) of the nutrient concentration in the ASW

medium as follows using Equation (4.1):

rfeed,ave =
mnutrient,in

VR · t
=
F · cnutrient,ASW

t
= F ×ASW per day

where mnutrient,in is the mass of nutrients fed, VR is the reaction volume (i.e. volume of algae

suspension inside the reactor), t is the process time in days, and cnutrient,ASW is the nutrient con-

centration in the ASW medium as given in Table 4.1. All batch processes were started with a nutrient

concentration of 2× that of the ASW medium.

Figure 5.1 shows the results of all experiments performed in batch operational mode. Experiments in

TLC PBRs with 8 m2 surface area were carried out with similar nutrient supply rates. In experiments

B1, B2, and B3, averaged over the whole process time, the resulting average feed rate (rfeed,ave)

was 1.5×, 1.6×, and 1.4× ASW per day, respectively. As seen in Figure 5.1 A, a CDW concentration

1Part of the results presented here has already been published in: Koruyucu, A., Schädler, T., Gniffke, A., Mundt,
K., Krippendorf, S., Urban, P., Blums, K., Halim, B., Brück, T., Weuster-Botz, D (2024). Energy-Efficient Production of
Microchloropsis salina Biomass with High CO2 Fixation Yield in Open Thin-Layer Cascade Photobioreactors. Processes,
12, 1303. doi:10.3390/pr12071303
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of 43–48 g L–1 was reached after 17 days in all experiments. In experiments B1 and B2 maximum

integral areal productivities of 17.2 g m–2 d–1 and 19.1 g m–2 d–1 were recorded on day 17, respec-

tively, while in experiment B3 the maximum of 19.4 g m–2 d–1 was achieved after 11 days and kept

decreasing from there on until the end of the process as shown in Figure 5.1 B. In any case, no

significant increase of the integral areal productivity was observed in any of the experiments after

day 11. The CDW concentration achieved at the end of day 11 ranged between 25.2–31.9 g L–1.

Figure 5.1: Biomass production with M. salina in open TLC photobioreactors in batch mode. Presented are
three experiments B1 ( ), B2 ( ), and B3 ( ) on an 8 m2 scale and the scale-up experiment on a 50 m2

scale ( ). A: CDW concentration (cX ); B: integral areal productivity (PA); C: CO2 fixation efficiency (ηCO2 );
D: total alkalinity (TA). Photosynthetic photon flux density (PPFD) is given on the secondary vertical axis and
marked in grey to highlight the daytime.

The scale-up of the batch process to the TLC PBR with 50 m2 surface area was carried out success-
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fully. Manual supply of the concentrated nutrient solution to keep the urea concentration at 0.5–1.5

g L–1 resulted in an average nutrient feed rate of 1.62× ASW per day. Although the experiment was

terminated after 13 days, which is a bit shorter than the preliminary experiments on the 8 m2 scale,

the maximum integral areal productivity of 13.6 g m–2 d–1 was observed similarly after 11 days and

started to decrease after that. On the 50 m2 scale, a CDW concentration of 23.7 g L–1 was doc-

umented on the day of maximum integral areal productivity, which is rather at the lower end of the

range observed in processes on the 8 m2 scale.

In Figures 5.1 C and D, CO2 fixation efficiency and total alkalinity (TA) during all batch processes

are plotted. In experiment B1, a maximum of 86.6% CO2 fixation efficiency was achieved on day 17,

whereas in experiments B2 and B3, the maximum values of 72.9% and 86.5%, respectively, were

observed after 11 days simultaneously with the maximum productivity. In the scale-up experiment

in the 50 m2 TLC PBR, the maximum CO2 fixation efficiency of 81.9% was reached after 11 days

likewise. In all experiments, the TA was kept under 700 ppm by intermittent addition of sulphuric acid.

Discussion

In batch processes for microalgal biomass production with M. salina in TLC PBR, biomass concen-

trations of 43–48 g L–1 CDW were reached in 17 days. Using the same set-up under nutrient-replete

conditions, Apel et al. (2017) reported achieving a CDW concentration of 38–42 g L–1 in the same

time frame, after which the microalga growth stagnated, reaching a maximum of 50 g L–1 CDW con-

centration after 24 days. Similarly, under the same conditions, Schädler et al. (2019) stated to reach

30 g L–1 in 14 days. Thus, the results regarding CDW concentration are consistent with the literature

data. Areal productivity achieved on an 8 m2 scale ranged between 17–19 g m–2 d–1, which is very

similar to 15–18 g m–2 d–1 documented by Apel et al. (2017), although a lower areal productivity of

12–13 g m–2 d–1 was observed on a 50 m2 scale in this study. Apel et al. (2017) also reported for

a batch process that the maximum integral areal productivity was achieved after 9 days, remaining

stable until day 16 and declining after that until the end of the process, which is very much in confor-

mity with the course of areal productivity observed in this study.

Comparing the data on CO2 fixation efficiency and TA on the last days of the experiments on the

8 m2 scale, the inverse proportionality of these two becomes apparent. The timing of the decline

in CO2 fixation efficiency correlates with an increase in TA in all processes. Thus, it is suggested

that a lower TA value directly correlates with a higher CO2 fixation efficiency. Keeping the TA under

500 ppm would help prevent a decrease in CO2 fixation efficiency. This was already suggested by

Schädler et al. (2019) reporting a 20–30% increase in CO2 fixation efficiency in a TLC PBR with 8

m2 surface area, achieving a stable 84% for a one-week period, which was also verified in this study

on an 8 m2 scale as well as on the pilot scale.

5.2. Semi-continuous production

A series of experiments for biomass production with M. salina in semi-continuous mode was carried

out in TLC reactors with 8 m2 surface area to find out if a higher maximum of integral areal productiv-

ity can be achieved and sustained over a longer period of time in comparison to the batch operation.
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Semi-continuous operation of TLC PBRs was performed as described in Section 4.4 with only the

daily starting CDW concentration being varied between individual experiments.

In all processes, concentrations of the medium salts (NaCl, MgSO4 and CaCl2) were kept constant

in the reaction medium, whereas the remaining medium components were supplied in the form of

a concentrated solution over the whole process to avoid nutrient depletion in the algae suspension

and to keep the urea concentration at 0.5–1.5 g L–1 at all times. Similarly to batch processes, the

average nutrient feed rate (rfeed,ave) in semi-continuous processes is expressed in terms of a factor

(F ) of the nutrient concentration in the ASW medium as follows using Equation (4.1):

rfeed,ave =
mnutrient,in

VR · t
=
F · cnutrient,ASW

t
= F ×ASW per day

All semi-continuous processes were started the same way as batch processes, with a nutrient con-

centration of 2× that of the ASW medium. The semi-continuous operation began after the microal-

gae suspension reached the desired CDW concentration, corresponding to the preselected biomass

density at the start of each day. After that, every day at 10 a.m. except on weekends, a portion of the

suspension was harvested from the reactor and replaced with fresh ASW medium in order to bring

the CDW concentration to the desired value. Additional concentrated feed medium was manually

added whenever needed to keep the urea concentration in the desired range throughout the process.

Figure 5.2 shows the results of this experimental series in the semi-continuous mode of operation.

After an initial batch phase to achieve the desired biomass concentration, the daily starting CDW

concentration during semi-continuous operation was kept at different set-points of 8 g L–1, 11 g L–1,

13 g L–1, and 20 g L–1 in these experiments. The average nutrient feed rate (rfeed,ave) was 1.5–1.7×
ASW per day in all four experiments. As seen in Figure 5.2 A, the length of the batch phase for initial

biomass production was different between experiments, lasting 10 days for a daily starting CDW con-

centration of 8 g L–1 and 13–14 days in the remaining experiments. Throughout the semi-continuous

operation, the integral areal productivity kept on increasing in all experiments, as apparent in Figure

5.2 B. For experiments with a similar daily starting biomass concentration of 8–13 g L–1 CDW, the

areal productivity reached 11.3–12.4 g m–2 d–1. The maximum areal productivity of 21.1 g m–2 d–1

was achieved with a CDW concentration of 20 g L–1, which is the highest in this experiment series.

Figures 5.2 C and D show the change of CO2 fixation efficiency and TA over the process time. The

initial CO2 fixation efficiency in experiments with a CDW concentration of 8 g L–1 and 13 g L–1 fall

slightly higher than the rest due to a difference in inoculation conditions. In these experiments, the

TA was at 555–557 ppm on average, and it stayed around 700 ppm for one week during the batch

phase. Maximum CO2 fixation efficiency reached with a CDW concentration of 8 g L–1 and 13 g L–1

was 62% and 71%, respectively. Although the fixation efficiency kept increasing throughout these

two experiments and did not reach a final value, it should be noted that the TA has also declined

over the process time, thus having a positive effect on the CO2 fixation efficiency. On the other

hand, in experiments with a CDW concentration of 11 g L–1 and 20 g L–1, maximum CO2 fixation ef-

ficiencies of 83% and 89% were recorded with an average TA of 403 ppm and 402 ppm, respectively.
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Figure 5.2: Variation of CDW concentration for biomass production with M. salina in open TLC photobioreac-
tors in semi-continuous mode. Presented are experiments with a daily starting CDW concentration of 8 g L–1

( ), 11 g L–1 ( ), 13 g L–1 ( ), and 20 g L–1 ( ) on an 8 m2 scale. A: CDW concentration (cX ); B: integral
areal productivity (PA); C: CO2 fixation efficiency (ηCO2

); D: total alkalinity (TA). Photosynthetic photon flux
density (PPFD) is given on the secondary vertical axis and marked in grey to highlight the daytime.

Two experiments were carried out to scale up the semi-continuous biomass production with M. salina

to the pilot scale in the TLC PBR with 50 m2 surface area as illustrated in Figure 5.3. In both cases,

the daily starting CDW concentration in the semi-continuous phase was kept at 18.5 g L–1. However,

the nutrient feed rates were adjusted differently, namely to 1.8× and 2.8× ASW per day on average.

As can be seen in Figure 5.3 A, with a lower feeding rate, the batch phase took longer, namely 13
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days, compared to the 7 days of batch phase with a higher feeding rate. However, this is also partly

due to a technical issue with the light-emitting diode (LED) lights, which caused the light supply to

be cut off completely for a whole day on day 5 of the experiment with a lower nutrient feeding rate.

Figure 5.3: Scale-up of biomass production with M. salina in semi-continuous mode to 50 m2 TLC photobiore-
actor. Presented are two experiments carried out with a daily starting CDW concentration of 18.5 g L–1 during
semi-continuous operation with average nutrient feed rates of 1.8× ASW per day ( ) and 2.8× ASW per day
( ). A: CDW concentration (cX ); B: integral areal productivity (PA); C: CO2 fixation efficiency (ηCO2

); D: total
alkalinity (TA). Photosynthetic photon flux density (PPFD) is given on the secondary vertical axis and marked
in grey to highlight the daytime.

The influence of the feed rate on the integral areal productivity is apparent in Figure 5.3 B. With an

average nutrient feed rate of 1.8× ASW per day, maximum integral areal productivity achieved during
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semi-continuous operation was 15.2 g m–2 d–1 and the maximum daily areal productivity recorded

on a single day was 22.4 g m–2 d–1. With an average nutrient feed rate of 2.8× ASW per day, the

maximum integral areal productivity achieved during semi-continuous operation was much higher,

namely 21.3 g m–2 d–1. Still, the maximum daily areal productivity reached on a single day was

similar with 22.2 g m–2 d–1. With an average nutrient feed rate of 2.8× ASW per day, the estimated

urea concentration in the microalgae suspension was kept between 0.3–3.1 g L–1 at all times, with

an average of 1.0 g L–1 over the whole process.

In Figures 5.3 C and D, CO2 fixation efficiency and TA in these scale-up experiments with different

nutrient feeding rates are shown. With an average nutrient feed rate of 1.8× ASW per day and

an average TA of 385 ppm, an average CO2 fixation efficiency of 52% was achieved during the

semi-continuous operation, with a temporary maximum at 56%. With an average nutrient feed rate

of 2.8× ASW per day, a slightly higher average CO2 fixation efficiency of 59% was recorded, with

a maximum at 62%, although the average TA of 445 ppm was higher than with a lower feed rate.

However, it is visible that the CO2 fixation efficiency kept declining until the end of the process in

both experiments, holding the same value of 57% on day 17. Regarding the process scale-up to 50

m2, it was noted that the areal productivities reached are very similar between the 8 m2 and the 50

m2 scales, when the same CDW concentration is adjusted at the beginning of each day and there is

no nutrient limitation. Nonetheless, CO2 fixation efficiency is much lower in processes on the 50 m2

scale, namely around 25–30% less than on the 8 m2 scale.

Discussion

As expected, the areal productivity of microalgal biomass production in TLC PBRs depends very

much on the CDW concentration. In semi-continuous processes operated at a CDW concentration

range of 8–25 g L–1, areal productivity was higher for higher CDW concentrations in the investigated

range. In comparison to batch mode, areal productivity was increased from 17–19 g m–2 d–1 to

20–21 g m–2 d–1 using semi-continuous operation without any sign of productivity decline until the

end of the process after 24 days.

It has already been suggested in the literature that higher integral areal productivity can be achieved

in a semi-continuous mode compared to batch production. He et al. (2016) reported that switching

to semi-continuous operational mode increased areal productivity by 35–88% compared to batch

mode. Similarly, Yadav et al. (2020) stated that switching from batch to semi-continuous operation

increased areal productivity from 3.3 g m–2 d–1 to 11.5 g m–2 d–1 in outdoor raceway ponds. Thus,

the results are in line with the literature.

In semi-continuous experiments on an 8 m2 scale, CO2 fixation efficiency ranged between 80–90%

if the TA was kept below 500 ppm, which is consistent with the CO2 fixation efficiencies observed in

batch processes. In addition, Figure 5.2 implies that even though both TA and CDW concentration

affect the CO2 fixation efficiency, the influence of TA is much more significant than that of biomass

concentration, since it was possible to achieve over 80% efficiency also at lower CDW concentra-

tions of 10–14 g L–1 as long as the TA was kept below 500 ppm (10 mM) throughout the process.
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On the pilot scale, maximum integral areal productivity achieved with an average nutrient feed rate

of 1.8× ASW per day was 15.2 g m–2 d–1 during the semi-continuous operation, which is lower than

17–19 g m–2 d–1 achieved under very similar conditions on the 8 m2 scale. With an average nutrient

feeding rate of 2.8× ASW per day, on the other hand, the maximum integral areal productivity

achieved on the pilot scale was much higher, namely 21.3 g m–2 d–1 during the semi-continuous

operation. The only difference between the two experiments on the pilot scale was the average

daily medium feeding rate. Hence, it can be concluded that higher productivity can be reached by

increasing the nutrient feeding rate, most likely to a sufficient level to prevent nutrient limitation. It

should, however, be considered that high ammonia concentrations in cultivation medium can be toxic

for microalgae, meaning that the urea concentration should be kept in a certain range that allows

the fast growth of microalgae without nutrient limitation and without causing ammonia intoxication.

Figure 5.4: Comparison of the water evaporation rate and the reaction medium temperature in TLC PBRs
in semi-continuous mode on different scales. Presented are two semi-continuous processes: one operated
at a CDW concentration of 20 g L–1 on an 8 m2 scale marked in red ( ), and the other operated at a CDW
concentration of 18.5 g L–1 on a 50 m2 scale marked in black ( ). A: Water evaporation rate per unit reactor
area; B: temperature of the reaction medium (i.e. microalgae suspension).

In semi-continuous processes in the TLC PBR on a 50 m2 scale, areal productivities similar to that

on the 8 m2 scale were achieved. However, CO2 fixation efficiency was by 25–30% lower than on

the 8 m2 scale, although CDW concentration and TA values were the same. On the pilot scale TLC

PBR with 50 m2 surface area, the volumetric ratio of the microalgae suspension falling freely from

the reactor channels into the retention tanks to the total reaction medium inside the reactor is smaller

than on the 8 m2 scale. This results in a lower evaporation rate in the pilot scale reactor, leading

to partially higher temperatures of the microalgae suspension under the same climate conditions,
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which is illustrated in Figure 5.4 comparing two semi-continuous processes in TLC PBRs on different

scales. In this example, the process on the 8 m2 scale had a mean water evaporation rate of 8.0

L m-2 d–1, whereas it was 4.3 L m-2 d–1 on the 50 m2 scale (Fig. 5.4 A). Consequently, the mean

temperature of the microalgae suspension was higher on the 50 m2 scale (24.4 °C) than on the 8

m2 scale (22.3 °C), with the most significant temperature differences observed during the highest

irradiation periods at midday and the cool-down periods overnight (Fig. 5.4 B). Higher temperatures

of the microalgae suspension would also mean a lower gas solubility and a shift in the distribution of

the dissolved organic carbon (DIC) species in water by affecting the carbonic acid dissociation con-

stants (Woosley, 2021). Hence, higher temperatures of the reaction medium might be the reason for

lower CO2 fixation efficiency on the pilot scale. Another reason could be the smaller volume-specific

gas transfer surface area of the pilot scale reactor compared to that on the 8 m2 scale resulting from

the CO2 supply system being slightly different.

5.3. Continuous production

Series of experiments for biomass production with M. salina in continuous mode were carried out in

TLC reactors with 8 m2 surface area to find out if a higher maximum of integral areal productivity can

be achieved and sustained over a longer time period in comparison to the batch operation. Another

objective was to determine if higher CO2 fixation efficiencies can be achieved in a continuous mode

of operation compared to the batch and semi-continuous processes. In the following subsections, an

experiment series investigating the variation of dilution rate, another experiment series examining

the variation of feed rate, and the scale-up of the continuous biomass production to pilot scale in

a TLC PBR with 50 m2 surface area are presented. Additionally, a modification of the CO2 supply

system to increase CO2 fixation efficiency in the pilot scale TLC reactor was examined.

Continuous processes began the same way as batch processes with a nutrient concentration of

2× that in the ASW medium. The switch to continuous operation was started after the microalgae

suspension had reached the desired biomass concentration, which was estimated based on the

selected dilution rate, since the dilution rate is equal to the biomass growth rate in a continuous

process (see Subsection 3.2.4). After that, a concentrated feed medium in an external feed tank

was continuously supplied to the reactor. Microalgae suspension was pumped into an external col-

lection tank only for 12 hours every day from 7 a.m. to 7 p.m. to avoid washing out of the cells at

night when the cell growth was minimal due to the lack of light supply. The volumetric flow rate of

the outlet stream in these 12 hours is set to twice that of the inlet stream so that the daily harvested

suspension volume equals the daily feed medium volume supplied to the reactor. Hence, the dilution

rate specified for each experiment is a daily average.

Nutrient concentration in the feed medium was adjusted to avoid nutrient depletion in the microalgae

suspension, keeping the urea concentration at 0.5–1.5 g L–1 over the whole process. In continuous

processes, the nutrient concentration in the feed medium was adjusted to a factor (CF ) of the

nutrient concentration in the ASW medium without changing the concentration of medium salts (i.e.

NaCl, MgSO4 and CaCl2). The ratio of nutrient concentration in the feed medium to that in the ASW

medium (CF ) was selected depending on the dilution rate (D) and the desired nutrient feed rate.

Similarly to batch and semi-continuous processes, the nutrient feed rate (rfeed) in each continuous
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experiment is expressed in terms of a factor (F ) of the nutrient concentration in the ASW medium

as follows using Equation (4.2):

rfeed =
mnutrient,in

VR · t
= CF ·D · cnutrient,ASW = F ×ASW per day

where mnutrient,in is the mass of nutrients fed, VR is the reaction volume (i.e. volume of algae sus-

pension inside the reactor), t is the process time in days, D is the dilution rate, and cnutrient,ASW
is the nutrient concentration in the ASW medium as given in Table 4.1. For instance, with a 20×
concentrated feed medium (CF = 20) and a dilution rate of 0.175 d-1, the nutrient feed rate (rfeed)

is expressed as 3.5× ASW per day, meaning F = 3.5.

5.3.1. Variation of the dilution rate

In this series of experiments for continuous biomass production with M. salina in TLC PBRs with 8

m2 surface area, the dilution rate was varied between 0.075–0.200 d–1, while the nutrient feed rate

was set to 2.5× ASW per day for all experiments. For a continuous process to achieve an actual

steady state, the operation must be kept running for at least three times the mean hydraulic resi-

dence time calculated from the dilution rate. In this experiment series, this was the case only with a

dilution rate of 0.200 d–1 requiring 15 days of operation after the start of the continuous phase. For

the remaining experiments with lower dilution rates, no significant change in the biomass concen-

tration was observed after continuous operation for one mean hydraulic residence time, so a steady

state was assumed after that.

Figure 5.5 A shows the CDW concentrations achieved with various dilution rates. In experiments

with dilution rates of 0.075 d–1, 0.100 d–1, 0.150 d–1, and 0.200 d–1, average CDW concentrations

of 35.9 g L–1, 31.5 g L–1, 24.4 g L–1, and 14.9 g L–1 were recorded at steady state, respectively.

Integral areal productivity was highest with 23 g m–2 d–1 at CDW concentrations between 24.4–31.5

g L–1. At a CDW concentration of 35.9 g L–1, which is above this specified biomass concentration

range, the productivity dropped slightly to 21.3 g m–2 d–1. Lowest integral areal productivity of 17.6

g m–2 d–1 was measured in experiment with 14.9 g L–1 CDW concentration.

Figures 5.5 C and D show CO2 fixation efficiency and TA in these experiments. Interestingly, CO2

fixation efficiencies over 100% were measured temporarily in some cases. However, the values sta-

bilized towards the end of each process. In experiments with dilution rates of 0.075 d–1, 0.100 d–1,

0.150 d–1, and 0.200 d–1, CO2 fixation efficiencies recorded on the last day were 91%, 96%, 73%,

and 77%, respectively. The results suggest that the CO2 fixation efficiency correlates with areal

productivity except for the process with a dilution rate of 0.150 d–1, in which TA was over 450 ppm

for the last two weeks, resulting in the lowest CO2 fixation efficiency measured in this series.

Discussion

In the continuous operation of TLC PBRs, higher dilution rates yielded lower CDW concentrations at

a steady state, as expected. In general, it was concluded that with a continuous mode of operation,

higher integral areal productivities can be achieved and sustained over longer periods of time in
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comparison to batch operation. Additionally, slightly higher areal productivities and CO2 fixation

efficiencies were reached compared to semi-continuous processes at similar CDW concentrations

and TA values. This is, however, most likely the result of a higher feed rate of 2.5 × ASW per

day applied in continuous processes in this experiment series compared to the semi-continuous

processes presented in Section 5.2 with an average nutrient feed rate of 1.5–1.7× ASW per day.

Figure 5.5: Variation of dilution rate for biomass production with M. salina in open TLC photobioreactors in
continuous mode. Presented are experiments with a dilution rate of 0.075 d–1 ( ), 0.100 d–1 ( ), 0.150 d–1

( ), and 0.200 d–1 ( ) on an 8 m2 scale. Feed rate was adjusted to 2.5× ASW per day for all experiments.
A: CDW concentration (cX ); B: integral areal productivity (PA); C: CO2 fixation efficiency (ηCO2 ); D: total
alkalinity (TA). Photosynthetic photon flux density (PPFD) is given on the secondary vertical axis and marked
in grey to highlight the daytime.
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5.3.2. Variation of the feed rate

Figure 5.6: Variation of feed rate for biomass production with M. salina in open TLC photobioreactors on an
8 m2 scale in continuous mode with a dilution rate of 0.150 d–1. Presented are experiments with a nutrient
feed rate of 2.5× ASW per day ( ) and 3.0× ASW per day ( ). A: CDW concentration (cX ); B: integral areal
productivity (PA); C: CO2 fixation efficiency (ηCO2

); D: total alkalinity (TA). Photosynthetic photon flux density
(PPFD) is given on the secondary vertical axis and marked in grey to highlight the daytime.

Two experiments were performed for continuous biomass production with M. salina in TLC reactors

with 8 m2 surface area, in which the dilution rate was kept constant at 0.150 d–1, while the nutrient

concentration in the feed medium was adjusted differently. Using a feed medium with a nutrient

concentration factor (CF ) of 16.7× and 20.0× that of the ASW medium, resulted in a nutrient feed
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rate of 2.5× ASW per day and 3.0× ASW per day, respectively. The results of the experiment with

the lower nutrient feeding rate were already presented in Subsection 5.3.1. In the experiment with a

higher nutrient feeding rate, a CDW concentration of 24.0 g L–1 and an integral areal productivity of

22.2 g m–2 d–1 were recorded in the steady state of the continuous operation. As seen in Figure 5.6,

increasing the nutrient feed from 2.5× to 3.0× ASW per day did not affect the biomass concentration

and integral areal productivity. However, it resulted in an increase in the CO2 fixation efficiency. De-

spite the TA being very similar to each other in these two processes, in the experiment with a higher

nutrient feed rate, CO2 fixation efficiency reached 99% on the last day of the experiment, showing

an increase by 26% compared to the experiment with the lower nutrient feed rate.

Discussion

In a continuous process on an 8 m2 scale with a dilution rate of 0.150 d–1, increasing the nutrient

feeding rate from 2.5× to 3.0× ASW per day did not affect areal productivity, but increased CO2

fixation efficiency by 26%. In contrast, in Section 5.2, it was demonstrated in a semi-continuous

process that increasing the average nutrient feed rate from 1.8× to 2.8× ASW per day results in a

higher areal productivity, but makes almost no difference in the CO2 fixation efficiency. This might

suggest that an increase in the nutrient feeding rate positively affects biomass productivity at low

nutrient concentrations, causing nutrient-limited growth of the microalgae. However, when the nu-

trient concentration is already so high that the microalgae can grow without nutrient limitation, a

further increase of the nutrient feed rate might contribute to a higher CO2 fixation efficiency. Since

the urea-containing feed medium is acidic, higher feed supply to the microalgae suspension under

nutrient-replete conditions might contribute to reduced TA of the reaction medium and thus have a

positive effect on the CO2 fixation efficiency.

5.3.3. Scale-up of continuous microalgal biomass production to 50 m2

Two continuous processes with an integral areal productivity above 20 g m–2 d–1 were transferred

from 8 m2 to 50 m2 scale. The first of these processes to be scaled-up was with a dilution rate of

0.150 d–1 and a nutrient feed rate of 2.5× ASW per day. Figure 5.7 shows the results of this scale-up

experiment together with the reference process performed on the 8 m2 scale for easy comparison.

The time axis of the experiment on the 8 m2 scale was shifted slightly to allow a comparison between

the processes starting at a similar CDW concentration of around 0.8 g L–1. In both cases a steady

state was observed after one mean hydraulic residence time in continuous operation.

As can be seen in Figures 5.7 A and B, a CDW concentration of 22.5 g L–1 and an integral areal

productivity of 21.5 g m–2 d–1 were achieved in continuous operation on a 50 m2 scale, which are

slightly lower but very similar to the values of 24.4 g L–1 CDW concentration and 22.6 g m–2 d–1

areal productivity on the 8 m2 scale with the same dilution and feed rates. Figure 5.7 D shows that

the TA was also very similar between the two experiments and successfully kept below 600 ppm at

all times. However, the CO2 fixation efficiency was much lower on the 50 m2 scale compared to the

73% measured on the 8 m2 scale. As seen in Figure 5.7 C, the CO2 fixation efficiency recorded on

the last day of continuous operation on the pilot scale was 48%, which is by 25% lower than on the

8 m2 scale.
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Figure 5.7: Scale-up of biomass production with M. salina in continuous mode to 50 m2 TLC photobioreactor.
Presented are continuous processes with a dilution rate of 0.150 d–1 on an 8 m2 scale ( ) and on a 50 m2

scale ( ). Nutrient feed rate was 2.5× ASW per day. A: CDW concentration (cX ); B: integral areal productivity
(PA); C: CO2 fixation efficiency (ηCO2

); D: total alkalinity (TA). Photosynthetic photon flux density (PPFD) is
given on the secondary vertical axis and marked in grey to highlight the daytime.

The second continuous process to be scaled-up was with a dilution rate of 0.175 d–1 and a feed

rate of 3.5× ASW per day. Also here, the time axis of the experiment on the 8 m2 scale was shifted

slightly to have a similar initial CDW concentration of around 0.8 g L–1 in both processes. After a

batch phase of 9-10 days, the microalgae suspension in the reactor was diluted to around 14 g L–1

CDW concentration and the continuous operation was started. In both experiments an actual steady



Production of Microchloropsis salina Biomass in Open Thin Layer Cascade Photobioreactors 75

state after three times of the mean hydraulic residence time in continuous operation was achieved.

Steady state was the case for the last 3 days of the experiment on the 8 m2 scale and only the

last day of the experiment on the 50 m2 scale. Nevertheless, a steady biomass concentration was

observed in both processes after 22 days.

Figure 5.8: Scale-up of biomass production with M. salina in continuous mode to 50 m2 TLC photobioreactor.
Presented are continuous processes with a dilution rate of 0.175 d–1 on an 8 m2 scale ( ) and on a 50 m2

scale ( ). Nutrient feed rate was 3.5× ASW per day. A: CDW concentration (cX ); B: integral areal productivity
(PA); C: CO2 fixation efficiency (ηCO2 ); D: total alkalinity (TA). Photosynthetic photon flux density (PPFD) is
given on the secondary vertical axis and marked in grey to highlight the daytime.

Figures 5.8 A and B show the course of the CDW concentration and the integral areal productivity
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throughout these processes. Similarly to the first scale-up experiment, the biomass concentration

and productivity achieved on the 50 m2 scale were slightly lower but similar to the values on the 8

m2 scale. In the experiments on the 8 m2 and the 50 m2 scales, an average CDW concentration

of 22.4 g L–1 and 18.4 g L–1 and an average integral areal productivity of 24.1 g m–2 d–1 and 20.1

g m–2 d–1 were reached on steady state, respectively. As seen in Figure 5.8 D, the TA was kept

below 650 ppm except for a short time between days 6-10 on the pilot scale. Although the CO2

fixation efficiency measured on the 8 m2 scale was above 100% temporarily, in the steady state, an

average CO2 fixation efficiency of 91% was recorded. Similar to the previous scale-up experiment,

CO2 fixation efficiency on the pilot scale was by 24% lower than on the 8 m2 scale, reaching an

average of 67% on steady state.

In the scale-up experiment with a dilution rate of 0.150 d–1 and a nutrient feed rate of 2.5× ASW per

day, an average urea concentration of 0.52 g L–1 was measured in the microalgae suspension. With

a dilution rate of 0.175 d–1 and a feed rate of 3.5× ASW per day, the average urea concentration

measured was 1.62 g L–1 at steady state. In both processes the urea concentration was kept above

0.35 g L–1 at all times.

Discussion

Two scale-up experiments in the TLC PBR with 50 m2 surface area were performed. The first one

was with a dilution rate of 0.150 d–1 and a nutrient feed rate of 2.5× ASW per day, and the second

one was with a dilution rate of 0.175 d–1 and a feed rate of 3.5× ASW per day. Interestingly, with

a lower feed rate, a slightly higher areal productivity of 21.5 g m–2 d–1 was achieved at the steady

state compared to 20.1 g m–2 d–1 in the second experiment with a higher feed rate. On the other

hand, CO2 fixation efficiency was by 19% higher in the second experiment with a higher feed rate.

Even though these two experiments cannot be directly compared, since different dilution rates were

used, the results are consistent with the conclusion in Subsection 5.3.2 suggesting that an increase

of the nutrient feed rate above 2.5× ASW per day does not influence productivity but results in an

increase in the CO2 fixation efficiency.

It is important to note that in both scale-up experiments of continuous biomass production, areal

productivities were similar to that on the 8 m2 scale, while CO2 fixation efficiency was around 25%

lower in the pilot-scale TLC reactor. This was also the case for the scale-up experiments of semi-

continuous biomass production. There are some differences between the 8 m2 scale and pilot-scale

TLC reactors, which could affect the CO2 fixation efficiency. One difference is the temperature of

microalgae suspension being higher in the TLC reactor with 50 m2 surface area due to the lower

water evaporation rate as shown in Section 5.2. A higher temperature in the reaction medium would

eventually cause a reduction of CO2 fixation efficiency due to the lower gas solubility and a shift in

the distribution of DIC species in water at higher temperatures. Another difference is the type of

gassing hoses and the volume-specific gas exchange surface area, which is the area of the gassing

hose in contact with the reaction medium and is lower for the pilot-scale TLC reactor. The influence

of the latter is examined in the following subsection.
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5.3.4. Effect of volume-specific gas exchange area on CO2 fixation efficiency

CO2 fixation efficiency is one of the main performance indicators of microalgal biomass production

in this work. In TLC PBR with 8 m2 surface area under optimal conditions, it was possible to con-

sistently achieve over 95% CO2 fixation efficiency. However, in scale-up experiments in TLC PBR

with 50 m2 surface area, CO2 fixation efficiency stayed below 70%. One of the differences in these

experiments that could affect the CO2 fixation efficiency compared to the 8 m2 scale reactors is the

difference in the gas supply system, which are the type of gassing hoses and the volume-specific gas

exchange surface area, which is the area of the gassing hose in contact with the reaction medium.

Table 5.1: Specifications of different CO2 gassing units used in TLC PBR.

Specification 1 2 3

TLC PBR surface area, m2 8 50 50

TLC PBR working volume, L 55 350 350

Hose type Solvox® B Solvocarb® Solvox® B

Hose diameter, cm 2.1 2.6 2.1

Total hose length per gassing unit, cm 72 45 120

Gas exchange area per gassing unit, m2 0.048 0.037 0.079

Number of gassing units per reactor 1 2 2

Volume-specific gas exchange area, m–1 0.864 0.210 0.452

TLC reactors with 8 m2 surface area had CO2 gassing units made of Solvox® B hoses (Linde, Pul-

lach, Germany), whereas the CO2 gassing units of the TLC reactor with 50 m2 surface area were

made of Solvocarb® hoses (Linde, Pullach, Germany), which have slightly larger pores to allow a

higher gas flux rate through the perforated material and double the amount of pores per unit hose

length compared to Solvox® B hoses. Since smaller pores produce smaller gas bubbles and thus

improve the gas diffusion into the liquid phase, the usage of Solvox® B hoses could have a positive

effect on CO2 fixation efficiency as previously demonstrated by Schädler (2020). Hence, the gassing

units of the 50 m2 TLC reactor were modified replacing the Solvocarb® hoses with Solvox® B hoses.

Since Solvox® B hoses allow a lower gas flux rate, it must be ensured that the CO2 supply into the

reactor stays sufficient to keep the pH at a given set-point under any circumstances by providing a

large enough volume-specific gas exchange surface area. In an experiment using Solvox® B hoses

in the CO2 supply unit without changing the total hose length, it was observed that the gas flux rate

was not enough to keep the pH at 8.5 at all times throughout the process (data not shown), which

indicated that an increase of the volume-specific gas exchange area definitely have to be increased,

if Solvox® B hoses are to be used. This was achieved by increasing the length of the gassing hoses

from 45 cm to 120 cm per gassing unit to yield a larger gas exchange surface area as specified in

Table 5.1. Even though the volume-specific gas exchange surface area of the 50 m2 TLC reactor

was still below that of the 8 m2 TLC reactors as seen in Table 5.1, a further increase of the hose
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length was not feasible, since this would require a change of the technical design and structural

parts of the pilot-scale TLC reactor.

Figure 5.9: Effect of increasing the volume-specific gas exchange surface area and smaller gas bubble size on
microalgal biomass production in continuous mode in a pilot-scale TLC PBR. Presented are two experiments
on a 50 m2 scale with volume-specific gas exchange surface area of 0.210 m–1 ( ) and 0.452 m–1 ( ). In
both processes, a dilution rate of 0.175 d–1 was applied. The nutrient feeding rate was 3.5× ASW per day and
3.0× ASW per day in the experiments with the lower and the higher gas exchange surface area, respectively.
A: CDW concentration (cX ); B: integral areal productivity (PA); C: CO2 fixation efficiency (ηCO2 ); D: total
alkalinity (TA). Photosynthetic photon flux density (PPFD) is given on the secondary vertical axis and marked
in grey to highlight the daytime.
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After implementing the modifications mentioned above on the CO2 gassing system, an experiment

was carried out using the same parameters as in the continuous process with a dilution rate of

0.175 d–1 on the pilot scale already presented in Subsection 5.3.3 as the reference with the previ-

ous gassing system for comparison as shown in Figure 5.9. Both experiments were performed in

continuous mode with a dilution rate of 0.175 d–1 and an initial nutrient feed rate of 3.5× ASW per

day. After a batch phase of 8 days, which is 2 days shorter than in the reference experiment, a CDW

concentration of 22.2 g L–1 was reached, and continuous operation was started. A steep increase in

the urea concentration was observed after one day of continuous operation. Therefore, the nutrient

feeding rate was reduced to 3.0× ASW per day to keep the measured urea concentration below 1.5

g L–1. A steady state was observed after 1.5 times the mean hydraulic residence time in continuous

operation, which corresponds to the last 4 days of the experiment.

As seen in Figure 5.9 D, the TA was kept below 500 ppm successfully until the last process day. In

the steady state, an average CDW concentration of 17.8 g L–1, a mean integral areal productivity of

23.2 g m–2 d–1, and a mean CO2 fixation efficiency of 64% were recorded. These results are very

similar to the values achieved in the reference experiment at steady state, as can be seen in Figure

5.9, meaning that neither the process productivity nor the CO2 fixation efficiency was noticeably

affected by the modifications made to the CO2 gassing system.

Discussion

By changing the type of gassing hoses to another with smaller pores and increasing the volume-

specific gas exchange surface area, it was not possible to further increase the CO2 fixation efficiency

for continuous biomass production in the pilot-scale TLC reactor. As mentioned in Subsection 5.2,

another difference between the 8 m2 and 50 m2 TLC reactors is the evaporation rate being lower in

the pilot-scale reactor. According to Apel (2017), the evaporation rate in the pilot-scale TLC reactor

can be 45% lower than in the 8 m2 scale TLC reactors. According to measurements in this study,

the evaporation rate was determined to be approximately 25% lower in the pilot-scale TLC reactor.

This results in a much higher maximum temperature of the microalgae suspension during daytime

in the 50 m2 scale TLC reactor, more precisely around 6 °C higher than in processes in 8 m2 scale

reactors. For water with a salinity of 30 ppt, the water temperature increasing from 28–34 °C to

34–40 °C would result in a 0.12–0.16 g L–1 decrease in the CO2 solubility in water (Weiss, 1974).

Hence, the microalgae suspension temperature quickly rising to around 40 °C during midday every

day may cause more CO2 to escape from the water phase into the air in the pilot-scale TLC reactor.

5.4. Effect of pH

A series of experiments in semi-continuous mode at various pHs ranging from pH 7.5 to pH 8.5

was performed to investigate the influence of pH on microalgal biomass production. Figure 5.10

A shows the results of six experiments carried out in TLC PBRs at different pH on both 8 m2 and

50 m2 scales. On the 8 m2 scale, increasing the pH from pH 7.5 to pH 8.0 leads to a significant

increase of CO2 fixation efficiency by 30%, from 38% to 68%. A further increase to pH 8.5 had a

less significant impact, increasing CO2 fixation efficiency by 13% to 81%. As anticipated based on

previous experiments, CO2 fixation efficiency was lower on the pilot scale than on the 8 m2 scale
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at the same pH. Still, the positive correlation between the pH and the CO2 fixation efficiency was

observed also on the pilot scale. Here, a pH increase from pH 8.0 to pH 8.5 increased CO2 fixation

efficiency by 30%, from 29% to 59%. Thus, it was demonstrated that the CO2 fixation efficiency

increases with increasing pH in TLC PBRs on both scales in the examined pH range.

Figure 5.10: Influence of pH on biomass production with M. salina in open TLC photobioreactors in semi-
continuous mode. Presented are experiments with a similar daily initial CDW concentration of around 20 g
L–1 at pHs ranging from pH 7.5 to pH 8.5 on both 8 m2 and 50 m2 scales. A: CO2 fixation efficiency (ηCO2

); B:
mean integral areal productivity (PA). Data labels indicate the average nutrient feed rate in terms of a factor
(F ) of the ASW medium nutrient concentration per day.

Figure 5.10 B shows the mean integral areal productivity in six semi-continuous processes operated

at the same daily initial biomass concentration but at different pH on both scales. The data labels on

the diagram indicate the average nutrient feed rate as a factor (F ) of the nutrient concentration in the

ASW medium per day, resulting from the different nutrient concentrations in the feed medium. The

results indicate that the areal productivity is only marginally affected by the pH. With pH increasing

from pH 7.5 to pH 8.0 at the same nutrient feed rate, the integral areal productivity exhibits only a
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slight gain by 1.4 g m–2 d–1 on the 8 m2. Likewise, a pH increase from pH 8.0 to pH 8.5 on the 50

m2 increases the integral areal productivity only by 3.4 g m–2 d–1. On the other hand, increasing the

nutrient feed rate from 1.9 × to 2.5 × ASW per day at an almost constant pH (pH 8.0–8.3) leads

to a more significant increase in the areal productivity, namely by 8.0 g m–2 d–1 on the 8 m2 scale.

Similarly to the observations in previous experiments, lower productivities and CO2 fixation efficien-

cies are reached on semi-continuous mode on a 50 m2 scale compared to the 8 m2 scale under the

same conditions. Still, these figures are highest in operation at pH 8.5 within the investigated pH

range in both cases.

Discussion

The pH optimum for M. salina is given as pH 7.5–8.0 in literature (Boussiba et al., 1987; Bartley et

al., 2014). Surprisingly, the highest biomass productivity was achieved at pH 8.5, which is above

the reported optimal range. Since biomass productivity depends on CDW concentration as well as

growth rate, the data suggests that at constant CDW concentration, M. salina has a higher pH op-

timum when cultivated in TLC PBR. Due to the effect of pH on the distribution of dissolved carbon

species, it was already anticipated that the highest CO2 fixation efficiency would be reached at pH

8.5. Also, the effect of a pH increase from pH 8.0 to pH 8.5 was much bigger on the pilot scale than

on the 8 m2 scale. This raises the question of whether a further increase of the pH on the pilot scale

would further improve the CO2 fixation efficiency. As shown in Section 5.2, the average temperature

of the microalgae suspension under the same climate conditions is higher in TLC PBRs on the pilot

scale than on the 8 m2 scale. It is known that temperature affects the dissolved organic carbon (DIC)

balance in water, with the dissociation constants of carbonic acid increasing with rising temperature

(Woosley, 2021). Thus, it is possible that increasing the pH further above pH 8.5 would influence

the CO2 fixation efficiency positively. However, it should be noted that pH 8.5 is already above the

optimal range for M. salina growth and a further increase in pH could drastically reduce the areal

productivity.

5.5. Effect of automated switch-off of the circulation pumps overnight

Energy consumption for the circulation of microalgae suspension makes up the largest portion of

the process costs for the production of microalgal biomass in open TLC PBR. To reduce energy

consumption, circulation pumps are switched off overnight from 8 p.m. to 6 a.m., and the algae

suspension in the reactor’s retention tanks is mixed only by the movement caused by bubbling pres-

surized air through the suspension. To investigate how this affects areal productivity and CO2 fixation

efficiency on the 50 m2 scale, an experiment in continuous operation mode was performed with au-

tomated switch-off of the circulation pumps and pressurized air supply overnight. Figure 5.11 shows

the results of this experiment (black) and another one carried out under the same conditions but

without the automated pump switch-off (red) for comparison. The reference experiment was de-

scribed in detailed in Subsection 5.3.3.
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Figure 5.11: Effect of switching off the circulation pumps overnight on biomass production with M. salina in
continuous mode in a TLC PBR on a 50 m2 scale. Presented are two continuous processes with a dilution
rate of 0.175 d–1 and a nutrient concentration (CF ) of 20× that of the ASW medium in the feed medium,
corresponding to a nutrient feed rate of 3.5× ASW per day, with and without the automated pump switch-off
mechanism. The experiment with the automated pump switch-off is marked in black ( ), while the reference
experiment with uninterrupted circulation of the microalgae suspension is marked in red ( ). The circulation
pump switch-off was for 10 hours overnight from 8 p.m. to 6 a.m., during which the mixing of the algae
suspension was done via pressurized air supply at the bottom of the reactor’s retention tanks. A: CDW
concentration (cX ); B: integral areal productivity (PA); C: CO2 fixation efficiency (ηCO2

); D: total alkalinity
(TA). Photosynthetic photon flux density (PPFD) is given on the secondary vertical axis and marked in grey to
highlight the daytime.
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Both experiments had a batch phase of 10 days. After reaching the desired biomass concentration,

the continuous operation was started with a dilution rate of 0.175 d–1 and a nutrient concentration

(CF ) of 20× that of the ASW medium, corresponding to a nutrient feed rate of 3.5× ASW per day. A

steady state was observed after a process duration of two times the mean hydraulic residence time.

An average CDW concentration of 18.4 g L–1 was recorded at steady state, which is very similar to

the average CDW concentration of 18.3 g L–1 in the reference experiment. Furthermore, the aver-

age integral areal productivity of 20.1 g m–2 d–1 was also very similar to 20.8 g m–2 d–1 recorded

in the reference experiment. This means that the areal productivity is not noticeably affected by the

switch-off of the circulation pumps overnight. On the other hand, CO2 fixation efficiency went down

by 24%, from 67% to 43%, even though the TA was kept successfully below 500 ppm throughout

the experiment.

Besides reducing energy consumption, another advantage of switching off the circulation pumps

overnight is reducing the water evaporation rate in the TLC PBR. Figure 5.12 shows the evaporation

rate per unit reactor area compared to the reference process shown in Figure 5.11. By operating

the circulation pumps only for 14 h during the daytime, the water evaporation rate was decreased by

40% from 4.5 L m –2 d–1 to 2.7 L m –2 d–1, which presents a major advantage in operation costs.

Figure 5.12: Effect of switching off the circulation pumps overnight on water evaporation rate in continuous
processes in a TLC PBR on a 50 m2 scale. Water evaporation rate per reactor surface area is presented for
two continuous processes with a dilution rate of 0.175 d–1 and a nutrient concentration (CF ) of 20× that of the
ASW medium in the feed medium, corresponding to a nutrient feed rate of 3.5× ASW per day, with and without
the automated pump switch-off mechanism. The experiment with the automated pump switch-off is marked
in black ( ), while the reference experiment with uninterrupted circulation of the microalgae suspension is
marked in red ( ). The circulation pump switch-off was for 10 hours overnight from 8 p.m. to 6 a.m., during
which the mixing of the algae suspension was done via pressurized air supply at the bottom of the reactor’s
retention tanks.

Discussion

The switch-off of the circulation pumps with simultaneous pressurized air supply in the retention

tanks for 10 hours overnight in a pilot-scale continuous process over 23 days did not have a sig-

nificant influence on the biomass productivity but resulted in a decrease of CO2 fixation efficiency

by 24%. Additionally, the water evaporation rate, and thus the water consumption required for op-

eration, was decreased by 40% in this way. The same method was previously applied by Schädler
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(2020) on a TLC PBR with 8 m2 surface area, demonstrating that the pump switch-off overnight did

not have any effect on microalgae growth or biomass productivity and reporting a reduction of the

power input required for TLC PBR operation by 42%, as also verified in this study on pilot scale

(50 m2 TLC PBR). Consequently, implementing an automated pump switch-off mechanism proved

very profitable for an industrial-scale application, considering around 40% savings in water supply

and energy costs. The only drawback of this modification was the drop in CO2 fixation efficiency,

which was probably caused by the insufficient mixing of the algae suspension overnight, which was

accomplished by gassing with pressurized air at only one location at the bottom of the reaction tank.

Thus, the drop in CO2 fixation efficiency could probably be reduced by better mixing of the microal-

gae suspension in retention tanks, for instance, by pressurized air supply through a perforated floor

mat system covering the whole bottom area of the retention tanks. This could, however, not be

investigated due to the difficulty of making the necessary technical changes to the TLC reactors.

5.6. Comparison between modes of operation and optimal conditions

Multiple series of experiments were carried out with M. salina in open TLC PBRs to determine the

optimal process conditions for microalgal biomass production achieving maximum productivity and

CO2 fixation efficiency. In total, three batch, ten semi-continuous, and eight continuous processes

were carried out on an 8 m2 scale. Eventually, one batch, three semi-continuous, and four continu-

ous processes were performed successfully on a pilot scale in the TLC reactor with 50 m2 surface

area. In this section, the results of these experiments are summarized and compared to each other

in terms of productivity and CO2 fixation efficiency.

In batch processes on an 8 m2 scale maximum integral areal productivity and CO2 fixation efficiency

recorded were 15–20 g m–2 d–1 and 70–86%, respectively, at a CDW concentration range of 25–35

g L–1 after 11–13 days. The daily areal productivity varied from 13.4 g m–2 d–1 to 25.2 g m–2 d–1 on

these days. In the batch process on a 50 m2 scale maximum integral areal productivity and CO2 fix-

ation efficiency observed were 12–14 g m–2 d–1 and 78–82%, respectively, at a CDW concentration

range of 21–24 g L–1 after 11 days. A daily areal productivity of 17.8 g m–2 d–1 was recorded on this

day. Both areal productivity and CO2 fixation efficiency declined after reaching the maximum at day

11. The main issue with using batch production mode, apart from the low areal productivity, is that

the maximum productivity and efficiency achieved are limited to only a couple of days, corresponding

to only 20% of the total operation time, which makes it unsuitable for an industrial-scale production

facility. For this reason, only semi-continuous and continuous modes of operation are considered for

microalgal biomass production on an industrially relevant scale.

A summary of the key performance indicators of all semi-continuous and continuous processes car-

ried out in this study for microalgal biomass production is illustrated in Figure 5.13. For productivity

comparison, the daily areal productivity was averaged over the whole semi-continuous operation

time or, in the case of continuous operation, over the steady-state continuous operation time. Figure

5.13 A shows the key performance indicators for biomass production in TLC PBR with 8 m2 sur-

face area in continuous mode for various dilution rates using the same nutrient feeding rate of 2.5×
ASW per day. As anticipated, the CDW concentration achieved at the steady state was inversely
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proportional to the dilution rate. The highest average daily areal productivity of 24.8 g m–2 d–1 was

reached with a dilution rate of 0.150 d–1 at an average CDW concentration of 24.6 g L–1. However,

these conditions also resulted in a CO2 fixation efficiency of 77%, which is the lowest recorded in

continuous production mode.

Figure 5.13: Summary of experiments for microalgal biomass production in TLC PBRs on an 8 m2 scale on an
8 m2 scale in different operational modes. Presented are CDW concentration (cX ) in blue ( ), average daily
areal productivity (PA,daily) in green ( ), total alkalinity (TA) in dashed blue ( ), and CO2 fixation efficiency
(ηCO2

) in red ( ). A: Variation of the dilution rate in continuous mode with a constant nutrient feed rate of 2.5×
ASW per day; B: variation of the dilution rate in continuous mode using 20× concentrated ASW medium as
feed medium (CF=20); C: variation of the daily starting biomass concentration in semi-continuous mode with
data labels indicating the nutrient feed rate in terms of a factor (F ) of the ASW medium nutrient concentration
per day.
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Figure 5.13 B shows the performance indicators for biomass production in TLC PBR with 8 m2 sur-

face area in continuous mode for various dilution rates using the same feed medium concentration,

namely 20 times of the nutrient concentration in ASW medium per day, meaning that the feeding

rate increases with increasing dilution rate. This corresponds to a nutrient feed rate of 3.0×, 3.5×,

4.5× and 5.0× ASW per day for the dilution rates of 0.150 d–1, 0.175 d–1, 0.225 d–1 and 0.250 d–1,

respectively. The results for a dilution rate of 0.150 d–1 indicate that increasing the feeding rate posi-

tively influences both productivity and CO2 fixation efficiency. In this process, an average daily areal

productivity of 26.5 g m–2 d–1 and a CO2 fixation efficiency of 98% were achieved, corresponding

to an increase by 1.7 g m–2 d–1 and by 21%, respectively, in comparison to the same process with

a feed rate of 2.5× ASW per day. Nevertheless, the best results were achieved in the continuous

process with a dilution rate of 0.175 d–1 with a CDW concentration of 22.2 g L–1, an average daily

areal productivity of 27.1 g m–2 d–1 and a CO2 fixation efficiency of 100%.

Figure 5.13 C displays the key figures for biomass production in TLC PBR with 8 m2 surface area

in semi-continuous mode with various daily starting CDW concentrations ranging from 7.9 g L–1 to

21.0 g L–1. The data demonstrates that the average daily areal productivity increases with growing

CDW concentration within the investigated range. Although it is possible to observe a slight rise in

the CO2 fixation efficiency with increasing CDW concentration, there is another factor with a stronger

influence on it. An average TA of over 10 mM in a semi-continuous process directly correlates with

a sharp drop of CO2 fixation efficiency by 15–20% compared to other processes with a similar CDW

concentration but an average TA of below 10 mM. Comparing the two semi-continuous experiments

with CDW concentrations of 12.8 g L–1 and 12.9 g L–1 presented in Figure 5.13 C, with average TA

values of 11.1 mM and 9.0 mM, respectively, shows how maintaining a TA value below 10 mM re-

sulted in an increase of CO2 fixation efficiency by 18% in this case. Among all the semi-continuous

processes presented in Figure 5.13 C, the maximum average daily areal productivity of 26.9 g m–2

d–1 and the maximum CO2 fixation efficiency of 88% were achieved in the same process with a daily

starting CDW concentration of 21.0 g L–1. Comparing these values to the continuous processes in

Figure 5.13 B shows that in both production modes, the highest areal productivity is reached at a

similar CDW concentration of 21.0–22.2 g L–1. The maximum values of mean daily areal productiv-

ity recorded were almost the same between continuous and semi-continuous processes on an 8 m2

scale, namely 27.1 g m–2 d–1 and 26.9 g m–2 d–1, respectively. There was, however, a remarkable

difference in the highest mean CO2 fixation efficiency achieved, which was 100% and 88% for con-

tinuous and semi-continuous processes on the 8 m2 scale, respectively.

Figure 5.14 presents the best results achieved using different operational modes for biomass pro-

duction in TLC PBR on a 50 m2 scale. Although the highest CO2 fixation efficiency recorded is in

batch mode, this value was sustained only for a day and started to decline afterwards. In contrast,

the values in semi-continuous and continuous modes are mean values maintained over a long pro-

cess time of at least one week, with no subsequent drop observed until the end of the process.

CO2 fixation efficiency achieved in batch, semi-continuous and continuous production of microalgal

biomass was 80%, 59% and 66%, respectively. Maximum mean daily areal productivity achieved

was 17.7 g m–2 d–1, 21.1 g m–2 d–1 and 22.1 g m–2 d–1 in batch, semi-continuous and continuous

modi, respectively. Mean daily areal productivity was highest in continuous production mode, while
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the difference to semi-continuous process is only 1.0 g m–2 d–1. These results suggest that the most

suitable mode of operation for microalgal biomass production is continuous. Nonetheless, it should

be noted that both CO2 fixation efficiency and areal productivity are lower for biomass production on

the 50 m2 scale in comparison to the 8 m2 scale. Especially the maximum CO2 fixation efficiency

achieved presents the most significant difference, being by 34% lower on the 50 m2 scale compared

to the 100% reached on the 8 m2 scale.

Figure 5.14: Comparison of the best performing processes with different operational modes for microalgal
biomass production in TLC PBRs on an 50 m2 scale. Presented are CDW concentration (cX ) in blue ( ),
average daily areal productivity (PA,daily) in green ( ), and CO2 fixation efficiency (ηCO2

) in red ( ). For the
batch mode, data from the day of maximum areal productivity are presented. For the semi-continuous mode,
CDw concentration is the set-point of the daily initial biomass concentration. Data labels indicate the nutrient
feed rate in terms of a factor (F ) of the ASW medium nutrient concentration per day.

Table 5.2: Optimal process conditions to achieve maximum areal productivity and CO2 fixation efficiency for
microalgal biomass production with M. salina in open TLC PBRs. Nutrient concentration in the feed medium
is given as a factor (CF ) of the nutrient concentration in the ASW medium with unchanged salt concentration.
Nutrient feed rate is expressed using a factor (F ) of the nutrient concentration in the ASW medium per day.

Mode of operation

Parameter Semi-continuous Continuous

CDW concentration 20–25 g L–1 19–24 g L–1

Dilution rate – 0.150–0.225 d–1

Nutrient concentration in feed medium – 20× ASW

Nutrient supply to the reactor 2.5–3.5× d–1 ASW 3.0–4.5× ASW d–1

pH 8.5

Total alkalinity (TA) 200–400 ppm

Volume-specific gas exchange surface > 0.850 m–1

Table 5.2 outlines the determined optimal conditions to achieve a mean daily areal productivity of

>25 g m–2 d–1 and an average CO2 fixation efficiency of >90% consistently in TLC PBR with 8 m2

surface area. On the pilot scale, these same conditions guarantee an areal productivity of >21 g m–2

d–1 and a CO2 fixation efficiency of at least 60%. Under these conditions, around 30 mL of concen-

trated sulphuric acid per day was required to keep the TA in the range of 4–8 mM (200–400 ppm)



88 Production of Microchloropsis salina Biomass in Open Thin Layer Cascade Photobioreactors

in case of continuous operation. Based on the results presented in Subsection 5.3.4, it should also

be mentioned that ensuring a volume-specific gas exchange area of over 0.850 m–1 between the

CO2 supply hoses and the reaction medium is crucial to reaching the high CO2 fixation efficiencies

specified above.

Figure 5.15 shows the water evaporation rate in TLC PBRs on different scales and operational

modes. For processes on the 50 m2 scale, the mode of operation had no significant influence on

the evaporation rate. In the batch (P-B) and semi-continuous (P-S) processes the average water

evaporation rate was the same with 4.3 L m –2 d–1, which is very similar to but slightly lower than the

values of 4.4–4.9 L m –2 d–1 recorded in continuous processes (P-C1, P-C2 and P-C3). By operating

the circulation pumps of the TLC PBR only for 14 h during daytime (P-C4), the water evaporation

rate in a continuous process was successfully reduced by 40% from 4.5 L m –2 d–1 to 2.7 L m –2

d–1. In continuous processes on the 8 m2 scale (C1 and C2), the evaporation rate was in a range of

5.2–5.5 L m –2 d–1 and thus higher compared to the 50 m2 scale.

Figure 5.15: Comparison of water evaporation rate in TLC PBRs on different scales and operational modes.
P-B and P-S are batch and semi-continuous processes, respectively, whereas P-C1, P-C2 and P-C3 are con-
tinuous processes on the 50 m2 scale. P-C4 is a continuous process on the 50 m2 scale with the automated
switch-off of the circulation pumps overnight. C1 and C2 are continuous processes on the 8 m2 scale. A:
Water evaporation rate per unit liquid volume in reactor; B: water evaporation rate per unit reactor area.

Discussion

Ketchum and Redfield (1938) demonstrated for the first time that continuous microalgae cultivation

allows for keeping biomass productivity at its highest over a longer period than batch cultivation. In

this work, it was shown that semi-continuous and continuous modes are both suitable for achiev-

ing high areal productivities over 27 g m–2 d–1 on a daily average. However, continuous operation

enabled higher CO2 fixation efficiency of up to 100%, performing better than the semi-continuous

operation in this regard. One of the most important factors affecting CO2 fixation efficiency was

shown to be the TA. Keeping the TA below 10 mM in continuous processes consistently yielded
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CO2 fixation efficiency over 80% as demonstrated previously by Schädler et al. (2019) for batch pro-

cesses. Additionally, cultivation of M. salina at pH 8.5 provided the highest biomass productivity and

CO2 fixation efficiency, although this value is above the optimal pH range of M. salina according to

literature (Boussiba et al., 1987; Bartley et al., 2014). Both productivity and CO2 fixation efficiency

achieved under the determined optimal conditions were higher than 17.9 g m–2 d–1 areal productiv-

ity and 84% CO2 fixation efficiency reported in the most recent studies using the same cultivation

set-up in continuous mode with a dilution rate of 0.4 d–1 (Schädler et al., 2019, 2021). For outdoor

TLC PBR on larger scales up to 2,500 L, daily areal productivity of about 10–30 g m–2 d–1 is found

in literature, which conforms with the values achieved in this study (Borowitzka & Moheimani, 2013).

In the process scale-up to the TLC PBR with 50 m2 surface area, both areal productivity and CO2

fixation efficiency achieved under optimal conditions remained below the values recorded on the 8

m2 scale. In particular, the maximum CO2 fixation efficiency reached on the pilot scale was 66%,

which is 34% lower than on the 8 m2 scale. Thus, a modification of the pilot scale TLC reactor

was made, which included a change of the type of the gassing hoses used and increasing the gas

exchange surface area, as this was previously shown to increase CO2 fixation efficiency in the 8

m2 scale TLC PBR (Schädler, 2020). Unfortunately, modifying the gassing system did not improve

CO2 fixation efficiency on the pilot scale. On the other hand, the maximum CO2 fixation efficiency

achieved in this study on the pilot scale still competes with the literature values for comparable con-

tinuous processes in large-scale outdoor systems, such as 63% achieved in a 50 L tubular airlift

PBR (Mazzuca Sobczuk et al., 2000) or 70-77% reported for 100–224 m2 scale TLC PBRs (Doucha

& Livansky, 2006).

On the 8 m2 and the 50 m2 scale TLC reactors, water evaporation rates of 5.2–5.5 L m –2 d–1,

and 4.4–4.9 L m –2 d–1 were measured, respectively. These are in accordance with the previously

reported 7.4 L m –2 on the 8 m2 scale and 4.5 L m –2 on the 50 m2 scale (Apel, 2017). To reduce

the water and energy demand of the TLC PBR operation, a circulation pump switch-off overnight

with simultaneous mixing of the microalgae suspension in retention tanks by pressurized air supply

as previously described for the 8 m2 scale TLC reactors by (Schädler, 2020) was implemented in

the pilot-scale TLC reactor. It was successfully verified that the pump switch-off mechanism applied

does not affect either microalgae growth or biomass productivity but causes a reduction of CO2 fixa-

tion efficiency. In addition, it was shown that this method provides 40% savings in energy and fresh

water supply costs due to the reduction of evaporation rate in the reactor.

5.7. Microalgal biomass harvest

The recovery of microalgae biomass from the reaction medium and biomass dewatering are essen-

tial in microalgae processes. These steps, which account for a large portion of the energy con-

sumption in microalgal biomass production, are also essential in this study. Since the microalgae

biomass is to be hydrolysed into a sugar-containing cultivation medium, preferably with the highest

possible sugar concentration, it is crucial to reduce the water content of the biomass as much as

possible to obtain a high-density microalgae paste. In this work, the biomass recovery and dewater-

ing took place in a single step by centrifugation using a dynamic settler with spiral plate technology

as described in Section 4.5. Microalgal biomass harvested this way had a CDW mass fraction of
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31.2% (± 0.7%), which corresponds to a water content of 68.8% (w/w). Table 5.3 shows the sep-

aration efficiency achieved using this type of dynamic settler on two different scales. The settler

model Evodos 10 (Evodos B.V., Raamsdonksveer, Netherlands) has a maximum capacity of 4 kg

biomass per batch with manual discontinuous harvesting between batches. Evodos 50A (Evodos

B.V., Raamsdonksveer, Netherlands) is the settler model designed for commercial use with an auto-

mated continuous harvesting system and thus without a capacity limit for the harvested biomass. In

both cases, the biomass recovery efficiency was around 85%, and the biomass concentration factor

was around 15 for dewatering of the microalgae suspension with a CDW concentration of 20 g L–1.

Table 5.3: Performance evaluation of microalgae biomass harvest and dewatering using dynamic settlers with
spiral plate technology (Evodos B.V., Raamsdonksveer, Netherlands). Evodos 10 has a maximum capacity
of 4 kg biomass per batch with manual discontinuous harvesting between batches, whereas Evodos 50A is a
model designed for commercial use with an automated continuous harvesting system without a capacity limit.

Centrifuge model

Evodos 10 Evodos 50A

Microalgae suspension volume 50.0 L 710.0 L

CDW concentration 19.6 g L–1 20.7 g L–1

Total dry weight 0.98 kg 14.7 kg

Harvested wet biomass 2.7 kg 40.1 kg

Harvested dry mass 0.85 kg 12.4 kg

Recovery efficiency 86.5% 84.6%

Concentration factor 15.8 15.0

Discussion

Using a dynamic settler with spiral plate technology it was possible to concentrate the microalgae

biomass to 31% solids content. A solids fraction of 0.4–22.0% in discharge are reported for other

centrifugal methods such as disc stacked centrifuge or decanter, while among filtration based dewa-

tering operations solids concentrations reaching 18% with continuous and 22–27% with discontinu-

ous methods are indicated in literature (Pahl et al., 2012). Thus, a dynamic settler with spiral plate

technology proves itself to be the best option, if the highest possible solids concentration is aimed

as is the case in this work. Nonetheless, the biomass recovery efficiency of around 85% measured

in this study is lower than the range of 95–99% stated for spiral plate technology in literature (Fasaei

et al., 2018). This was mainly due to the loss of microalgae suspension at the end of each solids

discharge step, since the microalgae suspension inside the centrifuge drum was drained completely

before each discharge. This loss could be avoided by directing the discharged algae suspension

back into the feed tank, which would yield a higher recovery efficiency. Spiral plate technology has

a high performance for microalgal biomass harvest and dewatering in general and is considered an

efficient, scalable and continuous method suited for industrial application. However, the high energy

requirement of 0.95–2.0 kWh m−3 compared to other dewatering methods should also be taken into

account in the selection of equipment depending on process requirements (Fasaei et al., 2018).
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6. Yeast Oil Production with Cutaneotrichosporon oleagi-

nosus Using a Membrane Bioreactor 1

This chapter focuses on yeast oil production with C. oleaginosus under phosphorus-depleted con-

ditions in a membrane bioreactor (MBR) with total cell retention. First, different C/P ratios in the

batch medium were examined for lipid production in fed-batch mode on a 3 L scale, and the feed

rate was adjusted to give low sugar concentrations in the reaction medium during cultivation. Then,

high-cell-density yeast cultivation with a dilute substrate with phosphorus limitation was carried out

in an MBR with total cell retention on a 1.5 L scale. Finally, this process was scaled up to 50 L

and reproduced multiple times successfully. In addition, simultaneous utilization of different sugars

present in microalgae hydrolysate by C. oleaginosus was investigated.

6.1. Utilization of sugars

In biomass hydrolysates, different types of carbon sources, particularly different kinds of sugars, are

present. In order to determine if C. oleaginosus is able to utilize all sugars found in a microalgae

hydrolysate simultaneously, a batch process in a stirred-tank reactor (STR) with 3 L working volume

was carried out using a defined medium with a sugar mixture of 40 g L–1 glucose, 10 g L–1 mannose,

10 g L–1 galactose and 3 g L–1 rhamnose. In this experiment, a cell dry weight (CDW) concentra-

tion of 25.8 g L–1 was achieved after 45 hours. The highest volumetric productivity of lipids, or lipid

space-time-yield (STYL), with 0.30 g L–1 h–1 was reached between 22–25 hours. At this process

time, a biomass yield (YX/S) of 0.50 g g–1 and a lipid yield of (YL/S) of 0.18 g g–1 were achieved.

The maximum specific growth rate of 0.32 h–1 was recorded after 5 hours. The results of the whole

experiment are presented in Figure 6.1. After 20 hours, the ammonia concentration in the medium

fell below 3 mg L–1 as seen in Figure 6.1 (d). As a result of nitrogen limitation, 39% cellular lipid

content was achieved at the end of the process with a total lipid concentration of 10.0 g L–1. Figure

6.1 (c) shows that all sugars except for galactose are utilized simultaneously by C. oleaginosus.

Galactose, however, is taken up first after the concentrations of all other sugars fell below 0.5 g L–1.

Discussion

The sugar content of the defined medium used in this experiment was determined based on the

known sugar composition of M. salina biomass (Schädler et al., 2019). An examination of sugar

utilization by C. oleaginosus was necessary since the presence of some sugars inhibiting the take-

up of others, such as glucose repression, was reported for C. oleaginosus (Gong et al., 2013, 2016).

It was verified that glucose, mannose and rhamnose are taken up simultaneously by C. oleaginosus.

The insight that galactose is not utilized by C. oleaginosus simultaneously with other sugars is very

important for using microalgae hydrolysate as a substrate for yeast cultivation and is in line with

findings in literature (Meo et al., 2017). Although the fraction of galactose in the total sugar content

of dry M. salina biomass is only 6.8%, a complete loss of galactose contained in the microalgae

1Part of the results presented here has already been published in: Koruyucu, A., Blums, K., Peest, T., Schmack-
Rauscher, L., Brück, T., & Weuster-Botz, D. (2023). High-cell-density yeast oil production with diluted substrates imitating
microalgae hydrolysate using a membrane bioreactor. Energies, 16(4), 1757. doi:10.3390/en16041757
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hydrolysate would still reduce the carbon conversion efficiency into lipids to some degree and should

be therefore avoided, if possible. In high-cell-density yeast oil production in an MBR system with total

cell retention, high cell densities and low volumetric flow rates through the reactor would favour the

complete utilization of all sugars so that the sugar concentration stays very close to 0 g L–1 and thus

no sugar exits the reactor unused.

Figure 6.1: A batch process with C. oleaginosus in a stirred-tank bioreactor on a 3 L scale to check for possible
substrate preferences. A defined medium was used with a mixture of sugars, which are likely to be present in
a microalgal biomass hydrolysate. The medium composition was as in Table 4.5 with the following differences:
10.0 g L–1 galactose; 3.0 g L–1 rhamnose; 2.45 g L–1 (NH4)2SO4; 2.40 g L–1 KH2PO4; 0.91 g L–1 NaHPO4.
The following process settings were applied: pH=6.5; T=30 °C; dissolved oxygen level (DO)≥20%. (a) CDW
concentration; (b) lipid concentration; (c) sugar concentrations; (d) concentration of ammonia on the primary
vertical axis and of phosphate on the secondary axis.

6.2. Variation of the C/P ratio in fed-batch processes on a litre scale

High productivity lipid production with C. oleaginosus under phosphorus-depleted conditions with a

C/P ratio of 3512 g g–1 in cultivation medium was previously demonstrated by Meo et al. (2017).

Thus, a similar C/P ratio was also applied in this study with glucose as the sole carbon source with a

20 g L–1 concentration in the batch and with 400 g L–1 in the feed medium (see Table 4.5). In order

to determine if a lower initial C/P ratio in the batch phase affects the biomass and lipid productivity of

the yeast oil production process, two fed-batch processes were carried out in a stirred-tank reactor

(STR) on a 3 L scale with different C/P ratios of 470 g g–1 and 3515 g g–1 in the batch medium. The

C/P ratio of the feeding medium was 3515 g g–1 in both cases. Figure 6.2 illustrates the results of
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these experiments with the first and the second green vertical lines indicating the start of medium

feed with 4.0 g L–1 h–1 glucose after 4 hours and reduction of the feed rate to 1.7 g L–1 h–1 glucose

after 24 hours, respectively.

Figure 6.2: Variation of the C/P ratio in batch medium for yeast oil production in fed-batch processes on a
litre scale. Batch medium C/P ratio of 470 g g–1 represented with black ( ) and 3515 g g–1 with white marks
( ). C/P ratio of the feed medium was 3515 g g–1 in both cases. The first and the second green vertical
lines indicate the start of feed with 4.0 g glucose L–1 h–1 and reduction of feed rate to 1.7 g glucose L–1 h–1,
respectively. The following process parameters were used: pH=6.5; T=30 °C; DO≥20%. (a) CDW; (b) lipid-
free CDW; (c) lipid mass; (d) cellular lipid content; (e) liquid volume in reactor; (e) liquid volume in reactor;
(f) concentrations of glucose ( ) and mannose ( ) on the primary vertical axis and of phosphate ( ) on the
secondary axis.
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In the first experiment with a C/P ratio of 470 g g–1 in the batch medium, a steady biomass in-

crease was observed until day 3, after which it stagnated, reaching a maximum of 186.6 g CDW

corresponding to a biomass concentration of 40.1 g L–1. Lipid-free CDW followed a similar pattern,

reaching a final mass of 113.1 g (24.3 g L–1) at the end of the process. On the other hand, lipid

weight increased continuously throughout the process with a maximum of 73.4 g (15.8 g L–1) at the

end. Lipid accumulation continued until the end of the process, as the lipid weight and lipid con-

tent did not show a saturation pattern. The cells reached a maximum lipid content of 39.4%. The

steady accumulation of glucose in the reaction medium indicates that the feeding rate was too high,

resulting in a high glucose concentration of 76.9 g L–1 after 6 days. Besides, a steep increase in the

phosphate concentration was observed after day 5, simultaneously with a decrease in the lipid-free

CDW, implying a possible degradation of the cell mass.

The second process with a C/P ratio of 3515 g g–1 in the batch medium lasted 9 days. A steady

biomass increase was observed until day 2, after which biomass productivity declined, reaching a

maximum CDW of 312.7 g (58.4 g L–1) at the end of the process. The course of lipid-free CDW was

similar, with a final value of 139.6 g (26.1 g L–1) at the end. Lipid weight increased almost constantly

until day 7 but slowed down after that. At the end of the process, a lipid mass of 173.1 g (32.3 g L–1)

was recorded. Cellular lipid content continued increasing over the whole process, showing a satura-

tion behaviour around 55–60% with 55.3% lipid quota after 9 days. As in the previous experiment,

the feed rate was set too high, resulting in an accumulation of sugars in the reaction medium with a

very high glucose concentration of 112.3 g L–1 after 9 days.

In order to prevent sugar accumulation in the reaction medium and to keep the sugar concentra-

tion as close to 0 g L–1 as possible, another fed-batch process with a C/P ratio of 3515 g g–1 in

both batch and feed media, but with a lower feed rate was carried out. Total sugar concentration

was adjusted to 50 g L–1 in the batch medium and 200 g L–1 in the feeding medium (with a sugar

mixture of 80% glucose and 20% mannose). In addition, the concentration of (NH4)2SO4 in batch

and feeding media was adjusted to 25.0 g L–1 and 12.5 g L–1, respectively. On the first night of

cultivation, the dissolved oxygen (DO) level fell to 6.2% due to a failure of the control sequence. The

control sequence was restarted after a process time of 19.2 hours, and the DO level was kept above

30% after that. However, this has probably led to a prolonged batch phase of around 2 days. After

the glucose concentration fell below 6 g L–1, medium feed was started with a rate of 0.9 g L–1 h–1

glucose. The cultivation was carried out over 10 days, reaching a final reaction volume of 4.8 L.

Ammonia concentration in the reaction medium remained above 10 g L–1 at all times excluding a

nitrogen-depletion aided lipid accumulation.

Total biomass productivity was mostly stable over the process with a CDW increase rate of 24.3 g

d–1 corresponding to a productivity of 0.34 g L–1 h–1. After the first process day, the rate of lipid-free

CDW growth sank, and the lipid production rate increased, which resulted in a steep increase in

the cellular lipid content. Lipid quota reached 49.2% on day 3 and increased only marginally by

6.6% over the next 7 days. A final CDW of 245.5 g (51.2 g L–1) and a lipid mass of 136.9 g (28.5 g

L–1) were achieved after 10 days. Using a feed rate of 0.9 g L–1 h–1 sugars, concentrations of both

glucose and mannose were kept relatively constant around 3–7 g L–1 each until day 8. After that,
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sugar concentrations started to fall, reaching values below 1.5 g L–1 on day 10.

Figure 6.3: Adjustment of feed rate for yeast oil production with low sugar concentration in a fed-batch process
on a litre scale. C/P ratio was 3515 g g–1 in both batch and feed media. Total sugar concentration was adjusted
to 50 g L–1 in the batch medium and 200 g L–1 in the feeding medium (with a sugar mixture of 80% glucose
and 20% mannose). The first green vertical line indicate the start of feed with 0.9 g L–1 h–1 sugars. The
following process parameters were used: pH=6.5; T=30 °C; DO≥20%. (a) CDW; (b) lipid-free CDW; (c) lipid
mass; (d) cellular lipid content; (e) liquid volume in reactor; (f) concentrations of glucose ( ) and mannose
( ) on the primary vertical axis and of phosphate ( ) on the secondary axis.
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Table 6.1 summarises process parameters, metrics and carbon conversion for three yeast oil pro-

duction processes with phosphorus limitation in fed-batch mode on a 3 L scale. The fraction of

carbon taken up by yeasts, which was converted into lipids, is also referred to as carbon conversion

efficiency (ηC ). In the final experiment, the flow of carbon was distributed as 21.4% into lipid-free dry

cell mass and 44.0% into lipids, with 34.5% released in the form of CO2 and other by-products. A

higher C/P ratio in batch medium yielded a higher lipid productivity and a higher carbon conversion

efficiency.

Table 6.1: Process parameters, metrics and carbon conversion for three yeast oil production processes with
phosphorus limitation in fed-batch mode on a 3 L scale.

Experiment #

Parameters I II III

C/P ratio in batch medium 470 g g–1 3515 g g–1 3515 g g–1

C/P ratio in feed medium 3515 g g–1 3515 g g–1 3515 g g–1

Sugar feeding rate 1.7–4.0 g L–1

h–1
1.7–4.0 g L–1

h–1
0.9 g L–1 h–1

Final reaction volume 4.7 L 5.4 L 4.8 L

Process time 5.7 d 9.0 d 10.0 d

Process metrics

CDW 40.1 g L–1 58.4 g L–1 51.2 g L–1

Lipid concentration 15.8 g L–1 32.3 g L–1 28.5 g L–1

Lipid quota 39.4% 55.3% 55.8%

STYX+L 0.45 g L–1 h–1 0.48 g L–1 h–1 0.34 g L–1 h–1

STYL 0.18 g L–1 h–1 0.27 g L–1 h–1 0.19 g L–1 h–1

Y(X+L)/S 0.37 g g–1 0.46 g g–1 0.40 g g–1

YL/S 0.15 g g–1 0.26 g g–1 0.22 g g–1

Fraction of carbon converted into

Lipids 28.5% 50.1% 44.0%

Lipid-free CDW 27.3% 24.9% 21.4%

CO2 and by-products 44.2% 24.9% 34.5%

Discussion

Generally, a higher C/P ratio results in a higher cellular lipid content in oleaginous yeasts (Meo, 2016;

Wu et al., 2010). The C/P ratio of the feeding medium in the fed-batch experiments was adjusted

to 3515 g g–1, since Meo (2016) previously showed that this is sufficient for lipid production with

high space-time-yield (STY) using C. oleaginosus. Meo (2016) also reported that the C/P ratio (in a
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range of 702–7024 g g–1) in batch medium does not affect the cellular lipid content of C. oleaginosus

in the millilitre scale fed-batch cultivations over 4.3 days using the same feeding strategy as in this

work, indicating 38–39% final lipid quota achieved. However, the results of the fed-batch cultivations

on the 3 L scale in this study show that the C/P ratio (range of 470–3515 g g–1) in batch medium

does influence the cellular lipid content of C. oleaginosus. After a process time of 4 days, the lipid

quota achieved with an initial C/P ratio of 470 g g–1 was 30%, while with an initial C/P ratio of 3515 g

g–1 50% lipid quota was recorded. Even though it is possible that, in the long term, the lipid content

of C. oleaginosus would be the same independent of the initial C/P ratio, it would apparently take

longer with a lower C/P ratio in batch medium, ultimately affecting the lipid productivity.

STY of lipid production (STYL) ranged between 0.18–0.27 g L–1 h–1, which is much higher than

0.11 g L–1 h–1 reported by Meo et al. (2017) in a very similar experiment examining phosphorus-

depleted fed-batch cultivation of C. oleaginosus. A lipid productivity of 0.03 g L–1 h–1 was indicated

by G. Zhang et al. (2011) for phosphorus-depleted batch cultivation of C. oleaginosus using N-

acetylglucosamine as the carbon source. Nevertheless, similar lipid productivities in a range of

0.16–1.00 g L–1 h–1 were reported for lipid production induced by nitrogen limitation (Meesters et al.,

1996; Hassan et al., 1996).

Carbon flow into lipid synthesis was higher with an initial C/P ratio of 3515 g g–1, resulting in a higher

carbon conversion efficiency (ηC ). This also shows itself in the higher lipid yield (YL/S) of 0.22–0.26

g g–1, which lies a little below the theoretical maximum that has been calculated by Ratledge (2014)

to be approximately 0.33 g g–1. In general, lipid yield achieved in fed-batch cultivations in this study

lies above literature values (0.05–0.10 g g–1) for phosphorus-depleted cultivation of C. oleaginosus

(Meo et al., 2017; G. Zhang et al., 2011).

6.3. Yeast oil production in an MBR on a litre scale

A membrane bioreactor (MBR) with total cell retention was used for high-cell-density yeast cultiva-

tion using a defined medium with low sugar concentration on a 1.5 L scale. The MBR was composed

of an STR and a cross-flow microfiltration unit connected to it as an external bypass, making up a

total working volume of 1–6 L (110 mL of it bypass). A hollow fibre membrane unit made of polysul-

fone with a pore size of 0.20 µm and a filtration area of 0.042 m2 was employed. A semi-continuous

mode of operation was applied for cultivation in the MBR. Cultivation was started in batch mode,

and after complete depletion of the sugars in the medium, the MBR operation was switched to semi-

continuous mode. In the semi-continuous mode of operation, the feed is supplied into the MBR

continuously at a constant rate, whereas filtering out of the used-up medium from the reactor is

completed only for 8 hours during the day. This method entails a constant change in liquid volume

inside the reactor in a preset range; however, it also reduces the time of microfiltration per process

time so that energy consumption associated with medium filtration is reduced by two-thirds com-

pared to a fully continuous operation. The design and operation of the MBR, as well as the applied

semi-continuous production mode, were described in detail in Section 4.7.
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Figure 6.4: A semi-continuous processes for yeast oil production with C. oleaginosus in a membrane biore-
actor on a 1.5 L scale with total cell retention. A defined medium (Table 4.5) was used with a low sugar
concentration of 50 g L–1 and a C/P ratio of 3515 g g–1 in both batch and feed media with a feed rate of 1.1
g L–1 h–1 sugars. The following process parameters were used: pH=6.5; T=30 °C; DO≥20%. The black line
shows the end of the batch phase and switch to semi-continuous mode of operation. The error bars show
the standard deviation of the triplicate measurements. (a) CDW; (b) lipid-free CDW; (c) lipid mass; (d) lipid
content of the yeast cells; (e) liquid volume in reactor; (f) concentrations of glucose ( ) and mannose ( ) on
the primary vertical axis and of phosphate ( ) on the secondary axis.

Oleaginous yeast C. oleaginosus was cultivated under phosphate-depleted conditions with a C/P

ratio of 3515 g g–1 in both batch and feeding media to induce lipid production. However, the initial
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C/P ratio was lower (581 g g–1) after inoculation since the preculture cells were not washed before

inoculation. Total sugar concentration was adjusted to 50 g L–1 in both batch and feed media (with a

sugar mixture of 80% glucose and 20% mannose) since the microalgae hydrolysate to be used as

substrate in this work is expected to have a similar sugar concentration. The results of this experi-

ment are presented in Figure 6.4.

The batch phase took 26 hours, and during this time, the sugars were utilized simultaneously by the

yeast, meaning there was no preference for one sugar over the other, as already shown in Section

6.1. After complete consumption of sugars in the batch medium, the semi-continuous mode of op-

eration started with a feed rate of 1.1 g L–1 h–1 sugars. The liquid volume inside the reactor was

initially 1.5 L and kept in a range of 0.9–5.3 L throughout the semi-continuous phase. The initial lipid

content of the cells was 36.3%, which suggests that a nutrient limitation had already occurred in the

preculture. However, the cellular lipid content decreased quickly after the transfer into a nutrient-

replete fresh medium by inoculation of the reactor.

After the start of the semi-continuous operation, CDW kept increasing at a slowly decreasing rate.

Lipid mass constantly increased at a rate of 13 g d–1 until 5 days into the semi-continuous opera-

tion but fell abruptly to 4 g d–1 thereafter. A very high maximum cellular lipid content of 77.1% was

achieved on day 5 of the semi-continuous phase, which declined to 69.4% at the end of the process.

This is, however, most likely due to a measurement error in CDW since the calculated lipid-free CDW

shows a sharp drop on day 5, followed by a sharp increase on the next day, simultaneously with the

changes in cellular lipid quota. Hence, the final value of 69.4% lipid content is more reliable than the

peak value. Maximum lipid productivity of 0.39 g L–1 h–1 was reached simultaneously with maximum

lipid quota. Eventually, it was shown that a feeding rate of 1.1 g L–1 h–1 sugars is sufficiently low to

keep the sugar concentrations in reaction medium below the detection limit at all times (Fig. 6.4 f),

which is very important to ensure that no valuable carbon source exits the MBR unused.

Discussion

After a total process time of 8 days in an MBR with total cell retention, final cellular lipid content

(69.4%), lipid productivity (0.30 g L–1 h–1) and lipid yield (0.25 g g–1) were all higher than in the fed-

batch cultivation with the same sugar feeding rate, despite a higher initial phosphate availability due

to omission of the preculture washing step. An essential difference between the experiments was

the sugar concentration in the reaction medium. In the fed-batch experiment described in Section

6.2, the lowest measured sugar concentrations were 0.86 g L–1 glucose and 1.2 g L–1 mannose,

both measured at the end of the process. Here, both sugars were below the detection threshold

already after a process time of 1.2 days. A potential effect of carbon depletion on signalling path-

ways resulting in increased lipogenesis has been reported (Bracharz, Redai, et al., 2017). Thus,

lower sugar concentrations may have contributed to increased lipid biosynthesis in this experiment,

compared to the fed-batch process.

Although sugar concentrations below the detection level limited the carbon availability, no decrease

in lipid-free cell mass or lipid degradation was observed throughout the process. It has been re-
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ported that the main bottleneck of lipid accumulation is not the uptake of carbon but rather the flow

of carbon to fatty acids and triacylglycerides (Ykema et al., 1986). That means even though no

carbon source was detected in the reaction medium, it is likely that the sugars taken up by the cells

were present intracellularly and sufficient for ensuring cell maintenance.

High-cell-density cultivation of C. oleaginosus in an MBR with total cell retention in continuous mode

on a 3 L scale was previously studied by Meo et al. (2017) reporting a final cellular lipid content of

70%, an overall lipid yield of 0.26 g g–1 and a STY of 0.53 g L–1 h–1. Although lipid content and yield

achieved in this study were similar to these values, lipid productivity was significantly lower with 0.30

g L–1 h–1. It must, however, be noted that a sugar feed rate of 1.95 g L–1 h–1 was applied in the

mentioned experiment by Meo et al. (2017), which is around 77% higher than in this study and per-

fectly explains the 77% higher lipid STY. The choice of semi-continuous operation in this study did

not allow a higher feeding rate, unfortunately, since this would cause the reaction volume to exceed

the maximum working volume of the MBR overnight, where no filtration is performed. Moreover,

the semi-continuous operation was necessary in this work since the continuous operation of the 50

L scale MBR used for the scale-up was not possible. Hence, the relatively low lipid productivity is

caused by the conservative selection of the feeding rate but can be increased using a higher feed

rate in a different operational mode.

6.4. Yeast oil production scale-up to 50 L

The MBR used for the high-cell-density yeast cultivation on a 50 L scale was composed of an STR

and a cross-flow microfiltration unit connected to it as an external bypass, constituting a total work-

ing volume of 40–67 L (7.25 L of it bypass). A ceramic capillary microfilter with a pore size of 0.25

µm and a filtration area of 0.8 m2 was employed. Due to technical reasons, an unsupervised opera-

tion of the cross-flow microfiltration unit overnight was not possible. Thus, a semi-continuous mode

of operation was developed to allow intermittent microfiltration with continuous medium feed. The

semi-continuous mode of operation was applied as described for the yeast cultivation in the 1.5 L

MBR, with the continuous supply of the feed medium to the MBR at a constant rate and intermittent

filtering out of the used-up medium from the reactor only for 8 hours during the day. The design and

operation of the MBR, as well as the applied semi-continuous production mode, were described in

detail in Section 4.7. In addition, a comparison of the specifications and operating conditions of the

1.5 L and 50 L MBRs is given in Table 4.13.

As in the previous experiment in a 1.5 L scale MBR, C. oleaginosus was cultivated under phosphate-

depleted conditions with a C/P ratio of 3515 g g–1 in both batch and feeding media to induce lipid

production. However, the initial C/P ratio was lower (617.5 g g–1) after inoculation since the precul-

ture cells were not washed before inoculation. The results of this experiment and the previous

experiment on 1.5 L as reference are presented in Figure 6.5. Instead of plotting the measured

values of CDW, lipid-free CDW and lipid concentrations, these were normalised to the initial reaction

volume in each experiment by multiplying the concentration with the actual reaction volume at the

time of sampling and then dividing by the initial reaction volume at inoculation. In this way, a compari-

son of the measured values for two different scales with changing reaction volumes is made possible.
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Figure 6.5: Comparison of two semi-continuous processes for yeast oil production with C. oleaginosus in
MBRs with total cell retention on a 1.5 L and a 50 L scale. The data values are normalized to initial liquid
volume in each reactor. A defined medium (Table 4.5) with a low sugar concentration of 50 g L–1 and a C/P
ratio of 3515 g g–1 was used as both batch and feed media with a feed rate of 1.1 g L–1 h–1 sugars. The
following process parameters were used: pH=6.5; T=30 °C; DO≥20%. The black line shows the end of the
batch phase and switch to semi-continuous mode of operation. The results of the experiment on the 1.5 L
scale are marked in black ( ), while those of the experiment on the 50 L scale are marked in white ( ). The
error bars show the standard deviation of the triplicate measurements. (a) CDW concentration; (b) lipid-free
CDW concentration; (c) lipid concentration; (d) lipid content of the yeast cells; (e) liquid volume in reactor; (f)
concentrations of glucose ( ) and mannose ( ) on the primary vertical axis and of phosphate ( ) on the
secondary axis.
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Figure 6.6: Three semi-continuous processes for yeast oil production with C. oleaginosus in a membrane
bioreactor on a 50 L scale with total cell retention. A defined medium (Table 4.5) with a low sugar concentration
of 50 g L–1 and a C/P ratio of 3515 g g–1 was used as both batch and feed media with a feed rate of 1.1 g L–1

h–1 sugars. The following process parameters were used: pH=6.5; T=30 °C; DO≥20%. The black line shows
the end of the batch phase and switch to semi-continuous mode of operation. The results of Experiment 1 are
marked in orange ( ), those of Experiment 2 in white ( ), and those of Experiment 3 in black ( ). The error
bars show the standard deviation of the triplicate measurements. (a) CDW; (b) lipid-free CDW; (c) lipid mass;
(d) lipid content of the yeast cells; (e) liquid volume in reactor; (f) concentrations of glucose ( ) and mannose
( ) on the primary vertical axis and of phosphate ( ) on the secondary axis.
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In the experiment on a 50 L scale (Exp. 1), the sugars in the batch medium were completely used

up after around 27 hours. However, it took longer until the medium feed and semi-continuous op-

eration could be started, resulting in a batch phase of 46 hours, 20 hours longer than on the 1.5 L

scale. As shown in Figure 6.5, normalized values of CDW and lipid concentrations are very much

in accordance with each other on both scales throughout the whole process. A cellular lipid content

of 73.8% was achieved after 7 days into the semi-continuous mode of operation on the 50 L scale,

which is exactly the same as on the 1.5 L scale. Nevertheless, unlike on the 1.5 L scale, lipid quota

did not start declining after reaching a maximum but kept increasing until the end of the experiment,

reaching a final value of 78.9%. A feed rate of 1.1 g L–1 h–1 sugars was sufficiently low to keep

the sugar concentrations below the detection level also on the 50 L scale. Phosphate concentration

increased slightly on the last three days of the experiment but still stayed below 5 mg L–1 at all times.

These results prove that the scale-up of the high-cell-density yeast oil production in an MBR from

the 1.5 L to the 50 L scale was successful.

High-cell-density yeast oil production in an MBR on a 50 L scale was carried out three times to

demonstrate the reproducibility of the results, which are illustrated in Figure 6.6. Batch phase dura-

tion varied between the experiments due to the lag time between the complete depletion of sugars

in the medium and the start of the fresh medium feed. This resulted in stagnation of cell growth of

around 1.5 days after inoculation in Experiments 1 and 2. In Experiment 3, the cell density at the time

of inoculation was adjusted to prevent this delay. Furthermore, Experiment 2 had to be terminated

sooner than intended due to technical problems. During the process, the maximum permeate flow

rate achievable by the microfiltration unit decreased over time as a function of increasing biomass

concentration. Therefore, Experiments 1 and 3 were stopped as soon as the required permeate flow

rate could not be ensured any more.

The batch phase took 28–46 hours for all experiments on a 50 L scale. After complete consumption

of sugars in the batch medium, the semi-continuous mode of operation was applied as described in

Section 4.7. Small fluctuations in the actual values of flow rates from the set points during the semi-

continuous operation led to changes in liquid volume inside the MBR between 40–67 L, with slight

deviations from the planned range of 44–63 L. In all the experiments, a defined medium with a C/P

ratio of 3515 g g–1 (Table 4.5) was used, which contains 17 mg L–1 phosphate. After inoculation with

unwashed preculture cells, an initial phosphate concentration of 100 mg L–1 was measured in each

experiment. The initial lipid content of the cells was between 20–30% in all the experiments (Fig. 6.6

d), suggesting that a nutrient limitation had already occurred in the preculture. However, the cellular

lipid quota decreased quickly after the transfer into nutrient-replete fresh medium by inoculation of

the MBR.

After the start of the semi-continuous operation, the CDW kept increasing at a constant rate of

approximately 0.48 kg per day until the end of the process (Fig. 6.6 a). It is remarkable that the

lipid concentration also kept rising constantly, although at a slightly lower rate of 0.44 kg per day

(Fig. 6.6 c). Accordingly, on average, the lipid-free CDW only marginally increased by 40 g per day

(Fig. 6.6 b). Assuming that these rates remain constant, it follows that, with infinite process time,

the cellular lipid content would converge to approximately 91.7%. In this way, up to 117 g L–1 CDW
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concentration in 50 L reaction volume was achieved, and, on average, around 5.83 kg of CDW was

formed 9 days after the start of the semi-continuous operation (Fig. 6.6 a). The lipid productivity

thereby achieved corresponds to around 8.88 g L–1 d–1 (0.37 g L–1 h–1). Around 4.46 kg lipids (81.7

g L–1 lipids in 54.5 L) were present in the yeast suspension at the end of the process (Fig. 6.6 c),

which corresponds to a cellular lipid content of 76.5%, although, in all the experiments, 70% lipid

quota was already achieved after 4–5 days into the process (Fig. 6.6 d). The results of all the

experiments were significantly similar, demonstrating very high reproducibility.

Table 6.2: Process parameters, metrics and carbon conversion for high-cell-density yeast oil production in
MBRs with phosphorus limitation on a 1.5 L and a 50 L scale.

Experiment #

C/P ratio IV 1 2 3

Batch medium 3515 g g–1 3515 g g–1 3515 g g–1 3515 g g–1

After inoculation 581 g g–1 618 g g–1 603 g g–1 637 g g–1

Feed medium 3515 g g–1 3515 g g–1 3515 g g–1 3515 g g–1

Parameters

Initial reaction volume 1.5 L 50 L 50 L 50 L

Sugar feeding rate 1.1 g L–1 h–1 1.1 g L–1 h–1 1.1 g L–1 h–1 1.1 g L–1 h–1

Semi-conti. process time 6.9 d 7.8 d 3.9 d 9.0 d

Process metrics

CDW 123.6 g 5.0 kg 3.2 kg 5.8 kg

(82.4 g L–1) (100.0 g L–1) (64.0 g L–1) (116.0 g L–1)

Lipids 85.7 g 3.9 kg 2.3 kg 4.5 kg

(57.1 g L–1) (78.0 g L–1) (46.0 g L–1) (90.0 g L–1)

Lipid quota 69.4% 78.9% 70.3% 76.4%

STYX+L 0.43 g L–1 h–1 0.43 g L–1 h–1 0.47 g L–1 h–1 0.48 g L–1 h–1

STYL 0.30 g L–1 h–1 0.34 g L–1 h–1 0.44 g L–1 h–1 0.37 g L–1 h–1

Y(X+L)/S 0.35 g g–1 0.40 g g–1 0.40 g g–1 0.42 g g–1

YL/S 0.25 g g–1 0.32 g g–1 0.28 g g–1 0.32 g g–1

Fraction of carbon converted into

Lipids 45.9% 60.3% 53.3% 61.3%

Lipid-free CDW 12.1% 9.6% 13.4% 11.4%

CO2 and by-products 42.0% 30.1% 33.3% 27.3%
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Table 6.2 summarizes the process parameters and metrics for all high-cell-density yeast oil produc-

tion processes carried out in MBRs on a 1.5 L and a 50 L scale. In addition, the calculated fraction of

the total carbon consumed by the yeast, which was converted into lipid-free CDW, lipids, or CO2 at

the end of the specified process time, is also provided in Table 6.2. In processes on the 50 L scale,

on average, 58.3% (±3.6%) of the carbon was successfully converted into lipids, while the remain-

ing 30.3% (±2.5%) was assumed to be completely oxidized and released as CO2 in the exhaust

gas. In Figure 6.7, the carbon conversion efficiency (ηC ) achieved in all experiments is displayed

schematically. Considering that the short process duration in Experiment 1 was the apparent cause

of the somewhat lower carbon conversion efficiency, an average of Experiment 2 and 3 is more

meaningful to note, which equals 60.8% (±0.5%).

Figure 6.7: Overall carbon conversion efficiency (ηC ) achieved with C. oleaginosus at the end of each exper-
iment in 1.5 L and 50 L MBRs with semi-continuous mode of operation and a diluted substrate as cultivation
medium (Table 4.5).

Figure 6.8 shows light microscope images tracking the morphological changes of C. oleaginosus

cells over the course of a semi-continuous process for lipid production in a phosphorus-depleted

medium in the MBR on the 50 L scale. An increase in the size of cells and lipid droplets is evident.

Furthermore, the cell morphology changes from ovoid to almost completely round, with cellular lipid

content increasing from 16% on the first day to 79% on the 10th day. It can also be seen that even

with increasing overall lipid content, new cells are being formed, with smaller cell sizes and lipid

droplets being visible.
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Figure 6.8: Light microscope images of C. oleaginosus (50x magnification in bright field) showing the change
of cell morphology over a semi-continuous cultivation in an MBR with total cell retention on a 50 L scale for
lipid production in phosphorus-depleted medium (Exp. 1). Cells after a process time of 1–10 days with a lipid
content ranging from 16% to 79% are shown.

Discussion

Lipid yield (YL/S) and productivity (STYL), as well as carbon conversion efficiency (ηC ), achieved in

high-cell-density cultivation of C. oleaginosus in an MBR are all higher on the 50 L scale. All process

parameters were the same between the two scales except for the material and other specifications

of the microfiltration module (Table 4.13). Even though the bypass volume and residence time in

bypass without aeration of the yeast suspension were higher on the 50 L scale, the shear stress ap-

plied on the yeast cells due to pumping at high flow rates through the filtration module was 12.7-fold

in the 1.5 L scale MBR (Table 4.13). So, the higher shear rate in the 1.5 L scale MBR might have

influenced the yeast cells negatively, causing stress or cell disruption, especially for cells with very

high lipid content and, thus, very large intracellular lipid droplets.

Lipid STY achieved corresponds to around 8.88 g L–1 d–1, which is comparable to the values re-

ported with C. oleaginosus so far (2.64–14.16 g L–1 d–1) (Meo et al., 2017; G. Zhang et al., 2011;

Meesters et al., 1996). As mentioned earlier, lipid productivity achieved in this study was limited

mainly by the conservative choice of feed flow rate. The feed flow was kept relatively low since it

was crucial to ensure that no valuable carbon source exits the MBR unused by keeping the sugar

concentrations below the detection limit of 0.004 g L–1 glucose and 0.014 g L–1 mannose at all

times. Additionally, the choice of semi-continuous operation did not allow a higher feeding rate, un-

fortunately, since this would cause the reaction volume to exceed the maximum working volume of

the MBR overnight, where no filtration is performed. Still, the semi-continuous operation was nec-

essary in this work since the continuous operation of the 50 L scale MBR was not possible. Hence,
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it would be possible to increase the lipid productivity further using a higher feed rate in a different

operational mode.

G. Zhang et al. (2011) and Shaigani et al. (2021) reported achieving 35% and 28% lipid content of

dry biomass of C. oleaginosus using a phosphate-depleted medium with N-acetylglucosamine as

the carbon source after 4 days of process time. In a more comparable study by Zhou et al. (2019), in

which a phosphate-depleted hydrolysate from water hyacinth was used as the carbon source, 60%

lipid content of C. oleaginosus CDW was indicated. In the study by Meo et al. (2017), which is the

most analogous study to this one due to the use of a very similar phosphate-depleted medium and

an MBR concept on a litre scale, around 70% cellular lipid content was recorded after 3–4 days. The

lipid quota achieved in this study after 4 days is much higher than or at least identical to all the data

cited above for this yeast. Moreover, to the best of our knowledge, 76.5% lipid content reported in

this study is the highest reported so far with C. oleaginosus using P limitation. The lipid yield (YL/S)

calculated at the end of the process was 0.32 g g–1, which is also higher than the range (0.20–0.26 g

g–1) stated in comparable studies using P limitation with C. oleaginosus (Meo et al., 2017; G. Zhang

et al., 2011; Zhou et al., 2019).

76.5% lipid content achieved in this study is also on the higher spectrum of 43-85% lipid quota re-

ported for C. oleaginosus using other methods to induce lipid biosynthesis, such as nitrogen limita-

tion (Moon et al., 1978; Donzella et al., 2022) or co-substrate feeding with acetate (Masri et al., 2019;

Rerop et al., 2023), which proves that the method applied in this study is competitive with respect to

other strategies suggested in the literature. The conversion efficiency of substrate carbon into lipid

carbon has not yet been studied very often. Rerop et al. (2023) have recently reported achieving

20.4–33.6% carbon conversion efficiency in the bio-conversion of lignocellulosic hydrolysate to mi-

crobial oils with C. oleaginosus. To the best of my knowledge, 60.8% carbon conversion efficiency

by C. oleaginosus achieved in this study is the highest reported so far.
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7. Hydrolysis of Microalgal Biomass 1

This chapter covers the hydrolysis of the microalgae biomass produced as described in Chapter 5

with M. salina in thin-layer cascade (TLC) photobioreactors (PBRs). First, the rheology of the mi-

croalgae biomass with various cell densities is examined since this influences the process design for

most mechanical cell disruption methods. Then, mechanical disruption of the microalgae cells using

various methods is studied. Chemical and enzymatic hydrolysis of M. salina biomass with undis-

rupted cells, as well as with mechanically disrupted cells, are investigated. Mixtures of commercially

available enzymes with various compositions were tested for microalgal biomass hydrolysis, and a

final enzyme mixture was used for scale-up to the 200 L scale. Finally, phosphorus elimination of

microalgal biomass hydrolysate using a precipitating agent is examined.

7.1. Rheology of microalgal cell suspensions

Figure 7.1: Rheology of M. salina biomass with various cell dry weight (CDW) concentrations at 25 °C. A:
Shear stress with respect to shear rate; B: log–log plot of shear stress with respect to shear rate; C: viscosity
with respect to shear rate; D: log–log plot of viscosity with respect to shear rate.

1Part of the results presented here has already been published in: Koruyucu, A., Peest, T., Korzin, E., Gröninger, L.,
Patricia, Brück, T., & Weuster-Botz, D. (2024). Cell Disruption and Hydrolysis of Microchloropsis salina Biomass as a
Feedstock for Fermentation. Applied Sciences, 14(21), 9667. doi:10.3390/app14219667
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Preliminary cell disruption experiments showed that the flow characteristics of the microalgal biomass

change significantly depending on its solids content, temperature and degree of cell disruption. Flow

properties of the microalgal biomass are important for all the mechanical cell disruption methods in-

vestigated in this study, particularly for the high-pressure homogenization, since the biomass has

to be pumped and pushed through very small channels. Most high-pressure homogenizers (HPHs)

have a specified upper limit on the viscosity of the material to be processed. Besides, the perfor-

mance of some processes, such as enzymatic hydrolysis, is affected significantly by how well the

reaction mixture is mixed. Therefore, prior to cell disruption experiments, the rheology of microalgal

biomass was thoroughly examined with varying solids content and temperature values as described

in Subsection 4.9.1.

Figure 7.2: Rheology of M. salina biomass with a cell dry weight (CDW) concentration of 150 g L–1 (15%) at
various temperatures. A: Shear stress with respect to shear rate; B: log–log plot of shear stress with respect
to shear rate; C: viscosity with respect to shear rate; D: log–log plot of viscosity with respect to shear rate.

Figure 7.1 illustrates the viscosity measurement results of microalgal biomass with solids content

ranging from 1% to 25%. The equipment used had an upper limit of 175 Pa for shear stress mea-

surements. For this reason, the viscosity of biomass with 25% solids content could not be measured

for shear rates over 1500 s–1. Besides, unusually high and changing values were measured above

a certain shear rate for microalgae biomass with low solids content (viscosity below 5 mPa s). For

the equipment used, the manufacturer explains this phenomenon with the formation of turbulences

at high velocities resulting in faulty measurements. Hence, for biomass with a solids content from
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1% to 5%, only the correct values measured until this phenomenon has occurred are displayed. As

expected, the highest viscosity values were measured with the highest cell densities. Biomass with

a solids content of 20–25% is a thick microalgae paste rather than a cell suspension and showed a

shear thinning behaviour. For 20% and 25% solids content, the lowest viscosities measured were

34 mPa s and 113 mPa s, respectively. 15% solids content had a viscosity changing between 12–29

mPa s, which can be handled more easily in downstream processing. For even lower solids content

of 1–2%, the viscosity of the microalgae suspension lies between 1.0–1.3 mPa s. The shear thin-

ning effect became weaker for solids content between 10–15%, while the microalgae biomass with

a solids content between 1–5% behaved like a Newtonian fluid.

Figure 7.2 shows the viscosity measurement results of microalgal biomass with a constant solids

content of 15% at various temperatures ranging from 15 °C to 55 °C. As anticipated, microalgal

biomass has a lower viscosity at higher temperatures. At an initial shear rate of 20 s–1, the viscosity

of the biomass changes from 42.6 mPa s to 14.3 mPa s with a temperature drop from 15 °C to 55 °C.

On the other hand, at a shear rate of 5000 s–1, the viscosity of the microalgae biomass decreases

only from 14.5 mPa s to 8.1 mPa s with the same temperature drop. Generally, biomass with 15%

solids content exhibits a slight shear thinning behaviour, as suggested above. Interestingly, it is also

apparent (Fig. 7.2 C and D) that the microalgae biomass behaves almost like a Newtonian fluid for

temperatures above 50 °C when the shear rate is above 3000 s–1 (Fig. 7.2 C and D).

Discussion

Goudar et al. (1999) reported a viscosity of 60 mPa s for a suspension of Penicillium chrysogenum

with 17.7% solids content at 28 °C and a shear rate of 200 s–1. Olmstead et al. (2013) stated the

viscosity of a Microchloropsis sp. paste with 20–25% solids content to be below 1 Pa s at a shear

rate of 100 s–1. In this work, for a microalgae biomass with 15–20% solids content at 25 °C and a

shear rate of 220 s–1, a viscosity of 21–80 mPa s was measured, while for biomass with 25% solids

at a shear rate of 120 s–1 a viscosity of 300 mPa s was recorded. Hence, the results of the viscosity

measurement prove to be in accordance with literature data. Moreover, the viscosity of microalgae

suspension with 1–2% solids, a viscosity of 1.0–1.3 mPa s was measured, which is slightly above

the viscosity of water at the same temperature (White, 2011).

Based on the viscosity measurements, the upper limit of solids content of the microalgal biomass

for cell disruption using HPH was determined to be between 15–20%. Furthermore, since most cel-

lulases have their optimal working temperature around 50–60 °C, the insight that M. salina biomass

with 15% cell dry weight (CDW) has a pleasantly low viscosity below 10 mPa s at temperatures

above 50 °C is very useful and a good signal for sufficient mixing of the reaction medium during

enzymatic hydrolysis.

7.2. Mechanical disruption of microalgal cells

Mechanical disruption of highly dense M. salina biomass using ultrasonication, bead milling and

high-pressure homogenization was investigated. These methods were selected specifically for their

effectiveness with microalgae (Günerken et al., 2015) and applicability in continuous processes on
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an industrial scale (Chmiel, 2018).

7.2.1. Ultrasonication

Figure 7.3 shows the disruption of M. salina biomass by ultrasonication. Microalgal biomass with

various solids content ranging between 10–25% was ultrasonicated for 40 minutes (Fig. 7.3 A) as

described in Subsection 4.9.2. Cell disruption progressed very similarly for solids content between

10–20%, reaching nearly 40% after 40 minutes of ultrasonication. Only for a solids content of 25%

degree of cell disruption reached 12% after 20 minutes and did not increase with further treatment.

Normally, during ultrasonication, there is visible jet stream formation in the liquid medium, which also

helps mix the sample. In this experiment, this was also the case for all the treated biomass samples

except for biomass with 25% solids content, meaning that this sample was not mixed sufficiently

during ultrasonication. Moreover, it was noted for biomass with a solids content of 25% that a dry

biomass layer formed on the surface of the sonotrode, which got thicker over time. Thus, it was

concluded that ultrasonication is not suited for cell disruption of microalgal biomass with such a high

solids content and viscosity since the forces that accomplish the cell disruption by ultrasonication

act mainly through the liquid medium, which is not sufficiently present in this case.

Figure 7.3: Disruption of M. salina biomass by ultrasonication. A: Ultrasonication of microalgal biomass with
various solids content ranging between 10–25% over 40 min; B: ultrasonication of microalgal biomass with
15% solids content over 90 min. Error bars show standard deviation of triplicate experiments.

To determine if the disruption degree of M. salina cells would further increase with increasing ultra-

sonication time, a subsequent experiment with microalgal biomass with 15% solids content was per-

formed for a total treatment duration of 90 minutes (Fig. 7.3 B). It was shown that the cell disruption

efficiency indeed increased to 60% after 60 minutes and to 70% after 90 minutes of ultrasonication.

Discussion

Yao et al. (2018) examined the effect of high-intensity ultrasound on lipid extraction from high-solids

viscous slurries of Microchloropsis species. The extraction yields were similar at 12% and 20%

solids but decreased considerably for 25% solids content of biomass. It was also verified in this
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study that the disruption efficiency of M. salina biomass with 25% solids is significantly worse than

with 20% solids, whereas the disruption degrees achieved at different concentrations below 20%

were very similar. Yao et al. (2018) suggest that such a decrease in efficiency can be due to an

increased attenuation of ultrasound waves, which could result in less efficient cell rupture. This is

attributed to the increase in biomass viscosity and decrease in speed of sound with increasing solid

content.

In this study, the highest disruption efficiency of M. salina cells achieved was 70%, while 10–20%

was reached after 10 minutes. This is in accordance with the literature values reported for ultra-

sonication at 20 kHz frequency for 10 minutes (Kurokawa et al., 2016), whereas 60–90% disruption

of Microchloropsis species after 10–20 minutes is also reported for ultrasonication at much higher

frequencies (1.0–4.3 MHz) (Kurokawa et al., 2016; McMillan et al., 2013). For ultrasonic disruption

of Microchloropsis oculata cells, M. Wang et al. (2014) reported increased effectiveness by a com-

bination of high-frequency focused ultrasound (3.2 MHz) and low-frequency non-focused ultrasound

(20 kHz) treatments. However, frequencies applied at a large scale are usually lower due to energy

consumption concerns (D’Hondt et al., 2017).

Literature regarding microalgal cell disruption using ultrasonication focuses more on the extraction

efficiency of lipids or other products after the treatment, mostly without direct statements about the

actual disruption efficiency. Nevertheless, its efficiency depends on microalgae species, biomass

concentration and operational conditions such as temperature, time, and frequency (Günerken et

al., 2015). Ultrasonication of microalgae has been mainly applied as a pretreatment for biodiesel,

bioethanol and biogas production and has been shown to adequately break algal cells in low-density

biomass suspensions, increasing the soluble fraction of organic matter, proteins, carbohydrates, and

lipids (D’Hondt et al., 2017).

7.2.2. Bead milling

Disruption of M. salina cells in a mixer mill was examined using beads of various materials and sizes.

In this work, cell disruption experiments using a mixer mill are considered a preliminary exploration

for a possible process transfer to an industrial-scale agitated media mill. Microalgal biomass with

solids content varying between 10–25% was disrupted by bead milling for 40 minutes as described

in Subsection 4.9.3.

Figure 7.4 shows the cell disruption degree over time using beads with 0.5–1.0 mm diameters. The

beads were made of zirconium oxide and agate, which have very similar densities of 6.0–7.0 g mL–1

(Tab. 4.18). As expected, disruption efficiency increases with declining biomass solids content and

increasing milling time. The results were very similar for zirconium oxide and agate beads with the

same diameter. With these beads, the highest degree of disruption achieved was 76–78% with a

solids content of 10% after 40 minutes. For higher solids content, disruption efficiency remained

below 25%. With a smaller bead size of 0.5 mm, the highest degree of disruption achieved for a

solids content of 10% was 53% after 40 minutes, which is much lower than with a bead size of 1

mm. Interestingly, on the contrary, the disruption efficiency of biomass with solids content above

15% was higher with a smaller bead size of 0.5 mm than with 1.0 mm.
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Figure 7.4: Disruption of M. salina biomass by bead milling using beads of various materials and sizes.
Microalgal biomass with various solids content ranging between 10–25% was milled over 40 min. A: Zirconium
oxide (0.5 mm); B: zirconium oxide (1.0 mm); C: agate (1.0 mm). Error bars show standard deviation of
duplicate experiments.

Figure 7.5 shows the microalgal cell disruption over time using beads with a diameter between 2–5

mm. The beads were made of glass, stainless steel and tungsten carbide, with material densities of

2.9 g mL–1, 7.7 g mL–1 and 15.0 g mL–1, respectively. Using steel beads of 5 mm size, the disruption

efficiency was almost independent of solids content and in a range of 46–54% for all biomass con-

centrations after 40 minutes. On the other hand, reducing the diameter of steel beads from 5 mm

to 2 mm resulted in a remarkable increase in disruption degree. For biomass with a solids content

of 10–20%, 87–97% of the cells were disrupted after 40 minutes. For 25% solids content, only 67%

of the cells were disrupted after 40 minutes, which is still the highest disruption degree achieved

with 25% solids content in this work. Using glass beads (3 mm) resulted in the lowest disruption effi-

ciency of the dense M. salina biomass, as expected due to its low density (Fig. 7.5 D). However, with

tungsten carbide beads (3 mm), which have the highest density among the tested materials, a lower

disruption efficiency than with the steel beads (2 mm) was measured (Fig. 7.5 C). Very high sample

temperatures and cell agglomeration with visible clumps were observed during cell disruption with

tungsten carbide beads. Hence, the measurements might be faulty and lower than the actual values
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due to clumped cell debris being counted as intact cells. Nonetheless, a higher material density of

the same sized beads is determined to be more effective for disrupting dense biomass of M. salina

with an optimal bead size of 2–3 mm.

Figure 7.5: Disruption of M. salina biomass by bead milling using beads of various materials and sizes.
Microalgal biomass with various solids content ranging between 10–25% was milled over 40 min. A: Stainless
steel (5 mm); B: stainless steel (2 mm); C: tungsten carbide (3 mm); D: glass (3.0 mm). Error bars show
standard deviation of duplicate experiments.

Discussion

With zirconium oxide and agate beads at a constant bead size of 1 mm, the disruption degree of

M. salina cells was very similar. This is to be expected since the densities of these two materials

are quite similar (Tab. 4.18). For disruption of microalgae, but also specifically of Microchloropsis

species, by bead milling, a bead size of 0.3–0.6 mm has been reported to yield higher disruption

efficiency than bead sizes over 1 mm (Molina Grima et al., 2013; Quesada-Salas et al., 2021; Mon-

talescot et al., 2015; Pan et al., 2017). This was verified for biomass with solids content greater than

15% in this study. For biomass with 10% solids, however, in contrast to the literature, beads with

a diameter of 1 mm performed significantly better than those with 0.5 mm, achieving a 24% higher

disruption degree.
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In this study, for disruption of M. salina cells, the best-performing beads proved to be the stainless

steel beads with a diameter of 2 mm, achieving the highest disruption efficiency for all biomass con-

centrations. Increasing the bead size from 2 mm to 5 mm drastically reduced the disruption degree

by 20–43%. Moreover, by showing that tungsten carbide beads perform significantly better than

glass beads of the same size, it was demonstrated that beads with higher material density are more

effective at disrupting M. salina cells. It has been indicated in literature that Microchloropsis species

are harder to disrupt than most other microalgae species (Kröger et al., 2018; Spiden et al., 2013;

Quesada-Salas et al., 2021) and high bead material densities are more effective on microalgal cell

disruption by bead milling (Molina Grima et al., 2013; Doucha & Livansky, 2008). For instance,

Quesada-Salas et al. (2021) used the same set-up as Montalescot et al. (2015) for mechanical

disruption of Microchloropsis species with the only difference being the bead material, namely zirco-

nium oxide instead of glass. This resulted in an increase of disruption efficiency by 40% compared

to that reported by Montalescot et al. (2015) after one single pass.

For Microchloropsis species biomass with 1% solids content, Quesada-Salas et al. (2021) achieved

76–93% cell disruption after milling with zirconium oxide beads (0.4 mm) for 40 minutes. Pan et

al. (2017) reported 85% cell disruption for Microchloropsis species biomass with 15% solids after

milling with zirconium oxide beads (0.8–1.0 mm) for 40 minutes. In this study, disruption efficiency

achieved using the same bead size and material after the same milling duration was much lower.

However, it must be noted that these studies used agitator bead mills (0.6–1.0 L grinding chamber),

while in the current study, a mixer mill (20 mL grinding jars) was used, which is known to be less

efficient than agitator mills (D’Hondt et al., 2017). Optimal bead size depends on agitator design and

mill geometry and might vary for different bead mills (Doucha & Livansky, 2008). In this study, the

highest degree of disruption recorded for M. salina biomass with 10% solids was 97%, using 2 mm

steel beads and after 40 minutes of treatment.

7.2.3. High-pressure homogenization

High-pressure homogenization for the disruption of M. salina cells was examined first on a laboratory

scale using a bench-top HPH, followed by a scale-up to 200 L using an industrial HPH as described

in Subsection 4.9.4. Microalgal biomass with solids content varying between 10–25% was homog-

enized for up to 10 passes through the HPH on a laboratory scale. Figure 7.6 shows the results of

cell disruption using HPH at two different exiting pressures. At a pressure of 1500 bars, for all CDW

concentrations, disruption efficiency kept increasing with each pass through the HPH, reaching a

final value between 40–63% after ten passes (Fig. 7.6 A). At a pressure of 3000 bars, a higher dis-

ruption degree between 56–78% was achieved for all CDW concentrations after ten passes (Fig. 7.6

B). However, the difference between various solids content was more apparent at 3000 bars. With

10% solids content, a cell disruption degree of 75% was achieved already after four passes, while

it took eight passes with a solids content of 15%. Still, disruption efficiency stayed below 80% in

both cases despite further treatment. For biomass with 20–25% solids content, maximum disruption

efficiency reached only 56–60%.

Figure 7.7 shows the results of the scale-up experiments to 200 L using an industrial HPH. Microal-
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gal biomass with a solids content of 15% was homogenized with up to 5 passes at 1000 bar. The

degree of cell disruption is plotted with respect to the number of equivalent passes, which is the

time equivalent of a single pass when the biomass is circulated in an agitated tank during homoge-

nization. On the 30 L scale, cell disruption efficiency reached 94% after 4.5 equivalent passes. In

contrast, on the 60 L and the 200 L scale, cell disruption efficiency reached around 80% after 2–3

passes and did not increase afterwards despite further homogenization. Nevertheless, the industrial

HPH was more effective than the bench-top HPH, achieving over 70% cell disruption of biomass

with 15% solids after 2 passes at 1000 bar, whereas this required 6 passes at 3000 bar with the

bench-top HPH (Fig. 7.6 B and 7.7 B).

Figure 7.6: Disruption of M. salina biomass with HPH on a 200 mL scale. Microalgal biomass with various
solids content ranging between 10–25% was homogenized with up to 10 passes. A: Exit pressure of 1500
bar; B: exit pressure of 3000 bar. Error bars show standard deviation of triplicate experiments.

Figure 7.7: Disruption of M. salina biomass with HPH on 30–200 L scales at 1000 bar. Microalgal biomass
with a solids content of 15% was homogenized with up to 5 passes. Degree of cell disruption is plotted with
respect to the number of equivalent passes, which is the time equivalent of a single pass when the biomass
is circulated in an agitated tank during homogenization. A: Degree of cell disruption on different scales; B:
mean value of disruption degree on different scales. Error bars show standard deviation between different
experiments.
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Discussion

In this study, the industrial HPH proved more effective than the bench-top HPH, achieving a higher

degree of cell disruption after fewer passes at a lower pressure. This is not surprising since the

efficacy of HPH depends highly on the material and design of its mechanical parts, especially of

the homogenizing valve (Chmiel, 2018). In general, HPH has proved to be an effective method for

disrupting M. salina cells, even though the maximum disruption efficiency (86%) achieved with 15%

solids content remained below that with bead milling using 2 mm stainless steel beads (90%).

The literature describes the best method of cell disruption as depending on the microalgae strain.

(Halim et al., 2012) stated the most effective mechanical disruption method for Chlorococcum sp.

cells to be HPH, whereas (Lee et al., 1998) demonstrated bead milling is significantly more efficient

than HPH for disruption Botryococcus braunii cells. At the same time, both agree that ultrasonication

is inefficient compared to these methods, as confirmed in this study, as well as others (Günerken

et al., 2015). Grimi et al. (2014) stated that HPH was the most effective disruption technique for

extracting proteins from Microchloropsis species, but also requires the highest power consumption.

Generally, a high solids content of the biomass to be processed helps reduce the specific energy

consumption of both HPH and bead mills. However, contrary to the common view in literature

(Günerken et al., 2015; Yap, Dumsday, Scales, & Martin, 2015), the solids concentration of the M.

salina biomass did influence the effectiveness of all mechanical cell disruption methods examined

in this study. Hence, special caution is recommended when choosing a high biomass concentration

above 15% dry weight for mechanical cell disruption.

Microalgal cell disruption using HPH has been examined mostly as a pretreatment method to im-

prove the extraction yield of lipids or other intracellular products (Molina Grima et al., 2013; Grimi et

al., 2014; Olmstead et al., 2013). However, there is some quantitative data on the cell disruption of

Microchloropsis species using HPH. For Microchloropsis species, 67–100% cell disintegration de-

gree has been reported using biomass with low solids content below 1% and pressures up to 3000

bar (Spiden et al., 2013; Günerken et al., 2015). Similar disintegration efficiencies of 56–94% were

achieved in this study using high-density M. salina biomass with 10–25% solids. Additionally, a sim-

ilar disruption efficiency of 86% was reproducibly achieved in this study using an industrial HPH on

a pilot scale and with a high biomass density of 15% dry weight. This is considered to be a high dis-

ruption efficiency, considering that Microchloropsis species are known to have a very resistant and

recalcitrant cell wall containing a layer of algaenan, which is a nonhydrolyzable biopolymer (Scholz

et al., 2014), making them easier to cultivate under physically stressful conditions, while at the same

time harder to disrupt compared to other species (D’Hondt et al., 2017; Spiden et al., 2013).

7.3. Hydrolysis of microalgal biomass

7.3.1. Chemical and enzymatic hydrolysis of undisrupted cells

Since mechanical disruption of microalgae cells requires high energy consumption, enzymatic hy-

drolysis of undisrupted M. salina cells with and without acid pretreatment was investigated first. The

experiment was performed as described in Subsection 4.9.5 using M. salina biomass with a CDW
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concentration of 163 g L–1. Figure 7.8 shows the results of this experimental series using the same

enzyme doses but with prior proteolysis (18 h) using proteases working at different pH optima of pH

3.5 and pH 7.0 followed by autoclaving (at 121 °C for 20 min) at the specified pH for both sterilization

and protease inactivation purposes. After autoclaving, pH was adjusted to pH 5.0 for all batches and

the specified amounts of cellulase and mannanase mixtures were added for enzymatic hydrolysis

(72 h). Since changes in reaction volume due to pH adjustments throughout the process were not

negligible, sugar concentrations normalized to the initial reaction volume are presented in addition

to the measured values.

Figure 7.8: Chemical and enzymatic hydrolysis of undisrupted M. salina cells. Enzyme doses given as per-
cent mass ratio of CDW are 1% protease (as specified in figure), 5.9% cellulase (Cellic® CTec3 HS), and
0.12% mannanase (Rohalase® GMP). Since changes in reaction volume due to pH adjustments throughout
the process were not negligible, sugar concentrations normalized to initial reaction volume are presented ad-
ditionally to the measured values. A: Actual and normalized final concentrations of glucose and mannose; B:
saccharification efficiency (ηsac). Error bars indicate standard deviation of triplicate experiments.

Around 2.0 g L–1 glucose and 2.5–2.7 g L–1 mannose were released already after the proteolysis

and following heat pretreatment at pH 3.5, which corresponds to a saccharification efficiency of 13%.

In contrast, no sugar release was observed for heat pretreatment at pH 7.0. Final concentrations of

4.1–5.1 g L–1 glucose and 1.3–1.6 g L–1 mannose were achieved with heat pretreatment at acidic

pH. On the other hand, final concentrations as low as 0.3–0.9 g L–1 glucose and 0.2–0.3 g L–1

mannose were measured when the same pretreatment procedure was applied at a neutral pH. Con-

sequently, a significantly higher saccharification efficiency of 27–32% was achieved with acidic heat

pretreatment followed by enzymatic hydrolysis, while it remained at 6–8% with heat pretreatment at

neutral pH.

Discussion

Most studies on the hydrolysis of microalgal biomass focus on either product extraction, such as
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lipids, or utilize already extracted biomass containing disrupted cells (R. Zhang et al., 2019; Zuorro

et al., 2016). Some report over 90% carbohydrate solubilization of mechanically or chemically dis-

rupted microalgae cells after enzymatic hydrolysis (Younes et al., 2020; Ho et al., 2013; Meo et al.,

2017). Direct enzymatic hydrolysis of undisrupted microalgae cells, especially with conclusions on

biomass saccharification, is uncommon in the literature. Few studies focusing on enzymatic disrup-

tion of microalgal cell wall use diluted biomass with 1–10% dry weight, which would yield a very

dilute hydrolysate with around 2–20 g L–1 sugars at best (Demuez et al., 2015). In these studies,

using cellulases or a combination of proteases and carbohydrases accomplished saccharification

yields of 47–96% with other microalgae species.

Saccharification efficiency of 27–32% achieved with acidic hydrolysis followed by enzymatic hydrol-

ysis is relatively low compared to literature reports for other microalgae strains mentioned above.

Scholz et al. (2014) determined that the cell wall of M. gaditana contains around 14% algaenan,

which is a nonhydrolyzable biopolymer, presenting itself as an insoluble residue following severe

acid and base hydrolysis, that is well established also in other species of Microchloropsis including

M. salina (Gelin et al., 1996). Thus, a relatively low saccharification efficiency is to be expected with

Microchloropsis species even after chemical hydrolysis.

Hernández et al. (2015) carried out a comparable study regrading saccharification of undisrupted

M. gaditana biomass with acidic hydrolysis followed by enzymatic treatment. They report that 93 mg

sugars per g dry weight (DW) were released after diluting the biomass with 7% (v/v) sulphuric acid

and autoclaving (at 121 °C for 30 min). In this study, pretreatment with proteases and autoclaving

the biomass at pH 3.5 (at 121 °C for 20 min) released only 27–29 mg g–1 DW sugars. They also note

that alkaline pretreatment (5 M NaOH, 90 °C for 30 min) of the biomass had a sugar release yield

of 14 mg g–1 DW, which is lower than with acidic hydrolysis. Furthermore, Hernández et al. (2015)

demonstrated that acidic hydrolysis improved the efficacy of subsequent enzymatic hydrolysis with

cellulases significantly with an increase of sugar release from 15 mg g–1 DW to 129 mg g–1 DW.

In the current study, even though this effect was confirmed, the influence of acidic hydrolysis prior

to enzymatic hydrolysis was less remarkable with an increase of sugar release from 12–17 mg g–1

DW to merely 57–68 mg g–1 DW. This difference might originate from using M. salina cells grown

in nutrient-replete medium, since these have a different macromolecular and cell wall composition

(Schädler et al., 2019), which could result in increased structural stability of the cell wall and make it

harder to disrupt or hydrolyse.

Although acidic hydrolysis of M. salina biomass improved the saccharification yield, it should be

noted that it also resulted in a substantial dilution of the biomass due to the addition of acid and

base to adjust the pH of the reaction medium. More precisely, dilution of the biomass by a factor of

1.3–1.6 resulted in a decrease of final glucose concentration from 6.8–8.1 g L–1 to 4.1–5.1 g L–1.

Moreover, the excessive addition of acid and base results in an increase in the salt content of the

hydrolysate, which might negatively affect yeast growth when it is used as a cultivation medium for

yeast oil production. Hence, the acidic hydrolysis approach was avoided in further hydrolysis exper-

iments in this work.
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7.3.2. Enzymatic hydrolysis after mechanical cell disruption

Enzymatic hydrolysis of mechanically disrupted M. salina cells was performed as described in Sub-

section 4.9.5. Table 7.1 shows the disruption degree of microalgal biomass prior to enzymatic hydrol-

ysis and enzyme dosing used in experiments on a millilitre scale together with their label numbers as

they come up in the following figures in this subsection. First, the effects of the sterilization method

and degree of cell disruption on the effectiveness of enzymatic hydrolysis were investigated, con-

sidering the impact on a subsequent scale-up. Then, the dosing of various enzymes was examined

for increased saccharification efficiency, and the hydrolysis was scaled up to 200 L using the best-

performing enzyme composition.

Table 7.1: Disruption degree of microalgal biomass prior to enzymatic hydrolysis and enzyme dosing (g
enzyme per g CDW) used in experiments on a millilitre scale.

# disruption
degree

Cellic® CTec3
HS (Cellulase)

Rohament®

CEP (Cellulase)
Rohalase® GMP
(Mannanase)

Hemicellulase
from A. niger

Protamex®

(Protease)

1 92% 5.92% – 0.12% – –

2 92% 5.92% – 0.12% 1.0% –

3a 75% 5.92% – 0.12% – –

4 75% 5.92% – 0.12% – 1.0%

5 75% 5.92% – 0.12% – –

6 70% 5.92% – 0.12% – –

7 70% – 5.0% 0.12% – –

8 70% – 10.0% 0.12% – –

9b 70% – – – – –

10 78% – 10.0% 0.12% – –

11 78% – 15.0% 0.12% – –

12 78% – 10.0% 2.00% – –

13b 78% – – – – –

a Pretreated by autoclaving at 121 °C for 20 min for sterilization. No antibiotics added.

b Control without enzyme addition.

Figure 7.9 illustrates the results of experiments examining the influence of sterilization method and

cell disruption degree on subsequent enzymatic hydrolysis of mechanically disrupted M. salina cells.

First, autoclaving at 121 °C for 20 minutes was compared with the addition of antibiotics (each 100

mg L–1 of kanamycin and tetracycline) to inhibit the growth of contaminants in respect of saccharifi-

cation efficiency (ηsac). It was demonstrated that skipping the autoclaving step and using antibiotics

instead did not affect hydrolysis efficiency, which reached 10% in both cases (Fig. 7.9 B). Therefore,

the addition of antibiotics was preferred to prevent contamination effects on biomass hydrolysis in

the following experiments. On the other hand, the degree of cell disruption had a great influence
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on the effectiveness of hydrolysis. An increase of initial cell disintegration degree from 70% to 92%

increased saccharification efficiency by 6% from 10% to 16% (Fig. 7.9 D).

Figure 7.10 A and B present the results of an experiment examining the effects of an addition of

hemicellulase or protease to the enzyme mixture on hydrolysis efficiency. Adding 1% hemicellu-

lase to the enzyme mixture in addition to cellulase and mannanase improved biomass hydrolysis,

increasing its efficiency by 2% from 16% to 18% (Fig. 7.10 B1). On the other hand, adding 1% pro-

tease to the enzyme mixture in addition to cellulase and mannanase increased hydrolysis efficiency

only by 1% to 11% (Fig. 7.10 B2).

Figure 7.9: Influence of sterilization method and cell disruption degree on subsequent enzymatic hydrolysis
of mechanically disrupted M. salina cells. Enzyme doses given as percent mass ratio of CDW are as listed
in Table 7.1. (A) Final concentrations of glucose and mannose and (B) saccharification efficiency (ηsac) with
autoclaving or antibiotic addition as sterilization method. (C) Final concentrations of glucose and mannose
and (D) saccharification efficiency (ηsac) with different degrees of mechanical cell disruption as indicated by
data labels. Error bars indicate standard deviation of triplicate experiments.

Figure 7.10 C and D present the results of an experiment comparing two different cellulase mixes,

namely Cellic® CTec3 HS and Rohament® CEP, labelled as C1 and C2, respectively, with respect to

the saccharification efficiency. Only 2% of the carbohydrates were solubilized using a mannanase

dose of 0.12%. Using 5% of Cellic® CTec3 HS in addition to mannanase improved the biomass

hydrolysis efficiency by 8% to 10%, whereas with Rohament® CEP, the same increased the sac-

charification efficiency by 10% to 12% (Fig. 7.10 D). With Cellic® CTec3 HS, more mannose was
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released, while Rohament® CEP solubilized more glucose (Fig. 7.10 C). Due to its better perfor-

mance than Cellic® CTec3 HS, as well as its easy-to-use powder form, Rohament® CEP was used

as cellulase mix in further enzymatic hydrolysis experiments.

Figure 7.10: Influence of hemicellulase or protease addition and selection of cellulase on the effectiveness
of enzymatic hydrolysis of mechanically disrupted M. salina cells. Enzyme doses given as percent mass
ratio of CDW are as listed in Table 7.1 in detail. (A) Final concentrations of glucose and mannose and (B)
saccharification efficiency (ηsac) for 1 hemicellulase and 2 protease addition. Data labels indicate the dosing of
hemicellulase (H) and protease (P). (C) Final concentrations of glucose and mannose and (D) saccharification
efficiency (ηsac) using different cellulase mixes as indicated by data labels with C1 and C2 being Cellic® CTec3
HS and Rohament® CEP, respectively. Error bars indicate standard deviation of triplicate experiments.

Figure 7.11 A and B display the results of an experiment investigating the effect of cellulase dosing

on saccharification efficiency. The difference between sets 1 and 2 is the initial degree of cell disrup-

tion, which is 70% and 78%, respectively. This difference led to 1.8 g L–1 more sugar (glucose and

mannose) in set 2 compared to set 1. In experiment set 1, using 5% and 10% cellulase in addition to

mannanase increased hydrolysis efficiency by 10% and 16%, respectively. Moreover, in experiment

set 2, using 10% and 15% cellulase in addition to mannanase resulted in an efficiency increase by

16% and 18%, respectively. Although the best results of 7.2 g L–1 sugars (glucose and mannose)

and 26% saccharification efficiency were reached with 15% cellulase dosing, the difference to 10%

cellulase was not significant enough to consider it better with respect to price-performance ratio.

For hydrolysis of the biomass with 78% cell disruption, adding 10% cellulase together with 0.12%

mannanase yielded 6.9 g L–1 sugars and 25% saccharification efficiency. Thus, a cellulase dose of
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10% was used in the enzyme mixture in further hydrolysis experiments.

Figure 7.11: Influence of cellulase and mannanase dosing on the effectiveness of enzymatic hydrolysis of
mechanically disrupted M. salina cells. Enzyme doses given as percent mass ratio of CDW are as listed
in Table 7.1 in detail. (A) Final concentrations of glucose and mannose and (B) saccharification efficiency
(ηsac) for various cellulase doses with 1 70% and 2 78% disruption degree. Data labels indicate the dosing of
cellulase (C). (C) Final concentrations of glucose and mannose and (D) saccharification efficiency (ηsac) for
various mannanase doses. Data labels indicate the dosing of mannanase (M). Error bars indicate standard
deviation of triplicate experiments.

Figures 7.11 C and D reveal the results of an experiment investigating the effect of mannanase

dosing on saccharification efficiency. Using 10% cellulase only, 9% of the carbohydrates of the mi-

croalgal biomass were solubilized. Adding 0.12% mannanase into the enzyme mixture increased

hydrolysis efficiency by 16% to 25%, and a further increase of mannanase dosing to 2.0% increased

efficiency by another 5% to 30%. Moreover, the sum of glucose and mannose released increased

from 2.4 g L–1 to 6.9 g L–1 and 8.2 g L–1, respectively. Figure 7.11 C indicates a possible synergy

between cellulase and mannanase, which leads to improved glucose release with increased dosing

of mannanase, even though the amount of mannose released remains the same.

Scale-up of the enzymatic hydrolysis of mechanically disrupted M. salina biomass to first 60 L, and

finally to 200 L, was performed as described in Subsection 4.9.5 using a CDW concentration of

150 g L–1. The duration of enzymatic hydrolysis was kept shorter on the large scale since previous

experiments showed that the results did not change after 40 hours (data not shown). Figure 7.12
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shows the results of the scale-up experiments. On both scales, a cellulase dosing of 10% of CDW

was applied. Even though a higher mannanase dose (1.0%) was used on the 200 L scale, no im-

provement in hydrolysis efficacy was observed compared to the 60 L scale with 0.12% mannanase

dosing. Final concentration of released glucose was 5.7 g L–1 and 5.9 g L–1, whereas 1.4 g L–1 and

1.3 g L–1 mannanose was solubilized, respectively. Hence, the resulting saccharification efficiency

was very similar, namely 22.2% and 22.6% in the 60 L and the 200 L scale processes, respectively.

Figure 7.12: Enzymatic hydrolysis of mechanically disrupted M. salina cells on 60 L (blue) and 200 L (white)
scales. Degree of cell disruption was 78% in both experiments. Enzyme doses given as percent mass
ratio of CDW are 10.0% cellulase (Rohament® CEP) and 0.12% and 1.00% mannanase (Rohalase® GMP)
for hydrolysis on the 60 L and the 200 L scales, respectively. A: Final concentrations of glucose ( ) and
mannose ( ); B: saccharification efficiency (ηsac).

Discussion

As anticipated, higher degrees of mechanical cell disruption at the beginning of enzymatic hydroly-

sis resulted in a higher hydrolysis efficiency since the carbohydrates in the cell wall become more

exposed, making them more readily available for the enzymes. Increasing cellulase and mannanase

doses in the enzyme mixture improved hydrolysis efficiency, and they also exhibited synergistic ef-

fects with each other since increasing the mannanase dosing further improved the glucose yield.

The addition of hemicellulase to the enzyme cocktail or performing proteolysis prior to the addition

of carbohydrases increased the effectiveness of enzymatic hydrolysis only marginally in contrast to

literature reports for other microalgae strains (Demuez et al., 2015) and was therefore omitted in the

final procedure used for the scale-up to 200 L. Nonetheless, saccharification efficiency achieved on

the 200 L scale was 7% lower than the 30% recorded on the millilitre scale, reaching only 23%.

Based on the carbohydrate and sugar composition of M. salina grown in a nutrient-replete medium

in TLC PBR as reported by Schädler et al. (2019), with an initial CDW concentration of 250 g L–1 and

100% saccharification efficiency, the resulting microalgae hydrolysate would have 53.4 g L–1 total

concentration of glucose and mannose. However, technical equipment used in the current study

allowed the processing of only 150 g L–1 CDW containing microalgal biomass since the industrial

HPH used for mechanical cell disruption did not allow higher feed stream viscosity. Hence, calculat-

ing with an initial CDW concentration of 150 g L–1 and 100% saccharification efficiency, the resulting
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microalgae hydrolysate would have 32.1 g L–1 total concentration of glucose and mannose. Nev-

ertheless, the best results obtained in this experimental series were 8.2 g L–1 on a millilitre scale

and 7.2 g L–1 on a 200 L scale. In this work, the maximum saccharification efficiency achieved was

30%, which corresponds to 77.3 mg released sugars per g CDW, very similar to the yield reported by

Mirsiaghi and Reardon (2015) using commercial enzyme mixtures on disrupted M. salina biomass.

Nevertheless, 30% saccharification yield is way below the expected range of 47–90% (Demuez et

al., 2015), yielding much lower sugar concentrations than the 50 g L–1 presumed for yeast cultivation

as described in Chapter 6. One solution to the unexpectedly low sugar content of the microalgae

biomass hydrolysate would be concentrating the hydrolysate using an evaporator, which was not

demonstrated in this study due to the lack of appropriate equipment for a large-scale application.

It might be possible to improve the carbohydrate saccharification yield for high-density M. salina

biomass by adding other commercially available enzymes with various activities into the enzyme

cocktail used. With the help of a growth inhibition screen, Gerken et al. (2013) suggested that chiti-

nase, lysozyme, pectinase, sulfatase, b-glucuronidase, and laminarinase could aid the enzymatic

cell wall degradation of Microchloropsis strains. Moreover, Horst et al. (2012) could improve the lipid

extraction yield for autoclaved M. oculata biomass by around 20% using Viscozyme (a multi-enzyme

mixture containing a wide range of carbohydratases) and Proteinase K (an alkaline serine protease

of fungal origin). However, the prospects of success at improving the effectiveness of enzymatic

hydrolysis seem to be low with M. salina cells grown in nutrient-replete medium, since these have

a different macromolecular and cell wall composition (Schädler et al., 2019; Jeong et al., 2017),

and are apparently harder to disrupt and hydrolyse than the M. salina cells grown in nutrient-limited

medium (Klassen et al., 2015; Jeong et al., 2017). Applying nutrient limitation on the microalgae cul-

ture, on the other hand, would reduce biomass productivity. Alternatively, other microalgae strains

that are richer in carbohydrate content and easier to disrupt than M. salina, such as the members of

Porphyridium and Scenedesmus genera (González-Fernández & Ballesteros, 2012; Kröger et al.,

2018), could be used for a more efficient production of microalgal biomass hydrolysate.

7.4. Elimination of phosphorus in microalgae hydrolysate

Preliminary precipitation experiments with phosphate buffer

Preliminary experiments on phosphate precipitation were carried out as described in Subsection

4.9.6 using a phosphate buffer and FeCl3 as the precipitating agent at a pH range of pH 4.5 to pH

5.5. In the first experiment series, various ratios of iron to phosphorus were examined, adding dif-

ferent amounts of concentrated FeCl3 solution to the buffer. As seen in Figure 7.13 A, using a Fe:P

stoichiometric ratio of 1:1 resulted in a reduction of phosphate concentration from 164 mg L–1 to 51

mg L–1, yielding a phosphate depletion of only 69%. On the other hand, a Fe:P ratio of 1.5:1 and

2:1 reduced the phosphate concentration to 6 mg L–1 and 1 mg L–1, achieving 96% and 99% phos-

phate depletion, respectively. In the second experiment, the influence of the centrifugation time on

phosphate precipitation efficiency was investigated, keeping the Fe:P ratio at 1.5. Figure 7.14 shows

that even before centrifugation, the precipitation was so effective that the phosphate concentration

was reduced by 97% to 6 mg L–1. A centrifugation time of 10 minutes lowered the phosphate con-
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centration to 5 mg L–1, while further centrifugation yielded only higher concentrations, indicating that

a centrifugation duration longer than 10 minutes is not necessary for effective phosphate elimination.

Figure 7.13: Variation of the Fe:P stoichiometric ratio for phosphate precipitation of a phosphate buffer using
FeCl3. A: Phosphate concentration in the buffer solution and after precipitation with various Fe:P ratios; B:
degree of phosphate depletion with various Fe:P ratios.

Figure 7.14: Variation of the centrifugation time for phosphate precipitation with a constant Fe:P stoichiometric
ratio of 1.5. A: Phosphate concentration in the buffer solution and after precipitation and centrifugation for
different durations; B: degree of phosphate depletion with various centrifugation durations.

Precipitation of phosphate in microalgae hydrolysate

Microalgal biomass hydrolysate produced on the 60 L scale as described in Subsection 7.3.2 had

a very high phosphate concentration of 3.7 g L–1, meaning that a single-step precipitation with

a stoichiometric excess of iron over phosphorus would require uneconomically large amounts of

FeCl3. Moreover, initial experiments with microalgae hydrolysate showed that a single-step process

is not as effective as demonstrated with the phosphate buffer (data not shown). Hence, a stepwise

reduction of phosphorus content was worked out. For practicality in large-scale applications, it was

also examined whether centrifugation of the hydrolysate after each step is necessary. Figure 7.15

shows the results of a stepwise phosphate precipitation of microalgae hydrolysate in three steps with
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a Fe:P ratio of 1.5:1 with and without centrifugation after each step. When centrifuged after each

precipitation step, the phosphate depletion was 97% in the first step but declined to 44% and 67% in

the following steps. Phosphate concentration was reduced from 3.7 g L–1 to 101 mg L–1, 57 mg L–1,

and finally to 19 mg L–1 after each step. This corresponds to a similar phosphate depletion as in the

preliminary experiments with phosphate buffer in the first step but a drastic reduction of precipitation

efficiency in the following steps. Without centrifuging the hydrolysate after each precipitation step,

but only at the end of the final step, a phosphate concentration of 85 mg L–1, 87 mg L–1, and 29

mg L–1 were measured after each step. Although the overall degree of phosphate depletion was

very similar for the centrifuged and non-centrifuged variants with 99.5% and 99.2%, respectively,

the final phosphate concentration was by 10 mg L–1 higher in the latter case. This would make a big

difference in the C/P ratio of the microalgae hydrolysate if it has a very low sugar content, which is

the case for the microalgae hydrolysate produced in this work. Hence, centrifugation after each step

was found to be necessary for this work.

Figure 7.15: Effect of centrifugation on stepwise phosphate precipitation of microalgae hydrolysate. "Cen-
trifuged" label means that the reaction medium was centrifuged after each step and only the supernatant was
used for the next precipitation step, whereas "not centrifuged" indicates that centrifugation was not performed
between precipitation steps, but only at the end of the experiment. Initial phosphate concentration of the
microalgae hydrolysate was 3.747 g L–1. A constant Fe:P stoichiometric ratio of 1.5 was used. A: Phos-
phate concentration after each precipitation step; B: cumulative degree of phosphate depletion after each
precipitation step.

The stepwise precipitation approach was adopted for the scale-up of the phosphate precipitation to

the 200 L scale using the equipment described in Subsection 4.9.6. A Fe:P stoichiometric ratio of

1.2:1 was used in the first step, which was increased to 2:1 for the second step. To avoid diluting

the microalgae hydrolysate, the precipitation agent FeCl3 and KOH for pH adjustment were added

to the reaction mixture in solid form. As shown in Figure 7.16 A, the initial phosphate concentration

in the microalgae hydrolysate was 6.5 g L–1, which is much higher than in the previous experiment,

but was still successfully reduced to 83 mg L–1 and then to 28 mg L–1 after each step. A phosphate

depletion of 98.7% and 66.6% was achieved after the first and second precipitation steps, respec-

tively, reaching an overall depletion degree of 99.6%. Performing additional steps attempting further

phosphate precipitation on the millilitre scale were unable to decrease the phosphate concentration

below 25 mg L–1, even if much higher Fe:P ratios of up to 10:1 were applied, and hence were omitted

here (data not shown).



Hydrolysis of Microalgal Biomass 129

Figure 7.16: Stepwise phosphate precipitation of microalgae hydrolysate on a 200 L scale. A Fe:P stoichio-
metric ratio of 1.2 and 2.0 were used in 1st and 2nd steps, respectively. Reaction mixture was centrifuged
using a disc separator after each step. Precipitating agent FeCl3 and KOH for pH adjustment were added to
the reaction mixture in solid form to prevent dilution of the hydrolysate. A: Phosphate concentration before
and after each precipitation step; B: degree of phosphate depletion after each precipitation step and final total
phosphate depletion.

Discussion

The conditions selected for phosphorus elimination of microalgal biomass hydrolysate by precipita-

tion using FeCl3, more specifically the pH range of 4.5–5.5 and the stoichiometric excess of iron to

phosphorus, are reasonable according to procedures applied in large-scale wastewater treatment

plants with extremely low phosphorus levels in effluent streams (< 0.5 mg L–1) due to strict regula-

tions (Takács et al., 2006). Preliminary experiments using a phosphate buffer showed that very low

phosphate concentrations down to 1 mg L–1 can be obtained by applying the chosen procedure for

phosphate precipitation as described in Subsection 4.9.6.

Due to the low sugar concentration of 8.1 g L–1 in the microalgae hydrolysate, a very low phosphate

concentration of 2.82 mg L–1 was required to achieve a C/P ratio of 3515 g g–1, based on the amount

of carbon present in sugars and ignoring the other organic carbon sources in the hydrolysate. How-

ever, when the same procedure of phosphate precipitation is applied to the microalgae hydrolysate,

its effectiveness declined as soon as a phosphate concentration around 100 mg L–1 was reached,

not allowing a reduction of the phosphate concentration below 25 mg L–1. Using a very similar proce-

dure with a FE:P ratio of 1.5:1 on a different microalgae hydrolysate, Meo et al. (2017) successfully

reduced the phosphate content of the hydrolysate by 99.7% from 1.62 g L–1 to 10 mg L–1. In this

study, initial phosphate level in the hydrolysate was much higher (3.75–6.51 g L–1), and, although a

similar phosphate depletion degree of 99.6% was achieved using a two-step precipitation process,

final phosphate concentration remained around 19–36 mg L–1, even if further precipitation steps

were performed at much higher Fe:P ratios of up to 10:1 (data not shown).

Takács et al. (2006) suggest that there might be various reasons making it hard to achieve very low

phosphorus levels in streams containing high amounts of organic matter, such as the formation of

organic side products with Fe3+ and other components, most importantly, charged organics (through

ion-pairing and binding), also stating that the extent of these reactions is unknown. Furthermore,
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soluble ferric–phosphate and ferric–hydroxide complexes might form, which hinders the conversion

of soluble phosphorus to the particulate form by binding up Fe3+ or PO3−
4 ions in soluble complexes.

Another strategy to achieve a C/P ratio of 3515 g g–1 in the microalgae hydrolysate would be per-

forming phosphate precipitation after concentrating the hydrolysate by evaporation, for instance,

using a thin-film evaporator. The increased sugar concentration would then allow a higher C/P ratio

at the same phosphate level of around 25 mg L–1 after phosphate precipitation.

7.5. Composition of microalgae hydrolysate

Table 7.2 shows the sugar composition, as well as the phosphate and protein concentrations, of

the microalgae hydrolysate produced on the 200 L scale as described in Subsection 7.3.2 after

phosphate precipitation, which is later used as fermentation medium for yeast oil production in a

membrane bioreactor (MBR) (see Section 8.1).

Table 7.2: Measured sugar composition, protein and phosphate content of microalgae hydrolysate after phos-
phate precipitation.

Component Concentration, g L–1 Fraction in Sugars, –

Glucose 5.32 65.9%

Mannose 1.14 14.1%

Galactose 1.52 18.8%

Rhamnose 0.08 1.0%

Xylose 0.02 0.2%

Total sugars 8.08 100.0%

Phosphate 0.036 –

Protein 13.4 –

Table 7.3: Elemental composition of microalgae hydrolysate after phosphate precipitation.

C H N S P O

Mass fraction, % 2.52 10.84 1.65 0.00 0.001a 84.99b

a Calculated from measured phosphate concentration, since detection limit was 0.5% (W/W).

b Calculated as the remaining mass fraction after subtraction of all other elements listed above.

The elemental composition of the microalgae hydrolysate after final processing is presented in Table

7.3. Based on these values, microalgae hydrolysate had a C/N ratio of 1.54 g g–1 and a C/P ratio of

2044 g g–1. However, it should be noted that the C/P ratio is so high due to the high protein content

despite the low sugar concentration. Assuming that sugars are the only carbon source utilized by

the yeast, the C/P ratio of the hydrolysate would be only 221 g g–1.
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Discussion

Based on the sugar composition of M. salina grown in nutrient-replete medium (Schädler et al.,

2019), microalgae biomass with a CDW concentration of 150 g L–1 contains 24.2 g L–1 glucose,

7.5 g L–1 mannose, 2.6 g L–1 galactose, and 1.9 g L–1 rhamnose with the remaining carbohydrates

amounting to 2.4 g L–1. According to these values, only 15.2% of mannose could be solubilized

with the applied hydrolysis protocol, whereas 58.5% saccharification efficiency of galactose was

achieved. Nevertheless, considering an overall saccharification efficiency of 23%, sugar concentra-

tions measured in the final microalgae hydrolysate are in accordance with these values. Meo et al.

(2017) reported 40.8 g L–1 glucose, 2.0 g L–1 mannose, 4.3 g L–1 galactose and 13.3 g L–1 proteins

in the microalgae hydrolysate of Scenedesmus species starting with a CDW concentration of 250 g

L–1. Even though the total sugar concentration achieved by Meo et al. (2017) was much higher, the

protein content is very similar to the concentration measured in this work.

The final C/P ratio of the microalgae hydrolysate after phosphorus elimination was much lower than

the desired 3515 g g–1. On the 200 L scale, with a carbon concentration of 25.44 g L–1 in the

hydrolysate, 22.14 mg L–1 phosphate was required to achieve a C/P ratio of 3515 g g–1. It could,

however, be reduced to merely 36 mg L–1, reaching a much lower C/P ratio of 2044 g g–1. As men-

tioned before, one solution to the unexpectedly low C/P ratio of the hydrolysate is to concentrate it

by evaporation, for example, using a thin-film evaporator, which could not be demonstrated in this

study due to the lack of appropriate equipment for a large-scale application. Phosphate precipitation

applied after hydrolysate concentration by evaporation would yield a higher C/P ratio due to higher

sugar concentration with a phosphorus concentration of 12 mg L–1 (36 mg L–1 phosphate) achieved

in this work.
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8. Process Integration: Yeast Oil Production Using Mi-

croalgal Biomass Hydrolysate 1

This chapter reports on the integration of microalgal biomass production, biomass hydrolysis, and

yeast oil production into a single process for microbial oil production from CO2. First, yeast cultiva-

tion using microalgae hydrolysate is presented. Then, the separation of the yeast oil and its fatty

acid (FA) composition will be covered, followed by a carbon balance of the whole process. Finally,

the integrated process developed in this work is compared with microbial oil production using only

microalgae regarding carbon conversion efficiency, productivity, and process costs.

8.1. Yeast oil production in a 1.5 L MBR using microalgae hydrolysate

High-cell-density yeast cultivation using microalgae hydrolysate as the feed medium was performed

in the 1.5 L scale membrane bioreactor (MBR) with total cell retention. As there was not enough

hydrolysate available, process scale-up to 50 L was not possible. The design and operation of the

MBR, as well as the applied semi-continuous production mode, were described in Section 4.7 in

detail. This experiment with microalgae hydrolysate was analogous to the cultivation presented in

Section 6.3 except for the feeding medium used, which was microalgae hydrolysate with a total

sugar concentration of 8.08 g L–1 sugars and a C/P ratio of 2044 g g–1. The batch medium was the

defined medium described in Table 4.5. The volumetric flow rate of the feed medium was adjusted

according to its sugar concentration so that a feeding rate of 1.1 g L–1 h–1 sugars would be main-

tained throughout the semi-continuous operation as in the reference experiment. The initial C/P ratio

after inoculation was 499 g g–1 since the preculture was not washed prior to inoculation. Figure 8.1

shows the results of this experiment using microalgae hydrolysate as the feed medium together with

the previously presented experiment using a synthetic medium as reference.

The batch phase took 23 hours, which is 2.6 hours shorter than in the reference experiment. Af-

ter complete consumption of sugars in the batch medium, the semi-continuous mode of operation

started with a hydrolysate feed rate of 1.1 g L–1 h–1 sugars. The liquid volume inside the reactor

was initially 1.5 L and kept in a 1.5–5.5 L range throughout the process. The semi-continuous phase

lasted only 17 hours, and the experiment had to be stopped after that since the maximum possible

permeate flow rate declined drastically over time, making it impossible to keep the reaction volume

below the reactor capacity. This reduction in the permeate flow rate was most probably the result

of increasing cell dry weight (CDW) concentration and accumulation of other molecules present in

the microalgae hydrolysate in the reactor. After 17 hours of semi-continuous operation, 105.9 g

CDW was formed, which is more than twice the 50.1 g after the same process time in the reference

experiment. 67.2 g of this was lipid-free CDW, whereas only 38.7 g was lipids. In this way, 36.6%

lipid quota was achieved, which is only by 7.2% higher than at the time of inoculation and by 14.2%

lower than in the reference experiment after the same production time. Phosphate concentration

started rising at the beginning of the semi-continuous phase and reached 62.0 mg L–1, although

1Part of the results presented here has already been published in: Koruyucu, A., Blums, K., Peest, T., Schmack-
Rauscher, L., Brück, T., & Weuster-Botz, D. (2023). High-cell-density yeast oil production with diluted substrates imitating
microalgae hydrolysate using a membrane bioreactor. Energies, 16(4)(1757).
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glucose and mannose stayed below the detection limit, which lies at 0.004 g L–1 and 0.014 g L–1,

respectively. At the end of the process, a lipid space-time-yield (STY) of 0.63 g L–1 h–1 and a lipid

yield of 0.34 g per g sugars were recorded.

Figure 8.1: Yeast oil production using microalgae hydrolysate as the feed medium in a membrane bioreactor
on a 1.5 L scale with total cell retention in a semi-continuous mode. This experiment using hydrolysate as
feed is marked in orange ( ) and the reference experiment using only defined medium is marked in black
( ). A defined medium (Table 4.5) with 50 g L–1 sugars and a C/P ratio of 3515 g g–1 was used as batch
medium, whereas microalgae hydrolysate with 8.08 g L–1 sugars and a C/P ratio of 2044 g g–1 was used as
feed medium with a feeding rate of 1.1 g L–1 h–1 sugars. The black line shows the end of the batch phase
and switch to semi-continuous mode of operation. The error bars show the standard deviation of the triplicate
measurements. (a) CDW; (b) lipid-free CDW; (c) lipid mass; (d) lipid content of the yeast cells; (e) liquid
volume inside the MBR; (f) concentrations of glucose ( ) and mannose ( ) on the primary vertical axis and
of phosphate ( ) on the secondary axis.
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The carbon balance of the yeast oil production using microalgae hydrolysate as feed was made

using the results of elemental analysis. The mass fraction of carbon in microalgae hydrolysate

(xC,MAH ) and in permeate (xC,perm) were measured to be 2.52% and 0.81%, respectively. These

values were used to calculate the total carbon taken up by the yeast cells. The resulting carbon

conversion efficiency (etaC ) into lipids was 29.0%.

Discussion

There were two major problems when using microalgae hydrolysate for high-cell-density yeast oil

production in an MBR. The first one is the low C/P ratio of 2044 g g–1 in microalgae hydrolysate

compared to 3515 g g–1 in the defined medium used for yeast cultivation in the reference experi-

ment. Thus, cellular lipid content achieved using microalgae hydrolysate as feed medium (36.6%)

was noticeably lower than in the reference process (50.8%). The second major problem was the

maximum possible permeate flow rate declining significantly over time from 5 L h–1 to 0.3 L h–1

after 17 hours into the semi-continuous operation. This is much lower than the flow rate of 0.76 L

h–1 required to keep the reaction volume below the maximum capacity of the MBR (6 L) at all times

and forced a premature termination of the experiment.

The reduction in the permeate flow rate was most probably due to a combined effect of increasing

cell density and accumulation of other molecules present in the microalgae hydrolysate in the MBR,

causing the formation of a colloid, which is a suspension of microscopically dispersed insoluble par-

ticles. Even though microalgae hydrolysate was filter-sterilized (0.22 µm filter) prior to its use as

a feed medium, further particle precipitation and coagulation were observed in the MBR after the

start of hydrolysate feed. The presence of these particles was confirmed in the samples taken, as

a cloudy translucent supernatant with orange colour was formed even after centrifugation at 20,000

rcf. On the other hand, these particles were not observed in the permeate, which was always a fully

transparent yellow liquid, meaning that the particles could not pass through the membrane unit and

accumulated inside the reactor.

Regarding phosphor elimination in wastewater with FeCl3 as precipitating agent, Takács et al. (2006)

emphasise the complexity of mechanisms playing a role in the conversion of various P and Fe

species, in both soluble and insoluble forms. They state that the stoichiometry of the present Fe

species depends on the wastewater composition and pH. Moreover, they indicate that the formation

of organic side products with Fe3+ and other wastewater components, particularly charged organics

(through ion-pairing and binding), does happen, however, to an unknown extent. This means that a

biomass hydrolysate with high organics content, treated with FeCl3 for phosphor elimination, would

contain many complex molecules causing colloid formation and flocculation by destabilisation and

particle aggregation when these come into contact with a high-density cell culture. The presence of

charged organic species, such as dissolved proteins and peptides, in a biomass hydrolysate makes

this especially likely to happen.

The reduced permeate flow rate would not be so problematic if the sugar concentration in microalgae

hydrolysate was higher or the hydrolysate was later on concentrated by evaporation. For instance,
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with a feeding rate of 1.1 g L–1 h–1 sugars and a sugar concentration of 50 g L–1 in hydrolysate, a

permeate flow rate of only 0.10 L h–1 would be necessary to keep the reaction volume below 2 L

at all times in semi-continuous operational mode. Moreover, such a high sugar concentration would

drop the required flow rate of feed medium by 87% to 33 mL h–1, thus slowing down the accumu-

lation of species causing particle formation inside the reactor. Alternatively, continuous operation

of the MBR with a feeding rate of 1.1 g L–1 h–1 sugars and a sugar concentration of 6.5 g L–1 in

hydrolysate would require a permeate flow rate of merely 0.25 L h–1. Unfortunately, these options

could not be explored in this study due to time restrictions.

Table 8.1: Process parameters, metrics and carbon conversion for yeast oil production in an MBR under
defined conditions or using microalgal biomass hydrolysate (MAH) as feed medium.

Experiment #

IV V Meo et al. (2017)

C/P ratio (Defined medium) (MAH as feed) (MAH as medium)

Batch medium 3515 g g–1 3515 g g–1 4826 g g–1

After inoculation 581 g g–1 499 g g–1 –

Feed medium 3515 g g–1 2044 g g–1 4826 g g–1

Process parameters

MBR scale 1.5 L 1.5 L 3.0 L

Batch phase duration 25.7 h 23.1 h 69.6 h

Semi-continuous phase 16.6 h 17.5 h –

Continuous phase – – 24.0 h

Process metrics

Lipid quota 50.8% 36.6% 53%

STYX+L 0.78 g L–1 h–1 1.71 g L–1 h–1 0.63 g L–1 h–1

STYL 0.40 g L–1 h–1 0.63 g L–1 h–1 0.33 g L–1 h–1

Y(X+L)/S 0.49 g g–1 0.93 g g–1 0.82 g g–1

YL/S 0.25 g g–1 0.34 g g–1 0.43 g g–1

Fraction of carbon converted into

Lipids 46.9% 29.0% –

Lipid-free CDW 27.2% 30.1% –

CO2 and by-products 26.6% 40.9% –

Table 8.1 summarizes the results of high-cell-density yeast oil production in an MBR with P-limitation

using a defined medium as both batch and feeding media (Exp. IV), using microalgal biomass hy-

drolysate as feeding medium (Exp. V), and an experiment by Meo et al. (2017) using a very similar

MBR set-up and microalgae hydrolysate as both batch and feeding media. Values recorded after
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a similar semi-continuous or continuous production time are listed for a better comparison. Using

microalgae hydrolysate as the feed medium, a much higher lipid STY was achieved, although the

lipid quota was by 14.2% lower compared to the use of a defined medium. This is due to more lipid

mass being formed after the same process time despite the lower C/P ratio of the feed medium.

Also, lipid yield (YL/S) was higher, meaning that more lipid mass was generated per amount of sug-

ars consumed. However, a higher fraction of carbon flew into lipid-free CDW and CO2 production,

resulting in a lower carbon conversion efficiency (ηC ) of 29.0%.

The lipid quota achieved in the experiment by Meo et al. (2017) was by 16.4% higher than in this

study, which results from a much higher C/P ratio in the hydrolysate they used. Still, STYs of both

total CDW and lipids were higher in this study. In both experiments, lipid yield was above the theo-

retical maximum calculated by Ratledge (2014) to be approximately 0.33 g g–1 using glucose as the

carbon source. This is due to the presence of other carbon sources in biomass hydrolysate, such

as peptides, which were not considered in the calculation of lipid yield on sugars.

Yeast oil production with C. oleaginosus using various waste streams and hydrolysates as cultivation

medium has been researched at an increasing rate in recent years. Examples of the cultivation me-

dia investigated are whey permeate (Moon et al., 1978), various lignocellulosic hydrolysates such

as corn cob or wastepaper hydrolysates (Gong et al., 2016; Zhou et al., 2019; Di Fidio et al., 2021;

Grubišić et al., 2021, 2022), and algal biomass hydrolysate (Meo et al., 2017; Masri et al., 2017;

Younes et al., 2020). In these studies using a variety of methods to induce lipid production using hy-

drolysates as cultivation medium, maximum values reported for cellular lipid quota were 27.2–59.7%,

for lipid STY 0.02–0.35 g L–1 h–1, and for lipid yield 0.13–0.24 g g–1, except for the study by Meo et

al. (2017) with 0.43 g g–1 lipid yield. In the current study, the lipid quota achieved (36.6%) is rather

on the lower half of the spectrum of reported literature values. On the other hand, lipid productivity

(0.63 g L–1 h–1) and yield (0.34 g g–1) recorded in this study are the highest among all the literature

mentioned above.

8.2. Fatty acid composition of yeast oil

The fatty acid (FA) composition of the C. oleaginosus cells after lipid production under P-depleted

conditions using a defined medium, as well as microalgal biomass hydrolysate, is shown in Table 8.2.

Among all, two FAs stand out as the main constituents of this yeast oil, namely oleic acid and palmitic

acid, with 50–56% and 24–27%, respectively. These are followed by stearic acid and linoleic acid

but with much smaller fractions of around 8–11% and 7%. As anticipated, the FA composition using

microalgae hydrolysate as the feed medium was very similar to that using a defined medium. For

comparison, the compositions of olive and palm oils are presented as well. Even though this yeast

oil consists of primarily oleic acid, its overall FA profile resembles that of palm oil rather than olive oil.

As shown in Figure 8.2, the FA composition of C. oleaginosus changes only marginally over the pro-

cess time with increasing lipid content of yeast cells. The most noticeable changes are the increase

in the oleic acid fraction by 6.6% and the decrease in the palmitic acid fraction by 3.2%.
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Table 8.2: Fatty acid (FA) composition of yeast oil produced with C. oleaginous using phosphor-depleted
medium and microalgae hydrolysate in this study presented together with data from other comparable studies
in the literature and FA profiles of similar plant oils, namely olive oil and palm oil.

Mass fraction in total fatty acids, %

Fatty Acid Trivial Name P-limitation P-depleted MAHa Olive oilb Palm oilb

C14:0 Myristic acid 0.6 0.6 0 1

C16:0 Palmitic acid 23.5 26.6 11.5 43.8

C16:1 Palmitoleic acid 0.7 0.7 1.5 0.5

C18:0 Stearic acid 8.4 11.4 2.5 5

C18:1 (n-9) Oleic acid 56.4 49.9 75.5 39

C18:2 (n-6) Linoleic acid 7.1 6.7 7.5 10

C18:3 (n-3) α-Linolenic acid 0.4 1.0 1.0 0.2

C20:0 Arachidic acid 0.3 0.4 0.5 0.5

C22:0 Behenic acid 0.2 0.6 – –

C24:0 Lignoceric acid 1.4 1.0 – –

C22:6 (n-3) DHA 0.6 0.7 – –

C24:1 (n-9) Nervonic acid 0.0 0.5 – –

Others 0.3 – – –

a MAH stands for microalgae hydrolysate.

b Data taken from Belitz et al. (2008).

Figure 8.2: Change in (A) the amount of certain FAs in the CDW and (B) the fraction of these in the total FA
content of C. oleaginosus cells with respect to the cellular lipid quota.
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Discussion

It is reported in the literature that the exact FA composition of C. oleaginosus oil might vary de-

pending on the carbon and nitrogen sources present in the substrate; however, the differences are

relatively small (Shaigani et al., 2021; Awad et al., 2019; Grubišić et al., 2022; Karayannis et al.,

2023). The FA composition measured for yeast oil produced under P-limited conditions in this study

is in accordance with the literature data (G. Zhang et al., 2011; Meo et al., 2017). Moreover, using

microalgal biomass hydrolysate for yeast oil production under P-limited conditions did not cause a

significant change in the FA composition, as previously reported by Meo et al. (2017).

8.3. Separation of yeast oil

The main focus of this work is the process integration for yeast oil production from CO2; however,

some conventional downstream processing possibilities were also explored to present a concept

covering a complete production process. Solvent extraction was the preferred method for separating

microbial oils from the fermentation broth. For this, various solvents and pre-treatment methods

were tested and compared based on the separation efficiency and the FA composition of the re-

sulting product. Solvents selected for examination were ethyl acetate, n-hexane, and ethanol in

combination with potassium carbonate (K2CO3) to induce or enhance phase separation in water-

solvent mixtures. Additionally, the effects of various pre-treatment methods on solvent extraction of

the yeast oil from actual fermentation broth were investigated in different combinations. These pre-

treatment methods are enzymatic hydrolysis of the yeast cell wall, mechanical disruption of yeast

cells using a high-pressure homogenizer (HPH) and treatment with 1% (v/v) sulfuric acid as demul-

sifier. The procedure for each pre-treatment is described in detail in Section 4.8.

Enzymatic treatment of yeast cells directly at the end of fermentation was carried out to see if cell

disruption and a subsequent release of the intracellular lipids was possible without mechanical cell

disruption methods. For enzymatic disruption of C. oleaginosus cells, commercial enzyme mixtures

listed in Table 4.14 were used. These were selected based on previous work by Masri et al. (2019)

stating the enzyme activities required for enzymatic cell disruption of this yeast strain. It was also

considered that the enzymes should be commercially available in large amounts and cost-efficient

enough to be used on an industrial scale. However, only enzymatic hydrolysis of the yeast cells was

insufficient to release the intracellular lipids since no lipid layer was observed after subsequent cen-

trifugation of the enzymatically treated yeast broth (data not shown). Chemical hydrolysis of yeast

cells was not considered since adding a base or an acid at amounts required for chemical hydrolysis

would also alter the chemical structure of the yeast oil. The addition of large amounts of a base

would cause saponification of lipids, whereas the addition of an acid would generate free FAs by

hydrolysing phospholipids (Khot et al., 2020).

High-pressure homogenization

Disruption of C. oleaginosus cells was performed on a 30 L scale using an industrial HPH. Directly

after a high-cell-density fermentation in the 50 L MBR, yeast broth was concentrated to a volume

of 30 L using the microfiltration unit of the MBR. Subsequently, concentrated yeast broth with a
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CDW content of around 10% and a lipid content of 79% was homogenized for two passes through

the HPH. Already after the first pass, the disintegration degree of the yeast cells reached 87.6%.

Nonetheless, only a slight increase to 89.0% was observed after the second pass; thus, further ho-

mogenization of the yeast broth was omitted.

Changes in the yeast broth during cell disruption by HPH are also visualized using light microscope

images as depicted in Figure 8.3. Initially, yeast cells with intracellular lipid droplets are clearly visi-

ble. After one pass through the HPH, larger and extracellular lipid droplets appeared, indicating the

release of intracellular lipids. Although some intact cells are still present, mostly cell debris is to be

seen. After the second pass, very large extracellular lipid droplets formed, while small amounts of

intact cells were still observed.

Figure 8.3: Light microscope image (50x magnification in bright field) of C. oleaginosus cells after high-
pressure homogenisation to release intracellular lipids. HPH was performed at 900 bar exit pressure with 200
L h–1 flow rate. Yeast broth homogenized contained 96 g L–1 CDW with a lipid content of 79%. A: Initial state
at the end of fermentation; B: yeast broth after 1 pass; C: yeast broth after 2 passes.

Separation by centrifugation

After the disruption of lipid-containing yeast cells by two passes through an industrial HPH, a sample

was taken and centrifuged at 3221 rcf for 10 minutes to evaluate yeast oil separation qualitatively

as illustrated in Figure 8.4. Four phases are visible in the centrifugation tube from bottom to top:

a cell debris sediment, a transparent aqueous phase, an opaque layer presumed to be cell debris

suspended in an emulsion of lipids and aqueous phase, and a clear liquid oil phase.

Various demulsifiers were examined to break the emulsion, forming between the aqueous and oil

phases shown in Figure 8.4 and, thus, to enhance oil separation by centrifugation only. The demulsi-

fiers tested are listed in Table 8.3 grouped according to their solubility in aqueous or oil phases. With

a dosing of 0.1–1.0% (v/v), none of the emulsion breakers examined was effective enough to allow

efficient oil separation by centrifugation (data not shown). Moreover, with sulphuric and hydrochlo-
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ric acid doses above 2% (v/v), unwanted hydrolysis of the yeast biomass was observed through a

strong colour change and reduction of the pellet size. However, the addition of 1.0% (v/v) sulphuric

or hydrochloric acid was determined to improve the phase separation between aqueous and solvent

phases in the subsequent solvent extraction of the yeast oil. Therefore, the addition of 1.0% (v/v)

sulphuric acid as a demulsifier was used as a pretreatment method to enhance phase separation in

the oil extraction using solvents.

Figure 8.4: Image of an oil containing yeast broth centrifuged after cell disruption with HPH. From bottom
to top, the four phases formed were cell debris, aqueous phase, cell debris suspended in emulsion, and oil
phase as indicated in the image. Yeast broth processed contained 96 g L–1 CDW with a lipid content of 79%.

Table 8.3: Demulsifiers tested for breaking the water-oil emulsion of homogenized yeast broth. Sulphuric and
hydrochloric acid were tested with a dosing range of 0.1–10.0% (v/v), while all other demulsifiers were tested
with 0.1–1.0% (v/v) dosing.

Water soluble Water miscible Oil soluble

Polyethylene glycol 600 n-Butanol Renoclean Aktiv DAa

1,2-Propanediol tert-Butanol

Sulphuric acid Ethanol

Hydrochloric acid

Urea

a Product by Fuchs Lubricants GmbH, Mannheim, Germany.

Separation by solvent extraction

Efficient separation of yeast oil from fermentation broth was performed by solvent extraction. The

influence of solvent and pre-treatment methods on extraction efficiency was examined. Solvents

tested for yeast oil extraction were ethyl acetate, n-hexane, and ethanol in combination with potas-

sium carbonate (K2CO3) to induce or enhance phase separation in water-solvent mixtures. Different

pre-treatment methods examined for yeast cell wall disruption were enzymatic hydrolysis and me-
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chanical disruption using HPH. Sulfuric acid was used as a demulsifying agent for better phase

separation in the following solvent extraction. Pre-treatment with 1% (v/v) sulfuric acid was carried

out at 25 °C and 70 °C to determine the effect of pre-treatment temperature on extraction efficiency.

Figure 8.5 depicts the yeast oil extraction efficiency (ηext) achieved and solvent recovery measured

with different pre-treatment methods and solvents, including an elaborate list of methods applied in

each case. With no prior cell disruption but pre-treatment with sulfuric acid at 25 °C, lipid extraction

efficiency using ethyl acetate was 52%. Performing a combination of enzymatic and mechanical cell

disruption methods before acidic treatment and extraction increased extraction efficiency by 18% to

70%. In addition to this modification, increasing the temperature of acidic treatment from 25 °C to

70 °C further increased extraction efficiency by 22% to 92%. Nevertheless, when the exact same

procedure was applied using potassium carbonate to facilitate phase separation instead of centrifu-

gation, extraction efficiency dropped by 45% to 46%. Additionally, excluding only the enzymatic

treatment of the yeast broth prior to mechanical cell disruption from the procedure reduced the ex-

traction efficiency only by 7% to 85%. Thus, enzymatic treatment of the yeast broth was omitted in

further experiments.

Figure 8.5: Solvent extraction of yeast oil using various pre-treatment methods and different solvents. A:
Extraction efficiency (ηext); B: Solvent recovery using a rotary vacuum evaporator.



Process Integration: Yeast Oil Production Using Microalgal Biomass Hydrolysate 143

Examination of different solvents for yeast oil extraction was carried out using the procedure im-

proved in previous experiments. This included mechanical cell disruption with an HPH, pretreatment

with 1% (v/v) sulfuric acid at 70 °C to aid in phase separation, extraction with the corresponding

solvent, phase separation by centrifugation, solvent recovery with a rotary vacuum evaporator, and

finally removal of the remaining solvent in an explosion-proof vacuum drying chamber. Only in the

case of ethanol as an extraction solvent, which is miscible with water, was potassium carbonate

added to allow phase separation, but subsequent centrifugation was still the method of phase sepa-

ration. Using this procedure, lipid extraction efficiencies of 85%, 92% and 49% were achieved using

ethyl acetate, n-hexane and ethanol, respectively. Overall solvent recovery of the extraction step

was over 80% for all solvents used after separation by a rotary vacuum evaporator as described in

Section 4.8, while the highest recovery of 90% was recorded with ethanol.

Figure 8.6: FA composition of microbial oils extracted using various solvents. Relative amounts of FAs in
yeast oil without extraction and in extracts using n-hexane, ethyl acetate and ethanol are given. A: Fractions
of palmitic acid (C16:0), stearic acid (C18:0); oleic acid (C18:1) and linoleic acid (C18:2); B: fractions of
remaining FAs.
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Figure 8.6 shows the FA composition of microbial oils extracted using different solvents. In general,

the extracts obtained with n-hexane and ethyl acetate had very similar compositions, which were

also very close to the original yeast oil, except for lignoceric acid (C24:0). More differences were

noted in the oil extracted using ethanol. Fractions of palmitic acid and oleic acid were very sim-

ilar in all extracted oils. However, the oil extracted using ethanol contained less stearic acid and

more linoleic acid compared to n-hexane and ethyl acetate. Nonetheless, the difference was mild,

with only around 2.5% for both FAs. Fractions of myristic acid (C14:0), palmitoleic acid (C16:1), α-

linolenic acid (C18:3) and nervonic acid (C24:1) were slightly higher in the oil extracted with ethanol,

whereas arachidic acid (C20:0) and DHA (C22:6) portions were lower. Interestingly, no behenic

acid (C22:0) was extracted with ethanol, while lignoceric acid (C24:0) could be extracted only with

ethanol among the examined solvents.

Table 8.4 compares the saturation ratio of yeast oil extracted using different solvents to the original

yeast oil and correlates it with solvent hydrophobicity. The correlation indicates that the fraction of

unsaturated fatty acids (UFAs) in extracted lipids increases with decreasing solvent hydrophobicity,

resulting in a lower saturation ratio.

Table 8.4: Saturation ratio of yeast oils extracted using various solvents (n-hexane, ethyl acetate, ethanol) and
solvent hydrophobicity. The saturation ratio of yeast oil prior to extraction is also given for easier comparison.

Solvent

None n-Hexane Ethyl acetate Ethanol

Saturation ratio (SFA:UFA) 1:1.63 1:1.69 1:1.73 1:1.92

Hydrophobicity (log P)a – 4.11 0.68 –0.30

a Octanol/water partition coefficient for different solvents (Sangster, 1989).

Discussion

Drévillon et al. (2018) investigated the disruption of Yarrowia lipolytica biomass with 15% CDW using

a table-top HPH at an exit pressure of 1500 bar and reported a cell disintegration degree over 50%

already after the first pass, while 80% cell disruption was achieved after six passes. Similarly, in

this study, a very high cell disintegration degree of 88% was measured only after one pass using

an industrial HPH, confirming that high-pressure homogenization is a highly effective method for

disrupting oleaginous yeasts. Further passes increased the cell disintegration only slightly, a phe-

nomenon also reported by Drévillon et al. (2018). Despite the high degree of cell disintegration,

only a small portion of the yeast oil could be separated by subsequent centrifugation. This was

mainly due to the formation of an oil-water emulsion stabilized by fine particles generated during cell

disruption using HPH, which could not be broken adequately by adding various demulsifiers. Only

the addition of hydrochloric or sulphuric acid at a dose of 1.0% (v/v) proved to break the emulsion

slightly, which supports the findings of Fazullin et al. (2022) suggesting that small doses of sulphuric

acid act more effectively as a demulsifier than various commercially available surfactants.
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The highest lipid extraction yield recorded in this study was 92%, achieved by yeast cell disruption

with HPH and pretreatment with 1.0% (v/v) sulphuric acid at 70 °C followed by extraction using

n-hexane. In literature, relatively lower lipid recovery yields around 75–80% were reported using

n-hexane to extract lipids from HPH-treated wet yeast biomass (Kruger et al., 2018; Drévillon et al.,

2018). Kruger et al. (2018) obtained a similar lipid extraction yield of 93% with n-hexane, applying

an acidic pretreatment of the wet yeast biomass with 1% (v/v) sulphuric acid at 170 °C for an hour.

Besides, they indicated that an enzymatic treatment of the yeast broth with a mixture of chitinase,

mannanase, glucanase and protease yielded an extraction efficiency of 70%. The positive influence

of an enzymatic treatment was also confirmed in this work, however, to a smaller extent, since addi-

tional enzymatic treatment of the wet biomass prior to cell disruption with HPH improved extraction

yield with ethyl acetate by 7% to 92%. In comparison, mechanical disruption of yeast cells using

HPH prior to extraction has increased the extraction efficiency by 18%, and thus, was determined

to be a more important factor in achieving high extraction yields. Similarly, Thiru et al. (2011) also

reported that homogenizing the yeast broth using HPH before solvent extraction improved the yield

from 10% to 40–50%.

Using n-hexane and ethyl acetate as solvents, lipid extraction yields over 85% were achieved,

while only less than 50% of the yeast oil could be extracted with ethanol using the same proto-

col. Imatoukene et al. (2020) studied the bead milling assisted lipid extraction from Y. lipolytica dry

biomass and also reported achieving 82% and 85% extraction yield with n-hexane and ethyl ac-

etate, respectively, whereas the yield remained at 42% with ethanol. Therefore, it is concluded that

ethanol, yielding a significantly lower extraction efficiency compared to n-hexane, is an unsuitable

solvent for yeast oil extraction. On the other hand, the extraction performance of ethyl acetate was

determined to be comparable with n-hexane. FA compositions of the lipid extracts obtained using

different solvents were very similar. Interestingly, the fraction of UFAs in the extracts was deter-

mined to grow slightly with increasing solvent polarity (Sangster, 1989). However, this should not be

considered a generally valid phenomenon since there are also findings in literature contrasting this

suggestion (Breil et al., 2016). Lipid extracts consist mainly of free FAs, diacylglycerides (DAGs) and

triacylglycerides (TAGs). Nevertheless, Breil et al. (2016) reported that highly polar solvents such as

isopropanol and ethanol also extracted certain phospholipids from Y. lipolytica biomass, which was

not the case for n-hexane or ethyl acetate, suggesting selectivity in the extraction of phospholipids.

8.4. Overall carbon balance of the integrated process

In this work, conversion of CO2 into microbial oils with the highest efficiency possible is one of the

most important objectives. To draw an accurate mass balance on carbon is the key to calculating

the overall carbon conversion efficiency of the integrated process. Therefore, an elemental analy-

sis of the microalgae biomass, the yeast cells and the yeast oil was performed. Macromolecular

compositions of M. salina and C. oleaginosus biomass were determined using a combination of

measurements and literature values as described in Subsection 4.10.7. Shortly, lipid content was

measured, total protein content was calculated from nitrogen content using a correlation factor, ash

content was assumed according to literature values, and the remaining portion of the biomass was

presumed to be carbohydrates. Overall carbon balance of the integrated process was then calcu-

lated based on this analysis.
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8.4.1. Macromolecular and elemental composition of M. salina

Figure 8.7 illustrates the elemental and macromolecular composition of the microalgae M. salina.

The carbon content of dry M. salina biomass grown under nutrient-replete conditions was measured

to be 53%. The molecular formula of M. salina biomass was determined as CH1.69O0.39N0.17 based

on its elemental composition. Dry M. salina biomass was determined to contain 26% carbohydrates

and 46% proteins, which indicates that around 68% of dry microalgae biomass could be utilized by

yeast in a subsequent fermentation using microalgal biomass hydrolysate.

Figure 8.7: (A) Elemental and (B) macromolecular composition of M. salina biomass grown in nutrient-replete
medium. Measurements and calculations were done as described in Subsection 4.10.7. Ash content was
assumed to be as reported by Schädler et al. (2019).

Discussion

53.0% carbon content of the dry M. salina biomass, as well as its overall elemental composi-

tion, determined in this work are in accordance with the literature values (50–55% C in CDW)

(Schlagermann et al., 2012; Toor et al., 2013). The ash content 10.0% reported by Schädler et

al. (2019), which was used for calculations in this study, is also in the range of 4.2–11.7% reported

for various algae species (Duboc et al., 1999).

In literature, a protein content between 30–60% of the dry biomass has been indicated for various

microalgae species (López et al., 2010; Toor et al., 2013). Toor et al. (2013) measured 35% car-

bohydrates, 13% lipids and 39% protein in the dry M. salina biomass, when the remaining moisture

content is excluded. On the other hand, Schädler et al. (2019) reported 26% carbohydrates, 16%

lipids and 48% proteins in the dry mass of M. salina, which is much closer to the macromolecular

composition determined in this study.
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8.4.2. Macromolecular and elemental composition of C. oleaginosus

Figure 8.8 shows the elemental and macromolecular composition of the oleaginous yeast C. oleagi-

nosus grown under nutrient-replete conditions. The carbon content of dry C. oleaginosus biomass

was measured to be 50%. The molecular formula of C. oleaginosus biomass was calculated to be

CH1.76O0.47N0.16 based on its elemental composition. Dry C. oleaginosus biomass was determined

to contain 15% lipids, 24% carbohydrates and 54% proteins.

Figure 8.8: (A) Elemental and (B) macromolecular composition of C. oleaginosus biomass grown in nutrient-
replete medium. Measurements and calculations were done as described in Subsection 4.10.7. Ash content
was calculated based on data reported by Agboola et al. (2021).

Table 8.5: Elemental composition of the yeast oil and the lipid-free C. oleaginosus cells. The composition of
the lipid-free yeast dry mass was calculated by general mass balancing based on the other two measurements
(dry cells and yeast oil) and the measured lipid content (14%) of the yeast cells.

Mass fraction of the element, %

C H N S P O

Dry yeast cells (14.8% lipids) 50.42 7.44 9.39 0.23 31.62 0.91

Yeast oil 76.21 12.63 0.03 0.00 11.05 0.06

Lipid-free yeast dry mass (calculated) 45.94 6.54 11.01 0.26 35.19 1.06

The elemental composition of the C. oleaginosus cells, as well as that of the yeast oil produced un-

der P-limited conditions, are listed in Table 8.5. The elemental composition of the lipid-free dry yeast

biomass was calculated based on these data considering the 14.8% lipid quota of the biomass.

Based on this elemental analysis data, the molecular formula of the yeast oil was determined to be

CH1.97O0.11, whereas that of the lipid-free dry yeast biomass was CH1.70O0.58N0.21.
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Discussion

The mass fractions of the elements in the dry cell biomass of C. oleaginosus are very similar to

the values reported for various oleaginous yeast strains considering the given cellular lipid content

(Minkevich et al., 2010). Furthermore, the elemental composition of the lipid-free biomass is very

much in conformity with the mass fractions of the elements reported for the oleaginous yeast strain

Rhodosporidium toruloides (C 43.9%, H 6.7%, O 42.6%, and N 6.8% for a lipid content of 1%) by

Zhou et al. (2012). Based on its FA composition, Meo (2016) calculated the molecular formula of C.

oleaginosus yeast oil to be CH1.74O0.10, which is very close to the formula determined in this work,

although the stoichiometric H:C ratio was found to be by 0.23 higher. Duboc et al. (1999) stated the

elemental formula of an average yeast to be CH1.65O0.54N0.14, which is consistent with the formula

determined for C. oleaginosus in this work.

The lipid content of oleaginous microorganisms depends very much on the specific strain and growth

conditions. 14.8% lipid content measured for C. oleaginosus indicates that a slight nutrient limitation

might have started (Morin et al., 2011), although it is still below the oleaginicity mark of 20%. For

various yeast species, an ash content of 3.1–10.1% (Duboc et al., 1999; Agboola et al., 2021) and

a protein content of 40.3–56.3% (Agboola et al., 2021) have been reported, which conform with the

values given for C. oleaginosus dry mass in this study. Nonetheless, no data could be found on the

carbohydrate content of dry yeast mass.

8.4.3. Carbon balance

Figure 8.9: Parameters used to make a carbon balance of the integrated yeast oil production process with
different approaches for the use of synthetic medium and of microalgae hydrolysate as cultivation medium.

After a thorough investigation of each step of the integrated process using microalgae and oleagi-

nous yeast for the production of microbial oils, an overall carbon balance was made combining

CO2 fixation into biomass by microalgae, biomass hydrolysis, and lipid production by yeast. Since

the processes using defined synthetic medium and microalgae hydrolysate as cultivation media for

yeast oil production had different outcomes, two different approaches were adopted for making the

carbon balance as outlined in Figure 8.9. One was considering saccharification efficiency (ηsac) in

the biomass hydrolysis step and carbon conversion efficiency (ηC ) into lipids using the synthetic

medium for yeast cultivation. The other one was considering total hydrolysis efficiency (ηhyd) in the
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biomass hydrolysis step and fed-carbon conversion efficiency (ηC,fed) into lipids using the microal-

gae hydrolysate for yeast cultivation.

ηCO2 , ηsac and ηC are calculated using Equations (4.12), (4.17) and (4.16), respectively. However,

these equations are formulated for the use of a synthetic medium, considering only the solubilization

of sugars for biomass hydrolysis efficiency. Hence, they were modified to allow a complete carbon

balance in the case of actual microalgae hydrolysate used as feed medium. Thus, total hydrolysis ef-

ficiency (ηhyd) of the microalgal biomass, considering all carbon sources present in it, was calculated

as follows:

ηhyd =
xC,MAH · ρMAH

cX · xC,Ms
(8.1)

where xC,MAH is the mass fraction of carbon in microalgae hydrolysate, ρMAH is the density of

microalgae hydrolysate, cX is the CDW concentration of microalgae biomass to be hydrolysed, and

xC,Ms is the mass fraction of carbon in M. salina dry mass. cX was adjusted to 150 g L–1, while

xC,MAH = 2.52% and xC,Ms = 53.0% were determined by elemental analysis as described in Sub-

section 4.10.7. Additionally, ρMAH was measured to be 995.8 g L–1. Thus, a hydrolysis efficiency

(ηhyd) of 32.9% was used in the carbon balancing of the final integrated process instead of saccha-

rification efficiency (ηsac).

Carbon conversion efficiency (ηC ) is defined as the fraction of carbon taken up by the yeast cells,

which is converted into lipids at the end of the process. In the case of defined synthetic medium being

used for yeast oil production, all supplied sugars were taken up by the yeast, therefore mC,out = 0,

and thus, mC,in − mC,out = mC,in held true. However, in the case of microalgae hydrolysate,

although the sugars were used up completely, the permeate still contained some carbon (mC,out 6=
0), which has to be considered in the carbon balance. Thus, in this case, a fed-carbon conversion

efficiency (ηC,fed) was calculated on the basis of total carbon fed into the system for yeast cultivation

as follows:

ηC,fed =
mL · xC,Lipid

mC,in
(8.2a)

mC,in = xC,syn ·msyn + xC,MAH ·mMAH (8.2b)

where msyn is the mass of synthetic medium used in the batch phase of the cultivation, mMAH is

the mass of microalgae hydrolysate fed into the reactor, and xC,syn is the mass fraction of carbon

in the synthetic medium. In this way, it was calculated that using microalgae hydrolysate as feeding

medium, 19.4% of the total carbon fed into the reactor was converted into yeast oil (ηC,fed).

Two different methods were used to calculate the mass of CO2 generated by yeast during yeast oil

production. The first one was using the results of elemental analysis on a general mass balance de-

scribed in Equations (4.13) and (4.14). The other one was using the results of inlet and exhaust gas

analysis to make a molar balance on CO2 as expressed in Equations (3.24) and (4.15). The latter

was used to check the validity of the method making use of mass balance equations. Both methods

were explained in Subsection 4.11.4 in detail. Figure 8.10 depicts a comparison of these different

methods by presenting the ratio of CO2 mass calculated using method A to that using method B.

The ratio of CO2 calculated using method A to using B varied remarkably between experiments,
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with a standard deviation of 17.6%. Although, a mean value of 93.1% implies a good approximation

of total CO2 mass generated using method A, the results of method B (gas analysis data) varied

relatively strongly between individual experiments. Thus, method A was found more suitable for the

calculation of CO2 generated by yeast during yeast oil production.

Figure 8.10: Comparison of two different methods for calculating the mass of CO2 generated by yeast in three
different experiments for yeast oil production in an MBR on a 50 L scale. Plotted is the ratio of (A) total mass
of generated CO2 calculated using the results of elemental analysis on a general mass balance to (B) total
mass of CO2 calculated using the results of inlet and exhaust gas analysis to make a molar balance on CO2.
Mean value is 93.1% with a standard deviation of 17.6%.

Table 8.6 shows the overall carbon balance of the integrated process using microalgae and oleagi-

nous yeast for the production of microbial oils according to three different scenarios. The first sce-

nario (A) is considering the saccharification of the carbohydrates in the microalgae biomass with

an efficiency of 21.0% followed by the conversion of solubilized sugars into yeast oil with a carbon

conversion efficiency (ηC ) of 61.3% as determined for the high-cell-density yeast oil production in

the MBR on a 50 L scale using a defined synthetic medium. This scenario would result in 2.47%

of the carbon entering the system in form of CO2 to be converted into yeast oil. To point out the

significance of the saccharification efficiency (ηsac) on the results, the second scenario (B) assumes

a higher efficiency of 90.0% in the microalgal biomass hydrolysis step. In this way, 10.61% of the

carbon entering the system in form of CO2 would be converted into yeast oil. Finally, the last sce-

nario (C) takes into account the hydrolysis efficiency (ηhyd) with respect to the fraction of carbon

solubilized in the biomass hydrolysis step and the fed-carbon conversion efficiency (ηC,fed) actually

measured for the high-cell-density yeast oil production in the 1.5 L scale MBR using microalgae

hydrolysate as feeding medium. In this case, 6.01% of the carbon entering the system as CO2 is

converted into yeast oil at the end of the process.

Discussion

Elemental analysis of microalgae and yeast cells, as well as the produced yeast oil, enabled accurate

overall mass balance calculations of the integrated process using microalgae and oleaginous yeast

to produce microbial oils. Many studies report on the CO2 fixation efficiency in microalgal lipid

production processes, however, not the carbon conversion efficiency into lipids. Thus, there is no

readily available literature data for comparison. Moreover, this study might be the first one to provide

such an elaborate carbon balance of a microbial oil production process using CO2 as the only carbon
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source. In this study, with the integrated process using microalgae and yeast for single-cell oil (SCO)

production, an overall carbon conversion efficiency of 2.47% was achieved using synthetic medium

and 6.01% using microalgal biomass hydrolysate as feeding medium. Nonetheless, with a higher

efficiency of microalgal biomass hydrolysis, higher overall carbon conversion efficiencies could be

reached.
Table 8.6: Overall carbon balance of the integrated process using microalgae and oleaginous yeast for the
production of microbial oils. Three different scenarios were considered: (A) using synthetic medium with ac-
tual microalgae biomass saccharification efficiency (ηsac); (B) using synthetic medium with a higher theoret-
ical microalgae biomass saccharification efficiency; (C) using microalgae hydrolysate with actual microalgae
biomass hydrolysis efficiency (ηhyd).

Scenario #

(A) (B) (C)

using synthetic
medium

synt. medium
with high ηsac

using MAH

Stream Mass of C in the corresponding stream, g

C in CO2 100.0 100.0 100.0

C fixated in microalgae biomassa 98.0 98.0 98.0

C lost into atmosphere 2.0 2.0 2.0

C solubilized in microalgae hydrolysate 4.0b 17.3c 30.9d

C remaining in microalgal biomass 94.0 80.7 68.1

C converted into yeast oil 2.47e 10.61e 6.01f

C converted into lipid-free yeast biomass 0.46 1.97 6.24

C converted into CO2 and by-products 1.10 4.72 8.48

C remaining in permeate 0.00 0.00 10.18

a Calculated using a CO2 fixation efficiency (ηCO2 ) of 98.0%.

b Calculated using a saccharification efficiency (ηsac) of 21.0%.

c Calculated using a saccharification efficiency (ηsac) of 90.0%.

d Calculated using a hydrolysis efficiency (ηhyd) of 32.9%.

e Calculated using a carbon conversion efficiency (ηC ) of 61.3%.

f Calculated using a fed-carbon conversion efficiency (ηC,fed) of 19.4%.

The carbon fed to the yeast is used for cell growth, lipid production, energy gain by respiration gen-

erating CO2, and by-products. It should be noted, that the carbon remaining after subtracting the

carbon used for yeast biomass and oil production was allocated to CO2 and by-product generation

without further specification. It has been reported, that many oleaginous yeast species produce by-

products, such as polyols, to an extent that is not negligible (Dulermo et al., 2015; Caporusso et al.,

2021). However, the exact composition or amount of these by-products are mostly unknown. Since

other methods to quantify the amount of CO2 generation by yeast, such as gas analysis, were not

consistent enough between different experiments, a further separation of this CO2 and by-products

stream in the carbon mass balance was omitted.
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8.5. Comparison of the integrated process to oil production by mi-

croalgae

In this section, the integrated process utilizing microalgae and yeast for microbial oil production is

compared with the oil production using only microalgae. For this, lipid productivity, overall carbon

conversion efficiency and process costs related to microalgal biomass production are evaluated.

Since microalgal biomass production is the less productive and rate-limiting step in the integrated

process, lipid productivity is calculated with respect to the unit thin-layer cascade (TLC) reactor area

required to produce the corresponding amount of microalgal biomass. Lipid productivity of continu-

ous microalgal oil production with M. salina in a TLC photobioreactor (PBR) was previously reported

by Schädler et al. (2021) to be 1.65 g m–2 d–1 (0.25 g L–1 d–1). For the integrated process, param-

eters used to calculate the lipid productivity per unit TLC reactor area are listed in Table 8.7. As

indicated in the table, some of these values were varied to construct different hypothetical scenarios

to evaluate what could have been achieved theoretically if the parameter value was different. In

scenarios (A, B) using the results achieved with a synthetic yeast cultivation medium on the 50 L

scale, it was assumed that the yeast would utilize only the sugars present in the microalgal biomass

hydrolysate as a carbon source. In scenarios (C, D, E) using the results achieved with microalgae

hydrolysate as yeast cultivation medium on the 1.5 L scale, all carbon sources present in the hy-

drolysate were taken into account in the calculation.

Table 8.7: Parameters used for calculation of lipid productivity per unit thin-layer cascade (TLC) reactor area
for the integrated process using microalgae and yeast for microbial oil production.

Parameter Value

CDW productivity of microalgae 24.1 g m–2 d–1

Mass fraction of C in dry microalgae mass (xC,Ms) 0.53

CDW content of biomass to be hydrolysed 150 g L–1

Microalgal biomass hydrolysis efficiency (ηhyd) 32%a

Fed-C conversion efficiency (ηC,fed) 19%a

Mass fraction of C in yeast oil (xC,Lipid) 0.76

Carbohydrate content of dry microalgae mass (xX,carb) 0.26

Saccharification efficiencyb (ηsac) 21%a

Weighted mass fraction of C in sugars present in microalgae (xC,S) 0.40

C conversion efficiencyb (ηC ) 61%a

a Values varied to construct different scenarios.

b Values used only in scenarios assuming results achieved with synthetic yeast cultivation medium.

Table 8.8 shows the lipid productivity with respect to unit TLC reactor area for microalgal oil produc-

tion, as well as for the integrated process using microalgae and yeast for oil production, considering

different scenarios. Unfortunately, actual lipid productivities achieved in this study (A, C) remain in a
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range of 0.25–1.03 g m–2 d–1, which is lower than the lipid productivity achieved by microalgae only.

Theoretically, higher productivities around 1.81–2.89 g m–2 d–1 could be achieved if a hydrolysis

efficiency of 90% could be realized in the microalgal biomass hydrolysis step (B, D). Furthermore, a

significant gain in lipid productivity would be obtained if the carbon conversion efficiency into yeast

oil using microalgae hydrolysate was increased to 50%, in addition to 90% hydrolysis efficiency (E).

In this case, a lipid productivity of 7.45 g m–2 d–1 would be achieved, which is 4.5 times that of the

lipid productivity achieved by microalgae.

Table 8.8: Productivity comparison of the integrated process using microalgae and yeast for microbial oil
production with microalgal oil production. Lipid productivity is calculated with respect to unit TLC reactor
area required to produce the necessary amount of microalgal biomass. Data presented for microalgal oil
production was previously reported by Schädler et al. (2021). Five different scenarios of the integrated process
were considered by varying saccharification efficiency (ηsac), hydrolysis efficiency (ηhyd), carbon conversion
efficiency (ηC ) and fed-carbon conversion efficiency (ηC,fed).

Scenario
#

Process Lipid productivitya,
g m–2 d–1

Source

M Lipid production with M. salina 1.65 Schädler et al.
(2021)

A Integrated process using synthetic
medium (ηsac = 21%, ηC = 61%)

0.25 This study

B Integrated process using synthetic
medium (ηsac = 90%, ηC = 61%)

1.81 Theoreticalb

C Integrated process using MAH
(ηhyd = 32%, ηC,fed = 19%)

1.03 This study

D Integrated process using MAH
(ηhyd = 90%, ηC,fed = 19%)

2.89 Theoreticalb

E Integrated process using MAH
(ηhyd = 90%, ηC,fed = 50%)

7.45 Theoreticalb

a Lipid productivity per unit TLC reactor area.

b Theoretical values calculated assuming hypothetical ηsac, ηhyd and ηC,fed values.

In a biorefinery using CO2 as the carbon source, converting carbon into microbial oils with the

highest efficiency possible would be one of the most important objectives. The carbon conversion

efficiency of microalgal oil production is calculated based on own measurements and literature data,

assuming 1.65 g m–2 d–1 lipid productivity with 30.3% cellular lipid quota (Schädler et al., 2021), 0.56

mass fraction of carbon in dry microalgae mass with 30.3% cellular lipid quota (calculated based on

elemental analysis), 48.6% CO2 fixation efficiency (corrected for actual C content of dry microalgae

mass) (Schädler et al., 2019), and 0.76 mass fraction of carbon in microalgal oil (Schlagermann et

al., 2012). Overall carbon conversion efficiency of the integrated process for yeast oil production

from microalgal biomass is calculated using the productivities given in Table 8.8 together with 24.1

g m–2 d–1 CDW productivity of microalgae, 0.53 mass fraction of C in dry microalgae mass, 98.0%

CO2 fixation efficiency in microalgae cultivation step, and 0.76 mass fraction of carbon in yeast oil.
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The mass fraction of carbon in CO2 was taken as 0.27 in both cases.

Table 8.9 shows overall carbon conversion efficiency for microalgal oil production and the integrated

oil production process using both microalgae and yeast, considering different scenarios. Using only

microalgae for lipid production, 19.8% of the carbon entering the reactor in the form of CO2 is con-

verted into lipids. Carbon conversion efficiencies achieved in this study (A, C) remain way below

this value with merely 2.5–6.0%. Even with an increase of microalgal biomass hydrolysis efficiency

to 90% (B, D), carbon conversion efficiency achieved would be 10.6–16.9%, which is still below the

efficiency of microalgal lipid production. This comparison shows that only the combined effect of

higher hydrolysis efficiency and higher fed-carbon conversion efficiency in the integrated process

(E) could yield a similar carbon conversion efficiency as in microalgal oil production. However, with

90% hydrolysis efficiency and 50% fed-carbon conversion efficiency, the integrated process could

reach a very high overall carbon conversion efficiency of 43.6%, corresponding to 2.2 times the effi-

ciency achieved by microalgae only.

Table 8.9: Efficiency comparison of the integrated process using microalgae and yeast for microbial oil pro-
duction with microalgal oil production. Overall carbon efficiency is defined as the fraction of carbon initially fed
into the system in form of CO2, which is converted into lipids at the end of the process. Data presented for
microalgal oil production is based on literature (Schädler et al., 2019, 2021). Five different scenarios of the
integrated process were considered by varying saccharification efficiency (ηsac), hydrolysis efficiency (ηhyd),
carbon conversion efficiency (ηC ) and fed-carbon conversion efficiency (ηC,fed).

Scenario
#

Process Overall C
efficiencya, -

Source

M Lipid production with M. salina 19.8% Schädler et al.
(2021)

A Integrated process using synthetic
medium (ηsac = 21%, ηC = 61%)

2.5% This study

B Integrated process using synthetic
medium (ηsac = 90%, ηC = 61%)

10.6% Theoreticalb

C Integrated process using MAH
(ηhyd = 32%, ηC,fed = 19%)

6.0% This study

D Integrated process using MAH
(ηhyd = 90%, ηC,fed = 19%)

16.9% Theoreticalb

E Integrated process using MAH
(ηhyd = 90%, ηC,fed = 50%)

43.6% Theoreticalb

a Fraction of carbon initially fed into the system as CO2, which is converted into lipids.

b Theoretical values calculated assuming hypothetical ηsac, ηhyd and ηC,fed values.

In spite of extensive research on lipid production with microalgae, microalgal oils are still not con-

sidered profitable for industrial production of low-value-added products due to their lack of cost

competitiveness in the current oil market. Hence, cost reduction is an important aspect of the in-

tegrated process using both microalgae and yeasts for microbial oil production. An analysis of the
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overall costs of this integrated process is not performed in this work since the process was only

demonstrated to be feasible but not improved enough to reflect the actual cost of production in an

industrial-scale process. Nonetheless, a comparison of the costs pertaining to microalgae cultiva-

tion is made between the integrated process and the use of only microalgae for lipid production.

Schädler (2020) has previously determined the cost of microalgal biomass production with M. salina

in autonomous industrial-scale open TLC PBRs. The plant was presumed to operate under cli-

mate conditions similar to that of southern Spain in summer. The autonomous production concept

considered that CO2 would be captured directly from the air, that the water supply would be either

seawater or freshwater generated from it by reverse osmosis, and that the required energy would

be produced on-site using a photovoltaic system. Microalgal biomass harvest via a dynamic settler

with spiral plate technology was also included in the production costs, whereas oil extraction was not

considered. In this way, the production cost per dry mass of M. salina grown under N limitation was

calculated by Schädler (2020) to be 1.77 C per kg CDW. On the other hand, the cost of biomass

production without any nutrient limitation was determined as 0.37 C per kg CDW. Not included in

these are the cost of labour and the capital costs of land, equipment and infrastructure.

To estimate the cost of microalgal biomass production per lipid mass produced, the amount of lipids

produced per microalgae CDW generated was calculated for all cases. For microalgal lipid produc-

tion, a cellular lipid quota of 30.3% was assumed (Schädler et al., 2021). On the other hand, for the

integrated process, yeast oil produced per unit microalgae CDW was calculated by dividing the lipid

productivity per TLC reactor area (see Tab. 8.8) by a microalgal CDW productivity of 24.1 g m–2 d–1.

Table 8.10 compares costs related to microalgal biomass production between microalgal oil produc-

tion and the integrated process using both microalgae and yeast for yeast oil production. It should be

emphasized that these values represent only the cost of microalgal biomass production per mass

of lipids produced in the overall process, not considering the cost of biomass hydrolysis or yeast

cultivation. By this calculation, the cost of microalgal lipids produced in a TLC PBR as described by

(Schädler et al., 2021) would be 5.84 C kg–1 lipids. For all scenarios, lipids produced per microalgae

biomass in the integrated process are either below or only similar to that in the microalgae process,

but not higher. However, some of these scenarios (B, D, E) still suggest a reduction of microalgae-

cultivation-related costs per lipid mass produced. Comparing Table 8.10 with Table 8.8 makes it

more apparent that there is a lower limit of lipid productivity per unit TLC reactor area, above which

the microalgae-cultivation-related costs per lipid mass produced are lower than in the microalgal

lipid production. Using a backwards calculation method, this lipid productivity limit is determined to

be 1.51 g m–2 d–1 for the integrated process, corresponding to 6.3 g lipids produced per 100 g of

microalgae dry weight (DW). The cost of microalgal biomass production calculated for the integrated

process with actual values achieved in this study (A, C) fall much higher (8.58–20.84 C kg–1 lipids)

than the 5.84 C kg–1 lipids achieved using microalgae only for lipid production. However, increasing

the biomass hydrolysis efficiency in the integrated process to 90% (B, D) reduces these costs signif-

icantly to 3.05–4.86 C kg–1 lipids. Moreover, assuming a fed-carbon conversion efficiency (ηC,fed)

of 50% (E) reduces these costs further to 1.18 C kg–1 lipids.
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Table 8.10: Cost comparison of the integrated process using microalgae and yeast for microbial oil production
with microalgal oil production. Only the costs related to microalgal biomass production per mass of lipids
produced are evaluated, not considering the cost of biomass hydrolysis or yeast cultivation. The cost of
labour and the capital costs of land, equipment and infrastructure were excluded as well. In the case of
the integrated process, yeast oil produced per microalgal biomass generated is taken into account. Data
presented for microalgal oil production, as well as data on the cost of microalgal biomass production without
nutrient limitation, are based on literature (Schädler, 2020; Schädler et al., 2021). Five different scenarios
of the integrated process were considered by varying saccharification efficiency (ηsac), hydrolysis efficiency
(ηhyd), carbon conversion efficiency (ηC ) and fed-carbon conversion efficiency (ηC,fed).

Scenario
#

Process Lipids/MAa,
g g–1 CDW

Cost of MAb,
C kg–1 lipids

Source

M Lipid production with M. salina 30.3% 5.84 Schädler
(2020)

A Integrated process using synthetic
medium (ηsac = 21%, ηC = 61%)

1.8% 20.84 This study

B Integrated process using synthetic
medium (ηsac = 90%, ηC = 61%)

7.5% 4.86 Theoreticalc

C Integrated process using MAH
(ηhyd = 32%, ηC,fed = 19%)

4.3% 8.58 This study

D Integrated process using MAH
(ηhyd = 90%, ηC,fed = 19%)

12.0% 3.05 Theoreticalc

E Integrated process using MAH
(ηhyd = 90%, ηC,fed = 50%)

30.9% 1.18 Theoreticalc

a Mass of lipids produced per dry mass of microalgae generated in a TLC reactor.

b Cost of microalgal biomass production per unit mass of lipids produced.

c Theoretical values calculated assuming hypothetical ηsac, ηhyd and ηC,fed values.

Discussion

Production of microbial oils from CO2 using microalgae and oleaginous yeast in an integrated pro-

cess was compared with lipid production using only microalgae in terms of lipid productivity, overall

carbon conversion efficiency and process costs related to microalgal biomass production. The lipid

productivity achieved using microalgae hydrolysate as feeding medium for yeast cultivation was 1.03

g m–2 d–1, which is lower than the productivity of microalgal lipid production. Similarly, the overall

carbon conversion efficiency into lipids was determined to be 6.0% in the integrated process, which

is by 13.8% lower than with microalgae only. Moreover, a cost analysis regarding only the cost of

microalgae cultivation per mass of lipids produced, indicated a cost increase by 2.74 C kg–1 lipids

to 8.58 C kg–1 lipids compared to lipid production with microalgae, although the remaining costs

of microalgal biomass hydrolysis and yeast cultivation were not even included into the calculation.

Thus, at its current state, production of microbial oils using microalgae and oleaginous yeast in an

integrated process is less profitable than microalgal lipid production itself, with no prospects of be-

coming an industrially applicable process.
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The primary aim of this study was to demonstrate the feasibility of the integrated process using mi-

croalgae and oleaginous yeast. Since it was obvious, that the current state of the process would

not be profitable, different scenarios were constructed to evaluate the theoretical outcomes possi-

ble using reasonable hypothetical values for some key process parameters, namely the microalgal

biomass hydrolysis efficiency and the carbon conversion efficiency of the yeast cultivation step. In

the scenario, with an increase of biomass hydrolysis efficiency from 32% to 90% and of carbon

conversion efficiency by yeast from 19% to 50%, all the performance indicators were improved sig-

nificantly. In this case, a lipid productivity of 7.45 g m–2 d–1 would be achieved, which is 4.52 times

of that reported for microalgal lipid production. Moreover, an overall carbon conversion efficiency of

43.6% and a microalgal biomass production cost of 1.18 C kg–1 lipids would be attained. Only in this

scenario, the total cost of microbial oils produced with the integrated process could be lower than

that of the microalgal oils, considering the remaining process costs related to microalgal biomass

hydrolysis and yeast cultivation.

A biomass hydrolysis efficiency of 90% and a carbon conversion efficiency of 50% in the yeast cul-

tivation are reasonably estimated values for an optimized future process. Improving the hydrolysis

efficiency is unlikely with M. salina cells grown in nutrient-replete medium, as discussed in Sub-

section 7.3.2. Nevertheless, saccharification yields in a range of 47–90% have been reported in

literature (Demuez et al., 2015). Thus, other microalgae strains that are richer in carbohydrate con-

tent and easier to disrupt than M. salina, such as the members of Porphyridium and Scenedesmus

genera (González-Fernández & Ballesteros, 2012; Kröger et al., 2018), could be used for a more

efficient production of microalgal biomass hydrolysate.

On the other hand, there are multiple ways to achieve a higher carbon conversion efficiency of the

yeast cultivation step. First of all, the C/P ratio of the microalgal biomass could be set higher than

the 2044 g g–1 realized in this study, for instance by concentrating the microalgae hydrolysate using

an evaporator prior to phosphate precipitation, as discussed in Section 7.4. Secondly, yeast cultiva-

tion in the MBR could be performed for a longer duration than merely 17.5 hours in semi-continuous

mode, as discussed in Section 8.1. In the end, it was possible to achieve up to 61.3% carbon con-

version efficiency with yeast cultivated using synthetic medium in a 50 L scale MBR with a C/P ratio

of 3515 g g–1 and a process duration of 9 days. It should also be noted, that a higher hydroly-

sis efficiency, resulting in a higher sugar concentration in the hydrolysate, would already contribute

to a higher C/P ratio and a longer process duration in the MBR by reducing the dilution rate required.

Market price of microbial oils are estimated to be around 0.5–3.1 $ kg–1 for microalgal oil (Chisti,

2007; He et al., 2016) and 1.6–7.0 $ kg–1 for yeast oil (Masri et al., 2019; Koutinas et al., 2014;

Bonatsos et al., 2020; Gallego-García et al., 2022). Rerop et al. (2023) have recently reported a

price of 2.9–4.0 $ kg–1 for yeast oil produced with C. oleaginosus using a lignocellulosic hydrolysate

as substrate, which is in the price range for organic palm oil. Moreover, Karamerou et al. (2021)

pointed out hypothetical ways to further reduce the costs of large-scale yeast oil production down

to 0.81 $ kg–1 using techno-economic modelling. The cost of yeast oil produced using microalgae

and oleaginous yeast in an integrated process, as suggested in this study, could fall into this price

range after future optimization. By all means, it should be noted, that the cost calculation for mi-
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croalgal biomass production by Schädler (2020), used in this study, was made for an autonomous

plant concept with its own integrated CO2 and fresh water production facilities. In most literature

sources estimating relatively low production costs, much cheaper or free of charge CO2 sources, as

well as wastewater treatment options for cheap nutrient and water supply, are considered. Since the

costs predicted by Schädler (2020) are at least double the expected microalgal oil price reported in

literature, it can be assumed that the cost of microalgae cultivation in the integrated process would

actually be lower than half of the predicted value, corresponding to around 0.6 C kg–1 for the best

case scenario. Yeast oil cost of the integrated process could be further reduced, for instance, if

extraction of other valuable products from the microalgal biomass prior to enzymatic hydrolysis, the

use of residual biomass for anaerobic biogas production, or recycling of nutrients and CO2 from the

waste streams generated within the process would be considered in the cost calculation.
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9. Summary and Outlook

Microbial oil production from CO2 using microalgae has been researched intensively in recent years.

Still, high production costs resulting from low lipid productivity prevent microalgae processes to be-

come sufficiently competitive for the production of low-value-added products. This study suggests

an alternative pathway for the production of microbial oils from CO2, utilizing microalgae and oleagi-

nous yeasts in an integrated process, combining the best features of microalgae as CO2 capturers

and oleaginous yeasts as microbial oil producers.

Marine microalgae can fixate CO2 into their biomass with an efficiency of up to 90% using sunlight

(Schädler et al., 2019). Lipid production in microalgae, like in other oleaginous microorganisms, is

induced by the limitation of an essential nutrient such as nitrogen or phosphorus in the presence

of a carbon source in excess. It has been previously shown that microalgae growing fast without

any nutrient limitation achieve a much higher areal productivity than lipid production under growth-

limiting conditions (Schädler et al., 2019). Therefore, it is reasonable to utilize microalgae only for

the fast and efficient CO2 fixation instead of for lipid production. Microalgae biomass generated in

this way can then be hydrolysed and used as a cultivation medium for oleaginous yeasts to produce

microbial oils with high productivity. The primary aim of this study was to demonstrate the feasibility

of this integrated process for the first time and determine the most important aspects for process

scale-up and optimization.

Cultivation systems for microalgae can be grouped into two, as open and closed photobioreactors

(PBRs). While the microalgae suspension in open PBRs is in direct contact with the atmosphere, the

culture in closed reactors is completely separated from its surroundings. Although closed cultivation

systems offer advantages such as better control of the growth conditions and protection from exter-

nal contamination, their high complexity and poor scalability make the installation and operation of

closed PBRs too expensive for the industrial production of high-value-added products (Zittelli et al.,

2013). Hence, the general assumption is that only simple open cultivation systems can economically

produce microalgae biomass as a raw material for the industry. For this reason, an open PBR type

was chosen for microalgal biomass production in this work.

Production of microalgal biomass requires large areas due to the dependence of biomass growth

on sunlight, which makes high areal productivity crucial for the profitability of any open microalgae

cultivation system. Apel et al. (2017) applied a new type of scalable open thin-layer cascade (TLC)

PBR to investigate microalgal growth under physical simulation of suitable climate zones. The first

objective of this study was to determine the necessary conditions to achieve high biomass produc-

tivities and >90% CO2 fixation efficiency of microalgal biomass production in a TLC reactor on a pilot

scale (50 m2) under realistic climate conditions. Moreover, a suitable mode of operation with high

efficiency was to be determined for continuous biomass production.

One of the main challenges of using open PBRs for microalgae cultivation is the risk of contamina-

tion by other microorganisms (Ratledge & Wynn, 2020). Thus, it is essential to reduce this risk by

applying extreme cultivation conditions that are unfavourable for potential contaminants. The marine
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microalgae Microchloropsis salina is known to achieve relatively high growth rates of 0.03 h–1 with a

salinity optimum at 35 ppt and a pH optimum of 7.5–8.0 (Boussiba et al., 1987). Microalgae cultiva-

tion under these conditions significantly reduces the amount of contaminants in an open culture. The

high salinity of the algae culture also makes it possible to use seawater as the cultivation medium,

which reduces freshwater consumption. Moreover, multiple studies have shown that M. salina is well

suited for biomass production in open TLC PBRs (Apel et al., 2017; Pfaffinger et al., 2019; Schädler

et al., 2019, 2021). Therefore, M. salina was used for microalgal biomass production in this work.

In order to be used as a substrate for oil production by oleaginous yeasts, microalgal biomass had

to be first hydrolysed to make the carbon sources present in the biomass available for uptake by the

yeast. M. salina biomass grown under nutrient-replete conditions has around 25% (w/w) carbohy-

drates and 50% (w/w) proteins (Schädler et al., 2019), which corresponds to around 50 g L–1 sugar

concentration in a hydrolysate produced using biomass with a cell dry weight (CDW) concentration

of 250 g L-1 (Meo et al., 2017). Such a low concentration of the carbon source is very diluted in

comparison to synthetic media used in industrial processes. Therefore, a dynamic settler with spiral

plate technology was employed for biomass harvest and dewatering to get a whole-cell microalgae

paste with the highest biomass density possible.

Marine microalgae have rather complex and structurally stable cell walls, which are hard to disrupt

both mechanically and chemically (Spiden et al., 2013; Scholz et al., 2014; Hernández et al., 2015).

Besides, microalgae grown in nutrient-replete medium can build even stronger cell walls than those

grown in nutrient-limited medium (Jeong et al., 2017). Therefore, a combination of different cell

disruption and biomass hydrolysis methods, including various mechanical, chemical and enzymatic

methods, were examined in this study. For process scalability, commercially available enzyme mix-

tures were preferred for biomass hydrolysis. Lipid accumulation by oleaginous yeasts is induced

by the deficiency of a nutrient required for growth, accompanied by an excess of carbon sources in

the medium. Phosphate elimination using precipitating agents, such as FeCl3, is an uncomplicated

and cheap option to create nutrient-depleted conditions applicable on an industrially relevant scale

(Sabelfeld & Geißen, 2011). Hence, in this study, limiting the phosphorus source was the preferred

method for induction of lipid production by oleaginous yeasts, which requires very low phosphorus

concentrations below 100 mg per litre depending on the carbon content of the substrate (G. Zhang

et al., 2011; Meo et al., 2017).

Using a diluted substrate as a cultivation medium means relatively low product concentrations in the

final product stream, resulting in higher costs in downstream processing. A membrane bioreactor

(MBR) is very suitable for carrying out high-cell-density yeast cultivation with a diluted medium at low

sugar concentrations. In this way, the residence time of the yeast cells in the bioreactor is decoupled

from that of the medium, enabling the feeding of large amounts of substrate solution without diluting

the yeast suspension inside the bioreactor. In this study, an MBR with a cross-flow microfiltration

module in a bypass was employed with total cell retention to get the most out of the lipid-producing

yeast cells after the activation of oleaginous metabolism. The objective of the MBR operation was

to achieve high volumetric lipid productivity with the yeast while keeping the carbon conversion yield

into microbial oils as high as possible. Also, while using an MBR, an accumulation of sugars in
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the reaction medium would mean the loss of valuable carbon sources in the permeate stream. In

order to prevent that, a dilution rate that is sufficiently low to keep the sugar concentration as low

as possible while still supplying adequate substrate to achieve high lipid productivity was determined.

Since its first isolation from cheese plant floors and drains, Cutaneotrichosporon oleaginosus has

been noted as an oleaginous yeast with high potential due to its ability to utilize a vast spectrum

of substrates as carbon source and accumulate over 70% of its CDW as lipids (Moon et al., 1978;

Yaguchi, Rives, & Blenner, 2017). This yeast strain not only displays high tolerance against growth

inhibitors (Bracharz, Beukhout, et al., 2017; Yu et al., 2011, 2014; Yaguchi, Robinson, et al., 2017)

but also can co-utilize various substrates and grow in variable and harsh conditions found in wastew-

ater streams. These remarkable features contribute to the general opinion that C. oleaginosus has

great potential in the valorization of wastes and residues. Moreover, previous studies had already

demonstrated it possible to utilize lipid-extracted and enzymatically hydrolysed microalgae biomass

with C. oleaginosus on a laboratory scale (Younes et al., 2020; Meo et al., 2017). Therefore, C.

oleaginosus was selected for oil production in this study, considering the variety of carbon sources

and possible inhibitory substances present in microalgal biomass hydrolysate.

Some conventional downstream processing possibilities were also explored in this study to cover

a complete production process. Solvent extraction was preferred for separating microbial oils from

fermentation broth, since this method is already commonly used in the oil industry. Hence, various

solvents and pre-treatment methods were tested and compared based on the separation efficiency

and the fatty acid (FA) composition of the resulting extract. Furthermore, a very detailed overall car-

bon balance of the integrated lipid production process was worked out making use of an elemental

analysis of all the intermediate and final products. A final comparison of the microbial oil produc-

tion using microalgae and oleaginous yeasts in an integrated process with oil production using only

microalgae was made to show potential improvements to the microalgal lipid production. This com-

parison took into account productivity, carbon conversion efficiency and production costs of the two

processes. Finally, the most important aspects to be considered for future process optimization were

pointed out.

The first objective in this study was to maximize the biomass productivity and CO2 fixation efficiency

of the microalgal biomass production. To this end, production of microalgal biomass with M. salina

was examined applying different modes of operation in open TLC PBRs with 8 m2 surface area.

In batch mode, maximum integral areal productivity of microalgal biomass ranged between 17–19

g m–2 d–1. Thereupon, semi-continuous and continuous modes of operation were investigated,

to determine, if higher productivities than in batch mode can be achieved in this way. Besides,

continuous production is essential for any process if industrial applicability is of concern. In both

semi-continuous and continuous modi, highest productivities were reached at similar CDW densities

of 21.0–22.2 g L–1 (Fig. 9.1 1A). Maximum values of mean daily areal productivity recorded for long

term operation up to 30 days were very similar around 27.0 g m–2 d–1 in both cases. There was,

however, a noticeable difference in the mean CO2 fixation efficiency achieved, which was 100% and

88% for continuous and semi-continuous processes on the 8 m2 scale, respectively. Hence, continu-

ous operation was determined to be more suitable for high efficiency microalgal biomass production
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than semi-continuous operation, allowing 100% CO2 fixation efficiency (Fig. 9.1 1C).

For process optimization, the influence of various other parameters, namely pH, total alkalinity and

nutrient feed rate, on the process performance was studied. Biomass productivity and CO2 fixation

efficiency were regarded as the key performance indicators. Variation of the pH in a range of pH

7.5–8.5 showed that pH 8.5 was optimal. Besides, keeping the total alkalinity (TA) between 4–8

mM by continuous addition of urea containing medium and concentrated sulphuric acid allowed very

high CO2 fixation efficiencies up to 100% in continuous mode. Medium feed rate was determined to

affect first the biomass productivity, and then, above a certain value, improve the CO2 fixation effi-

ciency at constant productivity. However, there is an upper limit of feed concentration, above which

the microalgal growth is affected negatively (Schädler et al., 2019). In this study, for a CDW density

of 20–25 g L–1, a nutrient feed rate of 2.5–3.5× the nutrient concentration in the artificial seawater

(ASW) medium per day was determined to be ideal for semi-continuous operation, whereas continu-

ous operation required a higher nutrient feed rate of 3.0–4.5× the nutrient concentration in the ASW

medium.

After determining the optimal operational conditions, microalgal biomass production was success-

fully scaled up using a pilot-scale TLC reactor with 50 m2 surface area. On the pilot scale, slightly

lower cell densities were achieved in continuous operation at a steady state using the same dilution

rate as on the 8 m2 scale. This resulted in a modest drop of maximal biomass productivity to 22.1

g m–2 d–1. However, the most remarkable difference was observed in the CO2 fixation efficiency,

which was 66% at its maximum. This was hypothesized to result from the lower volume-specific gas

exchange area between the CO2 supply hoses and the microalgae suspension compared to the 8

m2 scale, causing an impaired CO2 transfer into the liquid phase. However, modifications made to

the gas supply system to increase the gas exchange surface area from 0.21 m–1 to 0.45 m–1 had no

success at improving the CO2 fixation efficiency. Eventually, this was the only problematic aspect of

the process scale-up, which requires further research.

For efficient production of microalgal biomass in TLC PBRs, an automated switch-off of the circu-

lation pumps overnight was implemented on a 50 m2 scale, reducing both the energy requirement

for circulation and the fresh water consumption by 40%. Moreover, biomass productivity was not af-

fected by this modification. Although a 24% drop of CO2 fixation efficiency was observed, this could

probably be avoided by better mixing of the microalgae suspension in retention tanks overnight us-

ing pressurized air supply, which demands further investigation.

For continuous biomass harvest and dewatering in a single step, a dynamic settler with spiral plate

technology was evaluated. With a concentration factor of 15, the final solids content of the har-

vested microalgal biomass paste was around 30%. In spite of a very high separation efficiency, the

biomass recovery was 85%, mainly due to the complete draining of the microalgae suspension in-

side the centrifuge drum before each solids discharge step. This could be circumvented by directing

the discharged algae suspension back into the feed tank. In this way, a higher biomass recovery

efficiency around 95–99% could be achieved as reported in literature (Fasaei et al., 2018).
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Figure 9.1: Summary of the main results achieved in this work. (1) Continuous microalgal biomass production
with M. salina in a TLC PBR on a 8 m2 scale with a dilution rate of 0.15 d-1. 1A: CDW concentration; 1B:
integral areal productivity; 1C: CO2 fixation efficiency. (2) Cell disruption and hydrolysis of M. salina biomass
on the 30-200 L scales. 2A: Mechanical cell disruption of microalgal biomass with a solids content of 15%
(w/w) using an industrial HPH; 2B: biomass hydrolysis efficiency after enzymatic treatment with commercially
available cellulase and mannanase enzyme mixtures. (3) Lipid production with C. oleaginosus using a dilute
substrate under phosphorus limitation (C/P ratio = 3515 g g-1) in an MBR on a 50 L scale in triplicate. 3A:
Lipid content of the yeast biomass; 3B: conversion efficiency of the substrate carbon into yeast oil.
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One of the main objectives in this study was to maximize the lipid productivity and carbon conversion

efficiency of the yeast oil production step. First, the effect of different C/P ratios in the batch medium

were examined for lipid production with C. oleaginous in fed-batch mode on a 3 L scale. Additionally,

the substrate feeding rate was adjusted to reduce the sugar concentration in the reaction medium

as much as possible, while keeping the space-time-yield (STY) as high as possible. A C/P ratio of

3515 g g–1 in both batch and feed media and a sugar feeding rate of 1.1 g L–1 h–1 were determined

to be optimal. In this way, a lipid STY of 0.19–0.27 g L–1 h–1 and a carbon conversion efficiency of

44–50% were achieved.

High-cell-density cultivation of C. oleaginous was performed in an MBR with total cell retention, first

on a 1.5 L and subsequently on a 50 L scale, using a dilute substrate with 50 g L–1 sugars. This

sugar concentration was anticipated assuming a CDW concentration of 250 g L–1 in the microalgae

biomass to be hydrolysed and a carbohydrate saccharification efficiency around 80% based on lit-

erature (Schädler et al., 2019; Meo et al., 2017). Since the unsupervised operation of the 50 L scale

MBR was not possible, a semi-continuous operational mode was applied. In the semi-continuous

mode of operation, the feed was supplied into the MBR continuously with a constant rate, whereas

filtering out of the used up medium from the reactor was done only for eight hours during the day.

This method entails a constant change in liquid volume inside the reactor in a preset range. How-

ever, it also reduces the time of microfiltration per process time so that the energy consumption

associated with medium filtration is reduced by two-thirds compared to a fully continuous operation.

In this way, a lipid STY of 0.30 g L–1 h–1 and a carbon conversion efficiency of 46% were achieved

on the 1.5 L scale.

Scale-up of the high-cell-density yeast cultivation to the MBR on a 50 L scale, as well as two re-

productions, were performed successfully, reaching up to 0.37 g L–1 h–1 lipid STY, 79% cellular lipid

quota, 0.32 g g–1 lipid yield and 61% carbon conversion efficiency (Fig. 9.1 3A and 3B). The STY

achieved using MBRs was limited mainly by the conservative choice of feed flow rate, which was

kept relatively low to prevent loss of sugars through the permeate stream. Nonetheless, process

performance was even better on the 50 L scale than on the 1.5 L scale, probably because of the

lower shear stress applied on the yeast cells due to pumping at lower flow rates through the filtration

module on the 50 L scale. Moreover, to the best of my knowledge, 79% lipid content reported in this

study is the highest reported so far with C. oleaginosus using P limitation.

Microalgae cells were hydrolysed to solubilize the carbon fixated in biomass, enabling its uptake by

the yeast. Since sugars are the main carbon source utilized by oleaginous yeasts for oil production,

saccharification efficiency of the carbohydrates present in microalgal biomass was used to measure

hydrolysis performance. To keep the sugar concentration in the resulting hydrolysate as high as pos-

sible, high cell densities from 10% to 25% were used in the microalgae biomass to be hydrolysed.

First, direct enzymatic hydrolysis of M. salina biomass without prior cell disruption was investigated

using a mixture of commercially available enzymes, however without success, yielding only 6–8%

saccharification efficiency. Chemical cell disruption by autoclaving at pH 3.5 and 121 °C for 20 min-

utes was successful, yielding a saccharification efficiency of 13% already before and 27–32% after

a subsequent enzymatic hydrolysis. Nevertheless, chemical hydrolysis required the addition of large
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amounts of acid and base to adjust the pH, and hence was accompanied by a high increase in salt

concentrations, which would affect the yeast growth negatively, when the hydrolysate is used as

substrate for yeast cultivation. For this reason, mechanical disruption of the M. salina cells prior to

enzymatic hydrolysis was investigated.

Mechanical disruption of dense M. salina biomass was performed using ultrasonication, bead milling

and high-pressure homogenization (HPH). These methods were selected specifically for their effec-

tiveness with microalgae (Günerken et al., 2015) and applicability in continuous processes on an

industrial scale (Chmiel, 2018). Among these methods, milling with 2 mm steel beads using a mixer

mill yielded the highest cell disruption efficiencies for all cell densities examined on a 10–200 mL

scale. For comparison, at a cell density of 15%, microalgal cell disintegration reached 90% after

40 minutes by bead-milling, whereas only 70% was achieved by ultrasonication at 20 kHz after 90

minutes and 75% by HPH at 3000 bar after 10 passes. On the other hand, the industrial HPH used

for microalgal cell disruption on a 200 L scale, performed much better than the table-top one, achiev-

ing 80% cell disintegration degree already after three passes at 1000 bar, reaching a maximum of

86% after four passes (Fig. 9.1 2A). It was however not possible to use the industrial HPH with cell

densities above 15%, since this resulted in a significant increase in viscosity, exceeding the limit

allowed for this equipment, as verified by an examination of the rheology of microalgal biomass at

different densities.

Following the mechanical disruption of microalgae cells, a parameter study was carried out to im-

prove the efficiency of enzymatic hydrolysis of the disrupted microalgae cells. Autoclaving and pro-

teolysis prior to enzymatic hydrolysis were determined to have no effect on the final saccharification

efficiency, and were therefore omitted. Hence, inhibition of contaminant growth during enzymatic hy-

drolysis was ensured using antibiotics instead of heat sterilization. Thereupon, various compositions

of the enzyme mixture used are tested for maximal saccharification efficiency. The best performing

enzyme mixture on the millilitre scale was 10% Rohament® CEP (Cellulase) and 2% Rohalase®

GMP (Mannanase) reaching a saccharification efficiency of 30%. Nonetheless, on the 200 L scale,

the same procedure of mechanical cell disruption followed by enzymatic hydrolysis yielded only

23% saccharification efficiency (Fig. 9.1 2B). Based on elemental analysis, this was determined to

correspond to 32% hydrolysis efficiency, meaning 32% of the carbon fixated in microalgal biomass

was solubilized by enzymatic hydrolysis (Fig. 9.1 2B). The resulting hydrolysate contained 8.1 g L–1

sugars with a composition of 66% glucose, 14% mannose, 19% galactose, 1% rhamnose and trace

amounts of xylose.

Phosphorus elimination from the microalgae hydrolysate was accomplished by the addition of a pre-

cipitating agent, namely FeCl3. Preliminary experiments using a phosphate buffer showed that very

low phosphate concentrations down to 1 mg L–1 can be obtained using a Fe:P stoichiometric ratio

of 2:1 at pH 4.5–5.5, corresponding to a phosphate depletion by 99.4%. Since the initial phosphate

concentration in the microalgae hydrolysate was much higher than anticipated, ranging from 3.75 g

L–1 to 6.51 g L–1, a multi-step precipitation procedure of the hydrolysate was developed to reduce

the amount of FeCl3 required. Nonetheless, the effectiveness of phosphate precipitation was much

lower and variable when applied on the microalgae hydrolysate, resulting in a final phosphate con-
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centration of 19–36 mg L–1. This reduction in the efficacy of the phosphate precipitation procedure

used is most probably due to the high organic matter content of the microalgae hydrolysate, causing

formation of a variety of unwanted side products with iron (Takács et al., 2006).

Microalgae hydrolysate produced on a 200 L scale had a low sugar concentration of 8.1 g L–1, but

a relatively high total carbon concentration of 25.44 g L–1. With a phosphate concentration of 36

mg L–1, corresponding to 12 mg L–1 phosphorus, C/P ratio of the microalgae hydrolysate was 2044

g g–1 based on its total carbon content. However, it is unclear how much of the carbon sources

other than sugars, such as peptides, are actually used by oleaginous yeasts during oil production.

C/P ratio of the hydrolysate based on its sugar concentration was as low as 275 g g–1, which en-

tails a failure at inducing oleaginous metabolism of the yeast sufficiently to achieve high lipid yields

using this hydrolysate as substrate. Obviously, achieving a higher saccharification efficiency of the

microalgal biomass, yielding a higher sugar concentration in the hydrolysate, would automatically

increase the C/P ratio. However, in case that is not possible, another strategy to increase the sugar

concentration, and consequently the C/P ratio, would be concentrating the biomass hydrolysate prior

to phosphate precipitation, for instance using a thin-film evaporator.

Figure 9.1 summarizes the results achieved before integrating the individual process steps. Origi-

nally, it was intended to carry out the process integration on a large scale using the MBR with a 50 L

working volume. However, the unexpectedly low saccharification efficiency in the biomass hydrolysis

step, resulting in an extremely low sugar concentration in the hydrolysate, did not allow yeast oil pro-

duction with microalgae hydrolysate as substrate using the MBR on the 50 L scale. High-cell-density

yeast cultivation performed using a defined synthetic medium on the 50 L scale required around 250

L of feed medium for a single experiment with nine days of semi-continuous operation. A sugar con-

centration of 8.1 g L–1 in the feed medium, instead of the expected 50 g L–1, increased the required

feed amount to 1543 L. Therefore, process integration was carried out using the 1.5 L scale MBR. A

defined synthetic medium with 50 g L–1 sugars was used as the batch medium to keep the biomass

density and cellular metabolism at the beginning of the semi-continuous production phase the same

as in the reference experiment, allowing a better performance comparison of the two processes.

High-cell-density yeast cultivation in an MBR with total cell retention on a 1.5 L scale using mi-

croalgae hydrolysate as the feed medium accomplished 0.63 g L–1 h–1 lipid STY, 37% cellular lipid

quota, 0.34 g g–1 lipid yield and 29% carbon conversion efficiency. Due to technical problems arising

from using biomass hydrolysate as the feed medium, the semi-continuous operation lasted only 17.5

hours. After that, the experiment had to be terminated prematurely. The biggest problem when using

microalgae hydrolysate as the feed medium was the maximum possible permeate flow rate declining

significantly over time from 5 L h–1 to 0.3 L h–1 after 17 hours into the semi-continuous operation.

This is much lower than the flow rate of 0.76 L h–1 required to keep the reaction volume below the

maximum capacity of the MBR (6 L) at all times. This was attributed mainly to the formation and ac-

cumulation of colloids inside the reactor caused by high organic matter content and iron-containing

by-products of the phosphate precipitation step remaining in the hydrolysate. Although the lipid yield

was much higher than the 0.25 g g–1 achieved using a synthetic medium, the lipid quota after the

same process time was by 14% lower due to the lipid-free biomass generation being much higher, by
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0.7 g L–1 h–1 to be precise. This was mainly because of the combined effect of a lower C/P ratio and

the high protein (i.e. polypeptide) content of the microalgae hydrolysate. The higher biomass den-

sity also contributed to the reduced permeate flow rate through the filter module, forcing an abrupt

termination of the process.

To give an idea about its possible uses in the industry, the FA composition of the yeast oil pro-

duced with C. oleaginosus under P-limited conditions was determined. Among all FAs, oleic acid

and palmitic acid stood out as the main constituents of this yeast oil with 50–56% and 24–27%, re-

spectively. These two were followed by stearic acid and linoleic acid but with much smaller fractions

of around 8–11% and 7%. As anticipated based on literature, the FA composition using microalgae

hydrolysate as feeding medium was very similar to that using a defined medium (Meo et al., 2017).

Furthermore, FA composition of C. oleaginosus oil changed only marginally over the process time

with increasing cellular lipid content of yeast cells. All in all, overall FA profile of this yeast oil resem-

bles that of palm oil.

For separation of the yeast oil produced in this way, an efficient solvent extraction procedure was

devised. This included mechanical cell disruption with a HPH, pretreatment of the homogenized

yeast broth with 1% (v/v) sulfuric acid at 70 °C to aid in phase separation, extraction with a solvent

using a solvent:broth volumetric ratio of 2:1, phase separation by centrifugation, solvent recovery

with a rotary vacuum evaporator, and finally, removal of the solvent remains in an explosion-proof

vacuum drying chamber. This procedure was applied using three different solvents to evaluate their

suitability by extraction efficiency. Using ethyl acetate, n-hexane and ethanol, lipid extraction effi-

ciencies of 85%, 92% and 49% were achieved, respectively. These values are in conformity with

the extraction yields reported for the corresponding solvents in literature (Imatoukene et al., 2020;

Kruger et al., 2018). Moreover, in all cases, more than 80% of the solvent could be recovered after

evaporation. The FA composition of the extracts using different solvents were very similar to each

other, with only a slight difference in the FA saturation ratio due to differing hydrophobicity of the sol-

vents. Eventually, ethyl acetate and n-hexane were determined to be suitable for yeast oil extraction,

with the selection being dependent on process requirements and the end use of the oil, whereas

ethanol proved to be unsuitable yielding a much lower extraction efficiency.

To draw an accurate mass balance on carbon is the key to calculating the overall carbon conversion

efficiency of the integrated process. Therefore, an elemental analysis of the microalgae biomass,

the yeast cells and the yeast oil was performed. In addition, macromolecular compositions of the

M. salina and C. oleaginosus biomasses produced were determined. An overall carbon balance of

the integrated process revealed a very low carbon conversion efficiency with the current state of the

process (Fig. 9.2). Even though a very high CO2 fixation efficiency of 98% was presumed in the

microalgae cultivation step, only 31% of the initial carbon could be solubilized by enzymatic hydrol-

ysis of the microalgal biomass due to low hydrolysis efficiency. Hence, using microalgal biomass

hydrolysate as feed medium for the yeast cultivation, only 6% of the initial carbon could be con-

verted into yeast oil, while 8% was converted back into CO2 and 10% left the system unused in

the permeate stream. The most important factors causing such a low overall carbon conversion

efficiency in the integrated process were determined to be the low biomass hydrolysis efficiency and
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the low carbon conversion efficiency during yeast cultivation with biomass hydrolysate, the latter

caused by the high phosphorus concentration in the hydrolysate. Figure 9.2 illustrates the process

flowchart showing the equipment used for the scale-up of each process step, as well as the carbon

flow throughout the integrated process.

The immediate results might seem very unfavourable at first glance. However, it should be noted

that the primary aim of this study was to demonstrate, for the first time, the feasibility of an inte-

grated process using microalgae grown without nutrient limitation and oleaginous yeasts to produce

microbial oils from CO2. The insights gained in this study by thoroughly investigating each process

step and their integration are very valuable for further process optimization. By implementing the

process modifications suggested in this work, it would be possible to improve the key figures of the

integrated process sufficiently to turn it into a promising technology. This was verified by a compari-

son between the integrated process investigated in this study and microbial oil production using only

microalgae, to explore under which conditions the integrated process would pose an improvement

to the microalgal oil production.

Figure 9.2: Process flow and carbon conversion of the microbial oil production from CO2 using microalgae
and oleaginous yeasts in an integrated process showing the equipment used in each step. A: Open TLC
photobioreactor on a 50 m2 scale used for microalgae cultivation; B: industrial high-pressure homogenizer
used for microalgal cell disruption; C: MBR with total cell retention on a 50 L scale used for yeast cultivation.

For the performance comparison of the integrated process to microalgal lipid production, lipid pro-

ductivity, overall carbon conversion efficiency and process costs related to microalgal biomass pro-
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duction are evaluated. The data presented for the microalgal lipid production, as well as the cost

of microalgal biomass production, are based on literature studying lipid production with M. salina

grown in TLC PBR under the same conditions (Schädler, 2020; Schädler et al., 2021), considering

autonomous industrial-scale open TLC PBRs for calculating the biomass production costs. Since

microalgal biomass production is the less productive and rate-limiting step in the integrated pro-

cess, lipid productivity is calculated with respect to unit TLC reactor area required to produce the

corresponding amount of microalgal biomass. Different scenarios were constructed to evaluate the

theoretical outcomes possible using reasonable hypothetical values for some key process parame-

ters. As mentioned above, biomass hydrolysis efficiency and the carbon conversion efficiency during

yeast cultivation were determined to have a significant impact on the current process performance,

and thus, were varied in this analysis.

The integrated process utilizing microalgae and yeasts as realized in this study yielded 1.03 g m–2

d–1 lipid productivity per TLC reactor area, an overall carbon conversion efficiency of 6.0% and

microalgal biomass production costs of 8.58 C kg–1 lipids. With the current state of the process,

all of these performance indicators turned out to be worse than in the microalgal lipid production.

Nevertheless, assuming a microalgal biomass hydrolysis efficiency of 90% and a carbon conversion

efficiency of 50% in the yeast cultivation step provided much better prospects for the integrated pro-

cess. This hypothetical scenario yielded 7.45 g m–2 d–1 lipid productivity per TLC reactor area, an

overall carbon conversion efficiency of 43.6% and microalgal biomass production costs of 1.18 C

kg–1 lipids, performing much better than the microalgal lipid production in all aspects. These results

imply that the integrated process could, theoretically, exhibit both higher productivity and carbon

conversion efficiency if improved as suggested, and pose a reasonable alternative to the lipid pro-

duction using only microalgae.

Outlook

Since the hydrolysis efficiency of the microalgal biomass was determined to have the most sig-

nificant impact on the current process performance, future work for process optimization should

focus primarily on enhancing the saccharification efficiency of biomass hydrolysis. Improving the

carbohydrate saccharification yield for high-density M. salina biomass by addition of other commer-

cially available enzymes with various activities, such as chitinase or laminarinase, might be possible

(Gerken et al., 2013; Horst et al., 2012). Still, the prospects of success at improving the enzymatic

hydrolysis efficiency seem to be low with M. salina cells grown in nutrient-replete medium, since

these are harder to disrupt and hydrolyse than the M. salina cells grown under nutrient limitation

(Klassen et al., 2015; Jeong et al., 2017). Applying nutrient limitation on the microalgae culture, on

the other hand, would reduce biomass productivity. Alternatively, other microalgae strains that are

richer in carbohydrates and easier to disrupt than M. salina, such as the members of Porphyridium

and Scenedesmus genera (González-Fernández & Ballesteros, 2012; Kröger et al., 2018), could be

used for a more efficient production of microalgal biomass hydrolysate.

Carbon conversion efficiency in the yeast cultivation step was determined to have the second most

significant impact on the process performance and should, therefore, also be the focus for process
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improvement. There are multiple ways to achieve a higher carbon conversion efficiency in the yeast

cultivation step. First of all, the C/P ratio of the microalgal biomass could be set higher than the

2044 g g–1 realized in this study, by concentrating the microalgae hydrolysate by evaporation, for

instance, using a thin-film evaporator, prior to phosphate precipitation. The increased sugar concen-

tration would then allow a higher C/P ratio at the same phosphate level of around 25 mg L–1 after

phosphate precipitation. Secondly, yeast cultivation in the MBR could be performed longer than

merely 17.5 hours in semi-continuous mode. In the end, it was possible to achieve up to 61.3% car-

bon conversion efficiency with yeast cultivated using synthetic medium in a 50 L scale MBR with a

C/P ratio of 3515 g g–1 and a process duration of 9 days. It should also be noted that a higher hydrol-

ysis efficiency, resulting in a higher sugar concentration in the hydrolysate, would already contribute

to a higher C/P ratio and a longer process duration in the MBR by reducing the dilution rate required.

The only technical problem in utilizing biomass hydrolysate as a cultivation medium in an MBR was

the reduced permeate flow rate, which prevented a long enough process duration for high-efficiency

carbon conversion into yeast oil. In order to circumvent the problems caused by a reduced permeate

flow rate, a higher sugar concentration in the hydrolysate would be required. For instance, with a

sugar concentration of 50 g L–1 in hydrolysate, a permeate flow rate of only 0.10 L h–1 would be

necessary to keep the reaction volume below 2 L at all times in semi-continuous operational mode.

Moreover, such a high sugar concentration would reduce the required flow rate of feed medium by

87% to 33 mL h–1, thus slowing down the accumulation of species causing particle formation inside

the reactor. Alternatively, continuous operation of the MBR could be considered. With a sugar con-

centration of 8.1 g L–1 in hydrolysate, a permeate flow rate of merely 0.20 L h–1 would be required

in continuous mode.

An essential step towards making the integrated process more efficient and reducing the production

costs of the yeast oil would be recycling unused product streams within the process. For instance,

CO2 produced in yeast cultivation could be captured and reused in microalgae cultivation. The sea-

water separated at the harvest and dewatering of the microalgae biomass could also be recycled

as microalgae cultivation medium. It could also be possible to extract the phosphorus from the

FePO4 precipitated for phosphorus elimination and recycle it as a nutrient for microalgae cultivation.

Moreover, the microalgal biomass residue that cannot be further hydrolysed enzymatically could be

combusted to generate heat energy for use within the process, used for anaerobic biogas produc-

tion, or converted into biochar by pyrolysis.

Finally, further possibilities to increase the cost-effectiveness of microbial oil production using both

microalgae and yeasts in an integrated process should be explored, considering higher value cre-

ation and new environmental protection regulations. As suggested in many techno-economic anal-

yses regarding microalgae cultivation, much cheaper or free of charge CO2 sources from industrial

waste streams and exhaust gases, as well as wastewater treatment options for cheap nutrient and

water supply, should definitely be considered. Extracting some high-value-added products from the

microalgal biomass prior to enzymatic hydrolysis, for instance, specific polyunsaturated fatty acids

such as docosahexaenoic acid (Ratledge & Wynn, 2020), as well as various pigments, antioxidants

and vitamins, is also a reasonable option to increase the profitability of the overall process.
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List of Abbreviations and Symbols

Abbreviation Meaning

2-PG 2-Phosphoglycolate

ACL ATP:citrate lyase

AD Adenosine Deaminase

AMP Adenosine monophosphate

ASW Artificial seawater

ATP Adenosine triphosphate

A/V ratio Area to volume ratio

CBB cycle Calvin Benson Bassham cycle

CDW Cell dry weight

CER Carbon emission rate

CMP Cytidine monophosphate

CoA Coenzyme A

C/P ratio Mass ratio of carbon to phosphorus

DAG Diacylglycerol

DCD Degree of cell disruption

DHA Docosahexaenoic acid

DIC Dissolved inorganic carbon

DW Dry weight

EDTA Ethylenediaminetetraacetic acid

F640–780 Fluorescence in the wavelength range of 640–780 nm

FA Fatty acid

FAME Fatty acid methyl ester

FAS Fatty acid synthase

FC Flow cytometry

FI Flame ionization detector

FSC Forward-scattered light

G3P 3-Phosphoglycerate

GC Gas chromatography

GC-FID Gas chromatograph with a flame ionization detector

GMP Guanosine monophosphate

HPH High-pressure homogenizer

ICDH Isocitrate dehydrogenase

IMP Inosine monophosphate

LED Light-emitting diode

MA Microalgae

MAH Microalgae hydrolysate

MBR Membrane bioreactor

Continued on the next page.
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Abbreviation Meaning

MDH Malate dehydrogenase

ME Malic enzyme

NADPH Nicotinamide adenine dinucleotide phosphate

NMP Nucleoside monophosphate

OD600 Optical density at 600 nm

OTR Oxygen transfer rate

OUR Oxygen uptake rate

PA Phosphatidate

PAR Photosynthetically active radiation

PBR Photobioreactor

PBS Phosphate-buffered saline

PFD Photon flux density

Pi Inorganic phosphate

PL Phospholipid

pO2 dissolved oxygen level

PPFD Photosynthetic photon flux density

PUFA Polyunsaturated fatty acid

RNA Ribonucleic acid

RQ Respiratory quotient

RuBisCO Ribulose-1,5-bisphosphat-carboxylase

RuBP Ribulose-1,5-bisphosphate

SCO Single-cell oil

SFA Saturated fatty acid

SPV Sulfo-phospho-vanillin

STR Stirred-tank reactor

STY Space-time-yield

TA Total alkalinity

TAG Triacylglycerol

TLC Thin-layer cascade

TMP Trans membrane pressure

TUM Technical University of Munich

UFA Unsaturated fatty acid

UMP Uridine monophosphate

YPD Yeast-peptone-dextrose
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Symbol Unit Meaning

A m2 Surface area

α – Reflux ratio

CF – Ratio of nutrient concentration in the feed medium to that in

the ASW medium

cglucose g L–1 Glucose concentration

ci g L–1 Concentration of species i

ci,in g L–1 Concentration of species i at the inlet stream

ci,out g L–1 Concentration of species i at the outlet stream

cL g L–1 Lipid concentration

cL,ext g L–1 Lipid concentration of yeast suspension used for extraction

cmannose g L–1 Mannose concentration

cnutrient,ASW g L–1 Nutrient concentration in the ASW medium

cO2 g L–1 Concentration of oxygen dissolved in reaction medium

c∗O2 g L–1 Saturation concentration of oxygen in reaction medium

cP g L–1 Product concentration

cP,in g L–1 Product concentration at the inlet stream

cP,out g L–1 Product concentration at the outlet stream

cS g L–1 Substrate concentration

cS,0 g L–1 Initial substrate concentration

cS,feed g L–1 Substrate concentration of the feed medium

cS,in g L–1 Substrate concentration at the inlet stream

cS,out g L–1 Substrate concentration at the outlet stream

cS,t g L–1 Substrate concentration at process time t

cX g L–1 Cell dry weight concentration

cX,0 g L–1 Initial cell dry weight concentration

cX,in g L–1 Concentration of cell dry weight at the inlet stream

cX,out g L–1 Concentration of cell dry weight at the outlet stream

CER mol L–1 h–1 Carbon emission rate

D h–1 or d–1 Dilution rate

Dmax h–1 Dilution rate at which a wash-out of the cells from the reactor

occurs

DCD – Degree of cell disruption

ε L g–1 cm–1 Specific extinction coefficient

γ̇ s–1 Shear rate

ηCO2 – Carbon dioxide fixation efficiency

ηC – Carbon conversion efficiency based on C uptake

ηC,fed – Carbon conversion efficiency based on C fed into the reactor

ηext – Lipid extraction efficiency

ηhyd – Hydrolysis efficiency based on carbon solubilization

ηsac – Saccharification efficiency

Continued on the next page.
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Symbol Unit Meaning

F – Ratio of nutrient feed per reaction volume to nutrient concen-

tration in the ASW medium

icells – Incidence count of intact cells with FC

idebris – Incidence count of cell debris with FC

I µmol m–2 s–1 Light transmitted over the layer thickness

I∗ µmol m–2 s–1 Mean integral PFD

I0 µmol m–2 s–1 Incident photon flux density

kLa h–1 Volumetric gas transfer coefficient of oxygen

KS g L–1 Saturation constant in Monod equation

KSP µmol m–2 s–1 Saturation constant for photon flux density

KI – Inhibition constant

KIP µmol m–2 s–1 Photoinhibition constant

l cm Thickness of the optical path

mC,in g Mass of carbon added into the reactor

mCDW g Mass of CDW produced

mC,CO2 g Mass of carbon mass exiting the system in form of CO2

mCO2 g Mass of carbon dioxide supplied into the reactor

ṁCO2 g h–1 Mass flow rate of carbon dioxide supplied into the reactor

mi g Mass of species i

mCDW,0 g Cell dry weight measured at process start

mCDW,t g Cell dry weight measured at time t

˙mCO2 g h–1 Mass flow rate of CO2

mL g Mass of lipids produced

mL,0 g Initial mass of lipids produced

mL,t g Mass of lipids produced at process time t

mL,ext g Mass of lipids extracted

mMAH g Mass of microalgae hydrolysate added into the reactor for

yeast cultivation

mnutrient,in g Mass of nutrients fed to the reactor

mS,in g Mass of substrate added into the reactor

mS,R g Mass of remaining unused substrate

mS,up g Mass of substrate taken up

mS,up,t g Mass of substrate taken up at process time t

msyn g Mass of synthetic medium added into the reactor for yeast cul-

tivation

mP g Mass of product generated

mP,0 g Initial mass of product generated

mP,t g Mass of product generated at process time t

mUrea g Mass of urea supplied into the reactor

mUrea,t g Total mass of urea supplied into the reactor at process time t

Continued on the next page.
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Symbol Unit Meaning

mV it,in g Mass of vitamins added into the reactor

mX g Mass of lipid-free biomass produced

mX,0 g Initial mass of lipid-free biomass produced

MCO2 g mol–1 Molar mass of CO2

µ Pa s Dynamic viscosity

µ h–1 Growth rate

µmax h–1 Cell specific maximum growth rate

µset h–1 Setpoint for a constant growth rate

nCO2,in mol Molar flow rate of CO2 at the inlet stream

nCO2,out mol Molar flow rate of CO2 at the outlet stream

nN2,in mol Molar flow rate of N2 at the inlet stream

nN2,out mol Molar flow rate of N2 at the outlet stream

nO2 mol Molar amount of O2

nO2,in mol Molar flow rate of O2 at the inlet stream

nO2,out mol Molar flow rate of O2 at the outlet stream

OTR g L–1 h–1 Oxygen transfer rate

OUR g L–1 h–1 Oxygen uptake rate

P atm Absolute pressure

PA g m–2 d–1 Areal productivity

Pin bar Pressure at the inlet stream

Pout bar Pressure at the outlet stream

Pperm bar Pressure at the permeate stream

PV g L–1 h–1 Volumetric productivity

φ – Sensitivity factor

QS g L–1 h–1 Sugar feed rate based on initial fermentation volume

qP g g–1 h–1 Cell specific product formation rate

qS g g–1 h–1 Cell specific substrate uptake rate

qS,µ g g–1 h–1 Rate of cell specific substrate uptake for growth

qS,m g g–1 h–1 Rate of cell specific substrate uptake for maintenance

qS,P g g–1 h–1 Rate of cell specific substrate uptake for product formation

r m radius

rfeed g L–1 d–1 Nutrient feed rate

rfeed,ave g L–1 d–1 Average nutrient feed rate

ri g L–1 h–1 Formation rate of species i

rS g L–1 h–1 Substrate uptake rate

rP g L–1 h–1 Product formation rate

rX g L–1 h–1 Biomass production rate

R L atm mol–1 K–1 Ideal gas constant

Rrest g Remaining carbon mass presumed to be oxidized by respira-

tion in the carbon balance equation

Continued on the next page.
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Symbol Unit Meaning

Re – Reynold’s number

RQ – Respiratory quotient

ρ g L–1 Fluid density

ρMAH g L–1 Density of microalgal biomass hydrolysate

STYi g L–1 h–1 Space-time-yield of species i

STYL g L–1 h–1 Space-time-yield of lipids

STYX+L g L–1 h–1 Space-time-yield of lipid-containing biomass

T K Temperature

t h or d Process time

t0 h Process starting time (e.g. inoculation time)

TMP bar Trans membrane pressure

τ h Hydraulic residence time

τ Pa Shear stress

V L Volume

V̇ L h–1 Volumetric flow rate in and out of the reactor when V̇in = V̇out

Vext L Volume of yeast suspension used for extraction

V̇in L h–1 Volumetric flow rate of the inlet stream

V̇in,filter L h–1 Volumetric flow rate of feed into the filter module

V̇g,in L h–1 Volumetric flow rate of the gas inlet stream

V̇out L h–1 Volumetric flow rate of the outlet stream

V̇out,perm L h–1 Volumetric flow rate of permeate outlet stream

V̇out,ret L h–1 Volumetric flow rate of retentate outlet stream

V̇g,out L h–1 Volumetric flow rate of the gas outlet stream

VR L Liquid volume inside the reactor

VR,0 L Initial liquid volume inside the reactor

V̇reflux L h–1 Volumetric flow rate of retentate fed back to the reactor

YCO2,in – Molar fraction of CO2 in the inlet gas stream

YCO2,out – Molar fraction of CO2 in the outlet gas stream

YLS g g–1 Lipid yield

YN2,in – Molar fraction of N2 in the inlet gas stream

YN2,out – Molar fraction of N2 in the outlet gas stream

YO2,in – Molar fraction of O2 in the inlet gas stream

YO2,out – Molar fraction of O2 in the outlet gas stream

YPS g g–1 Product selectivity

YPX g g–1 Specific productivity

Y(X+L)/S g g–1 Lipid-containing biomass yield coefficient

YXO2 g g–1 Biomass yield coefficient of oxygen

YXS g g–1 Lipid-free biomass yield

YXS,µ g g–1 Biomass yield coefficient

xC g g–1 Mass fraction of carbon in a molecule or material

Continued on the next page.
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Symbol Unit Meaning

xC,CO2 g g–1 Mass fraction of carbon in CO2

xC,Lipid g g–1 Mass fraction of carbon in yeast lipids

xC,MAH g g–1 Mass fraction of carbon in microalgal biomass hydrolysate

xC,Ms g g–1 Mass fraction of carbon in dry microalgae mass

xC,S g g–1 Overall carbon fraction of the added sugars

xC,syn g g–1 Mass fraction of carbon in synthetic medium used for yeast

cultivation

xC,Urea g g–1 Mass fraction of carbon in urea

xC,V it g g–1 Carbon fraction of the added vitamins

xcarb,glucose g g–1 Glucose mass fraction in the carbohydrates of the microalgae

xcarb,mannose g g–1 Mannose mass fraction in the carbohydrates of the microalgae

xX,carb g g–1 Carbohydrate fraction of dry microalgae mass
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A. Appendices

A.1. Equipment Used

Table A.1: Components of thin-layer cascade photobioreactors.

Component Product and Manufacturer

Aluminium frame Aluminium profile 80x80E/L, Alvarís, Germany

Centrifugal pump Ventaix, Germany

CO2 mass flow controller red-y smart, Voegtlin, Switzerland

CO2 supply hose Solvocarb® and Solvox® B, Linde, Germany

Flow meter MIK, Kobold, Germany

Frequency inverter Movitrac® LTE-B, SEW Eurodrive, Germany

Level sensor LFFS, Baumer, Germany

Magnetic valve Type 52, Gemü, Germany

pH/temperatur probe tecLine 201020/51-18-04-18-120, Jumo, Germany

pH transmitter ecoTrans pH 03, Jumo, Germany

Pond liner PE pond liner 320 g m–2, Daedler, Germany

Process control system LabView 2017, National Instruments, USA

Pumping tubes Rauspiraflex Liquitec, REHAU, Germany

Tanks and channels PE-HD 10 mm, Rauch, Germany

Three-way valve PVC-Welt, Germany

USB DAQ System U6, Labjack, USA

Wire mesh PS3030KFE, 30/3 mm, Mutanox, Germany

Table A.2: Components of stirred-tank and membrane bioreactors on a litre scale.

Component Product and Manufacturer

Air filter Acro® 50 (0.2 µm), Cytiva, USA

Ball valve Minibinox®, Effebi, Italy

Control software IrisNT Pro Balance v5, Infors AG, Switzerland

DO probe InPro6800, Mettler Toledo, USA

Microfiltration module CFP-2-E-4A, Cytiva, USA

Stirred-tank reactor Labfors 2, Infors HT, Switzerland

Peristaltic feed pump PD 5001, Heidolph, Germany

Peristaltic permeate pump BVP Easy-Load, Ismatec, Germany

Peristaltic circulation pump BVP Easy-Load II, Ismatec, Germany

pH probe 405-DPAS-SC-K8S/425, Mettler Toledo, USA

Pressure gauge Type 233.50, WIKA, Germany
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Table A.3: Equipment used in TUM-AlgaeTec Center.

Equipment Product and Manufacturer

Alkalinity analyser HI755 Checker HC, Hanna Instruments, USA

Analytical balance New Classic MS104S, Mettler Toledo, USA

Diaphragm vacuum pump LABOPORT® N938.50 KN18, KNF Group Int., Germany

Drying cabinet UF450, Memmert, Germany

Dynamic settler Evodos 10, Evodos, Netherlands

Dynamic settler Evodos 50A, Evodos, Netherlands

Harvest tank Type TR 5/L white PE, Aricon, Germany

Medium tank Type TR 5/L black PE, Aricon, Germany

Micropipettes 20 µL to 10 mL Transferpette®, Brand, Germany

Microscope Eclipse E200 Nikon, Germany

Peristaltic pump 120U/DM3, Watson Marlow, Germany

Peristaltic pump 530DuN, Watson Marlow, Germany

pH meter HandyLab 100, SI Analytics, Germany

Refractometer HI96822, Hanna Instruments, USA

Spectral radiometer Flame-T Ocean Optics Inc., USA

Spectrophotometer Genesys 10S UV-Vis, Thermo Fisher Scientific, USA

Tabletop centrifuge Espresso, Thermo Fisher Scientific, USA

Tabletop scale ML6002T, Mettler Toledo, USA

Thermometer HI98509, Hanna Instruments, USA

Vortex mixer Vortex-Genie 2 G560 E, Scientific Industries Inc., USA

Table A.4: Equipment used in TUM Pilot Plant for Industrial Biotechnology.

Equipment Product and Manufacturer

Control software BioSCADALab, Bioengineering, Switzerland

Cross-flow microfiltration unit Clearflow MF X 01, Heinrich Frings, Germany

Exhaust gas analyser BCP-CO2 & BCP-O2, BlueSens, Germany

High-pressure homogenizer Ariete NS3015H, GEA Group, Germany

Incubation shaker innova 44, Eppendorf, Germany

Medium vessel 200 L sterile vessel, Rütten, Germany

Magnetic stirrer MR Hei-Standard, Heidolph, Germany

Microfilter Crystar 41-61-3.0 FT250, Saint-Gobain, France

Stirred-tank reactor LP75L, Bioengineering, Switzerland
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Table A.5: Equipment used at the Chair of Biochemical Engineering and Werner Siemens-Chair of Synthetic
Biotechnology at TUM.

Equipment Product and Manufacturer

Analytical balance XA 204, Mettler Toledo, USA

Autoclave VX-150, Systec, Germany

Centrifuge ROTIXA 50 RS, Hettich, Germany

Flow cytometer CytoFLEX V0-B3-R1, Beckman Coulter, USA

GC-FID GC-2010 Plus, Shimadzu, Japan

GC column FAMEWAX, Restek, Germany

High-pressure homogenizer HPL6, Maximator, Germany

Incubation shaker Multitron, Infors HT, Switzerland

Lyophilizer Alpha 1-2 LD plus, Martin Christ, Germany

Magnetic stirrer MR Hei-Standard, Heidolph, Germany

Micropipettes 10 µL to 10 mL Transferpette®, Brand, Germany

Microplate reader Infinite® M200 Pro, Tecan, Germany

Microplate reader software Magellan™ V6.6, Tecan, Germany

Microscope Axiolab, Carl Zeiss, Germany

Mixer mill MM 400, Retsch, Germany

pH meter Five Easy pH/mV, Mettler Toledo, USA

Rotary vacuum evaporator Hei-VAP Expert, Heidolph, Germany

Ultrasonic homogenizer Sonopuls, Bandelin, Germany

Stirred-tank reactor Labfors 5, Infors HT, Switzerland

Tabletop centrifuge Mikro 220, Hettich, Germany

Thermomixer basic, CellMedia, Germany

Vortex mixer Vortex-Genie 2 G560 E, Scientific Industries Inc., USA

A.2. Materials Used

Table A.6: Materials used for analysis and experiments.

Material Product and Manufacturer

Acetate assay Acetic acid Assay Kit, R-Biopharm, Germany

Ammonia assay Ammonia Assay Kit, R-Biopharm, Germany

Cellulase mix Cellic® CTec3 HS, Novozymes, Denmark

Cellulase mix Rohament® CEP, AB Enzymes, Germany

Galactose assay Lactose/D-Galactose Assay Kit, R-Biopharm, Germany

Glass beads 1.04015 (3 mm Ø), Sigma-Aldrich, USA

Glass microfibre filter Whatman® Grade GF/C (25 mm Ø), Cytiva, USA

Glucose assay D-Glucose Assay Kit, R-Biopharm, Germany

Hemicellulase Hemicellulase from A. niger, Sigma-Aldrich, USA

Mannanase Rohalase® GMP, AB Enzymes, Germany

Mannose assay D-Mannose/D-Fructose/D-Glucose Assay Kit, Megazyme, Ireland

Continued on the next page.
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Table A.6: Materials used for analysis and experiments.

Material Product and Manufacturer

Mixer mill grinding jar 01.462.0213, Retsch, Germany

Rhamnose assay L-Rhamnose Assay Kit, Megazyme, Ireland

Xylose assay D-Xylose Assay Kit, Megazyme, Ireland

Phosphate assay Phosphate colorimetric kit, Sigma-Aldrich, USA

Protease Protease from A. saitoi, Sigma-Aldrich, USA

Protease mix Protamex®, Novozymes, Denmark

Protein assay Pierce™BCA Protein Assay Kit, Thermo Fisher Scientific, USA

Stainless steel beads 22.455.0010 (2 mm Ø), Retsch, Germany

Stainless steel beads 22.455.0003 (5 mm Ø), Retsch, Germany

Tungsten carbide beads 22.455.0006 (3 mm Ø), Retsch, Germany

Zirconium oxide beads ZetaBeads® Plus 0.5 (0.5 mm Ø) Netzsch, Germany

Zirconium oxide beads ZetaBeads® Plus 1.0 (1 mm Ø) Netzsch, Germany
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