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2     Preface 

Preface 

Scientific reporting involves a structured presentation of ideas and findings using an appropriate 

writing style and language. The sequence of topics that are brought to paper are determining for a 

precise transmission of ideas to the reader. Scientific research, however, is a dynamic process in 

which decisions are, very often, made “on the way”. Normally, this should not represent an obstacle 

for presenting results concisely with a defined path. Yet sometimes, the matter of study is wide, so 

a splitting in sub-topics provides an amenable discourse to the reader.  

This is exactly the case for the present Thesis, which bears the Title “Material utilization of algal 

carbohydrates: Focus on analytical methods and enzymatic processing”. The first sentence is 

certainly rather general and may be ambiguous, especially because the term algae denote a very 

broad group of aquatic organisms. The historical classification of such organisms is based on the 

size of the algae in micro-, for unicellular organisms, and macroalgae, for multicellular, seaweed 

species. The study of these two very different types of algae is thus facilitated by a separated 

approach in terms of methodology and discussion. Consequently, the present work is structured in 

two parts, as it deals with valorization strategies for both categories.  

After a brief introduction on the general utilization of diverse types of biomass as renewable 

resource and the concept of bio refinery, this work explores the challenges and opportunities for the 

material utilization of microalgae in Part A, expanding on carbohydrates. As the sub-title denotes, 

special focus is paid on detection procedures. The development and transfer of analytical methods 

aim to set the basis for subsequent enzymatic utilization of the carbohydrates towards value added 

products, as this represents a significant and still underutilized share of algal biomass. Some results 

presented in the first part were published in peer-reviewed scientific journals, especially those 

concerning the transfer, development, and application of analytical methods for microalgal 

monomeric sugars. Analytical method development for oligomeric sugars and their utilization for 

enzymatic saccharification of microalgal polysaccharides are addressed next. 

In part B, a similar analysis is provided for carbohydrates from macroalgae. The literature review 

is partly presented as a book chapter that was published in collaboration with expert scientists in the 

field of macroalgae production. Herein, interesting opportunities for the enzymatic conversion of 

sulfated seaweed polysaccharides were identified. Therefore, a proper analytical assay for such a 

biotechnological processing was designed and validated. With the published procedure, the 

development of relevant sulfate-active enzymes for improving the properties of macroalgal 

polysaccharides will be facilitated. 

The author is confident that this work can help for future research in the field of micro- and macro-

algal biomass utilization as renewable resource for expanding applications.   
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Summary 

The establishment of a bio economy plays a key role for alleviating global pollution and climate change. 

In this frame, renewable feedstocks hold an enormous potential for numerous fields. Algae represent a 

promising option as raw material, as they capture CO2 and can be cultured under controlled conditions. 

However, the technology portfolio for their utilization is, to date, very limited and needs to be expanded. 

As carbohydrates can represent a significant share of algal biomass, novel analysis procedures (or at 

least adaptations of existing methods) as well as sustainable processing will certainly facilitate its 

utilization in relevant fields. 

Algae can be divided into micro and macroalgae. This work contributes to the evaluation of the potential 

for the comprehensive utilization of carbohydrates from both types. In the field of microalgae, special 

focus is laid on the transfer of a previously developed UHPLC-MS analytical method for bacterial 

exopolysaccharides towards microalgal carbohydrates. The so-called HT-PMP method, which is based 

on pre-column sugar derivatization with 1-phenyl-3-methyl-5-pyrazolone (PMP), can detect neutral 

sugars, amino and substituted sugars. Thus, the vast variety of microalgal monosaccharides can be easily 

explored, allowing a more accurate valuation for biomass utilization than with conventional methods.   

This was demonstrated by three aspects. First, the carbohydrate distribution in the model microalga 

C. vulgaris was determined for the first time. With the PMP-method previously unnoticed sugars were 

detected, such as sulphated and methylated monosaccharides. For this, a fragmentation procedure was 

carried out to obtain different biomass fractions (e.g., lipid, protein, cell wall) which were subsequently 

analyzed. Secondly, the sugar profile of different S. obtusiusculus microalgal biomasses was examined 

using the adapted method. These biomasses were obtained using different growth conditions (e.g., 

varying nutrients and microelements). Thus, a carbohydrate enriched biomass (containing mainly 

mannose, galactose and glucose) could be obtained, which was used further by research colleagues in 

fermentative processes. Thirdly, based on the results obtained with the PMP-method, different 

commercial hydrolases were selected and tested for saccharification of lipid-extracted Scenedesmus 

biomass. Additionally, the same PMP derivatization reaction used for monosaccharide determination 

was employed within a newly designed workflow to detect oligosaccharides from the obtained 

hydrolysates. This allowed identifying missing activities for a complete enzymatic saccharification.  

For macroalgae, promising biotechnological approaches were assessed to increase the added value of 

important established carbohydrate-based algal products. Concretely, this work focuses on the utilization 

of carrageenan from the seaweed Kappaphycus. In this context, the enzymatic conversion of this sulfated 

hydrocolloid using sulfatases was identified as possible approach for biomass valorization. Nevertheless, 

high-throughput analytical tools for functional-based screening of sulfatases from unexplored (meta-) 

genomic sources (e.g., marine environments) are still unavailable. Therefore, a microplate sulfatase 

assay based on a two-step enzymatic cascade was developed, optimized and validated. The involved 

enzymes were carefully selected to overcome the energetically unfavorable incorporation of free sulfate 

into ATP. This reaction generates adenosine-phosphosulfate as well as inorganic pyrophosphate as co-

product, which ultimately is converted into a colorimetric signal that is linear with the concentration of 

sulfate between 10 and 250 µM. With this method, the wildtype activity landscape of an alkyl and an 

aryl sulfatase expressed in E. coli could be confirmed. This opens the opportunity to the biotechnological 

development of e.g., carrageenan sulfatases in terms of screening, engineering and characterization.  
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Introduction 

Since the industrial revolution one and a half centuries ago, the carbon-based production systems 

for energy and commodities have had an incommensurable impact on the ecological balance of 

Planet Earth. Today, nearly the complete scientific community agrees that the resulting emissions 

are responsible for the observable global temperature increase, causing climate change and ocean 

acidification. This scenario, together with the accompanying pollution of air, water, and land, loss 

of biodiversity as well as over-population, jeopardizes the very existence of humankind. Thus, a 

profound transformation in the manufacturing chains is urgent to avoid a collapse of the current 

society.  

Before the oil era, people relied on natural feedstock such as wood, grass, crops, and landfill to 

satisfy their needs. This changed rapidly with the discovery of accessible carbon and petroleum 

deposits as well as its cheap extraction and processing. As the available technologies at that time 

did not allow an effective utilization of renewable resources, an enormous rise in carbon and oil 

exploitation occurred, bringing the global consequences that we experience today. The recent 

advances in key areas such as nano-, and biotechnology have triggered a re-thinking in the utilization 

of renewables, such as biomass, for the production of energy and commodities (Tuck et al., 2012). 

The term biomass designates the bulk organic material forming living organisms, which includes 

animals, plants, fungi, and bacteria. The primary energy source for biomass formation is provided 

by the Sun, which is mainly converted into organic matter by marine or terrestrial photosynthetic 

organisms. Nowadays, the most commonly used biomass types in bulk terms are land-type and 

comprise food crops, hydrocarbon-rich plants, waste (e.g., straw, peels), weed and wild grasses, and 

woody biomass (Abbasi & Abbasi, 2010). The most important valorization routes of this feedstock 

currently include: energy generation by gasification, pyrolysis (Huber et al., 2006), or by 

hydrothermal liquefaction (Toor et al., 2011), fermentative production of bioethanol (Manochio et 

al., 2017) and, to a lower extent, of polymers (Zhu et al., 2016).  

The utilization potential of biomass is determined by its chemical composition, which varies 

primarily according to its origin and growth conditions. Most of the produced land biomass is 

composed by the carbohydrates cellulose and hemicellulose, and the attached lignin (Ragauskas et 

al., 2006). Some types of plants may contain higher amounts of protein (e.g., soybean) or lipids 

(e.g., palm tree), but their volume is negligible compared to the above-mentioned components. 

Lignin, the polyphenolic compound involved in the structural support of terrestrial plants, represents 

a challenge for biomass processing. Pretreatments for improving its digestibility, such as thermal, 

mechanical, acid, alkaline, or oxidative, are often unavoidable and can be unfavorable for the 

economy of scale of biomass processing (Hendriks & Zeeman, 2009). 

To increase the economics of biomass, the concept of biorefinery has been introduced over the last 

years. This term denote “an integral unit that can accept different biological feedstocks and convert 

them into a range of useful products including chemicals, energy and materials” (Clark et al., 2006). 

This implicates that all the components of the biomass are converted into added-value products, 

which is specially promising for substituting oil as raw material. Different platform chemicals have 
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been identified as potential substances that can be produced from biomass carbohydrates, such as 

ethanol, furans, glycerol and derivatives, hydrocarbons, organic acids, and sugar alcohols (Bozell 

& Petersen, 2010). The development of new bio-technologies, such as enzyme and metabolic 

engineering will enlarge even more the portfolio in the coming years (J. W. Lee et al., 2012). 

Recently, biomass utilization from aquatic environments has raised the attention of the research 

community and various industrial players. This is a very attractive idea, as more than 70% of the 

Earth’s surface is covered with water. Besides, the generation of marine biomass does not compete 

with agricultural production and their lack of lignin may simplify its processing at larger scale. 

Presently, marine biomass in the form of fishing residues is mainly used as low-cost fertilizers or 

dumped back to the sea. The most important sources of marine biomass and its currently established 

products include: residues from fish vertebrates to extract unsaturated lipids, invertebrates (such as 

crabs) as source of chitin, microalgae for pigments (e.g., astaxanthin) and macroalgae for 

hydrocolloids (e.g., agars and carrageenan) (Kerton et al., 2013). 

Algal biomass represent an especially interesting raw material for the production of energy and 

commodities (Lieve M. L. Laurens et al., 2017). The conceivable algal biorefinery present several 

advantages and poses important challenges, which will be discussed throughout this text. In this 

regard, new concepts and strategies are needed for the valorization of algal biomass in new fields 

beyond current applications. In this work, special focus is placed on the carbohydrate share of the 

algae, providing discussions, methods and processing strategies for a seemly material utilization of 

algal mono-, oligo-, and polysaccharides.  



    Introduction  9 

 

 

 

 

 

 

 

 

 

 

 

 

 

A. Microalgae 

 

  



10  Microalgae   Literature review 

A1. Literature review 

A1.1. Microalgal biomass 

Microalgae comprise a broad group of eukaryotic and unicellular organisms that utilize light as 

energy source to synthesize organic macromolecules (lipids, proteins, and carbohydrates) from CO2, 

nitrogen, sulfur, phosphor, and trace elements, such as iron (Figure 1). From an evolutionary 

perspective, microalgae originated after a primary endosymbiosis event of a cyanobacterium with 

photosynthetic plastids around 1.6 billion years ago (Yoon et al., 2004). Since then, microalgae have 

populated nearly every aquatic ecosystem: from ponds, lakes and rivers, through seas and oceans, 

and even alpine and polar regions (Lyon & Mock, 2014). Microalgal metabolism can be 

photoautotroph (light-based) and photo-heterotroph (based on light and organic matter), and they 

are able to grow in saline, fresh, or brackish water. The diversity of microalgae is enormous: between 

350,000 and 1 million different species have been estimated, yet only a small fraction has been 

characterized (Y. K. Lee, 2016). Microalgae are ecologically very important, as they produce half 

of the atmospheric oxygen (Barsanti & Gualtieri, 2014) and constitute the basis of marine food 

chains (Long et al., 2011).  

As shown in Figure 1, microalgae have been identified as promising feedstock for the production of 

feed and food ingredients (Milledge, 2011), biofuels (Wijffels & Barbosa, 2010), and chemicals 

(Foley et al., 2011). The culture of microalgae offers significant advantages over that of terrestrial 

crops: they present 10 to 100-fold higher biomass yields per unit area, can be cultivated in non-

arable lands using any type of water (including wastewater), and are able to utilize CO2 to reduce 

industrial emissions and alleviate global warming (Correa et al., 2017; Schenk et al., 2008). The 

lack of lignin and the possibility to influence the biomass composition by different culture strategies 

(e.g., nutrient starvation), allow an easier and more flexible processing than other renewables (C. 

Schulze, Reinhardt, et al., 2016). Most importantly, microalgae do not stand in direct competition 

with food production systems, avoiding the “food vs fuel” debate. The commercial cultivation of 

microalgal biomass still faces various challenges for an economic and profitable production. High 

energetic costs for biomass harvesting, for example, are caused by the very high water demand for 

culturing algae, which makes their separation and drying costly (Brennan & Owende, 2010; 

Greenwell et al., 2009). To increase the economy of scale of microalgal production, the 

technological portfolio still needs to be completed, adapted and expanded. This includes technical 

infrastructure for large-scale production, biomass processing technologies, analytical procedures, as 

well as molecular biology protocols (Ziolkowska & Simon, 2014). Modern high-throughput (HT) 

omics and genome editing methods, such as CRISPR-CAS, will enable an accelerated exploration 

of the microalgal metabolic potential in the near future (Brodie et al., 2017). 
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Figure 1 Schematic representation of a microalga as renewable feedstock 

The culture of microalgae is carried out in so called photo-bioreactors. In these devices, the 

conditions needed for their growth (e.g., light intensity, temperature, pH, CO2) are provided. Such 

reactors can be designed according to the desired scale, productivity and purpose (e.g., for biomass 

or metabolite production). The first step in process development involves the growth of microalgae 

at lab-scale (up to 5 L) in illuminated and bubbled shaking flasks (Y. K. Lee, 2016). At this stage, 

different strains are usually screened to produce specific components of commercial interest, such 

as metabolites or proteins. Furthermore, a screening step can also be performed to determine the 

best growing conditions for a particularly desired biomass composition. In the next phase, 

microalgae are grown at larger scale (up to 20 L) under much more controlled conditions using 

several types of reactors. The most common reactor types include bubble column, airlift, flat panel, 

horizontal tubular, and stirred tank bioreactor (Singh & Sharma, 2012). As they provide a closed 

system in a regulated environment, these devices are more suitable for producing high-value 

products for use in pharmaceutical or cosmetic sectors than open systems (Pulz, 2001). Besides, 

they permit culture of single species with lower risk of bacterial or fungal contamination. High 

biomass productions can be achieved at lower costs with open systems at larger scale (e.g., raceway 

ponds), in areas in which proper climatic conditions are given (Brennan & Owende, 2010).  
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From a chemical perspective, microalgal biomass is mainly composed by organic macromolecules 

(lipids, proteins and carbohydrates), with the different components varying broadly according to 

species and growth conditions (Foley et al., 2011). Typically, the lipid fraction (10 – 60% DW) is 

employed in the production of biofuels by transesterification with short-chain alcohols (Chisti, 

2007) or by hydrogenation of fatty acids into linear hydrocarbons (Lestari  et al., 2009). To obtain 

these lipids from the biomass, diverse extraction strategies have been applied. These methods 

include solvent extraction, microwave- or ultrasound-assisted extraction, hydrothermal liquefaction, 

osmotic shock, enzymatic disruption, electroporation, and supercritical carbon dioxide extraction. 

Details on each procedure can be found in a comprehensive summary (Ghasemi Naghdi et al., 2016). 

The defatted protein fraction, which accounts for 10 – 50% DW, is generally employed for food, 

animal feed or as fertilizer, depending on the amino acid composition (Becker, 2007). Some species, 

such as Spirulina platensis, have been identified as high protein microalga, producing up to 600 g 

protein per kg biomass with optimal, nutrient replete growth conditions. Today, this microalga is 

commercially available as protein-rich food supplement as powder, tablets and capsules (Griffiths 

et al., 2016). The proportion of essential amino acids in proteins of some microalgal species is 

comparable to those of animal products, especially of methionine, and a number of promising 

biological activities have been identified (Lupatini et al., 2017). Other species, such as 

Porphyridium sp., are important producers of phycobiliproteins. This type of proteins can be found 

in mature commercialized products, such as fluorescent marker in clinical areas, colorant for 

textiles, and as pharmaceutical agents (Sekar & Chandramohan, 2008). Lastly, the carbohydrate 

fraction of the biomass, which may be found as mono- or polysaccharides, has been primarily 

employed for producing biofuels by biological (aerobic or anaerobic fermentation) or 

thermochemical conversion (Markou et al., 2012). For this, polysaccharides must be hydrolyzed to 

monomeric sugars by chemical or enzymatic methods, (Gerken et al., 2013; L. M. L. Laurens et al., 

2015). Although the carbohydrate content of some species can reach up to 40% DW (e.g., Chlorella) 

and various potential applications have been devised, this share has remained underutilized (Lieve 

M. L. Laurens et al., 2017). 

To improve the economic viability of algae production, comprehensive and integrative concepts for 

biomass utilization are needed (Scott et al., 2010). The conception of new products and 

intermediates for niche industries (e.g., chemical sector), that increase their adding value is essential 

in this process. Thus, the concept of microalgal bio refinery has been introduced in the last years. 

The central idea of this concept is the comprehensive utilization of all biomass components towards 

a maximum valorization. In this frame, several potential products have been identified from 

microalgal biomass including surfactants, fuel additives, poly-acids, and nutraceuticals (Lieve M. 

L. Laurens et al., 2017). The implementation of such a bio refinery requires the standardization and 

adaptation of the technology portfolio not only for biomass generation and processing, but also for 

biomass characterization (ABO, 2017). Addressing this aspect, the present work analyzes the most 

important challenges for the material utilization and analytical characterization of microalgal 

carbohydrates. 
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A1.2. Microalgal carbohydrates  

The photosynthetic biomass production on Planet Earth is estimated at 170 billion metric tons p.a. 

From the resulting production of organic matter, 75% can be assigned to carbohydrates existing as 

mono- or polymers (Hu et al., 2012). Therefore, poly-, oligo-, and monosaccharides are the most 

abundant biogenic resource present in nature. The chemical diversity of carbohydrates surpasses 

that of lipids and proteins. In microalgae, they can either serve as short-term energy storage 

(e.g., starch or chrysolaminarin) or fulfill structural purposes forming the protective cell wall. Both 

starch and chrysolaminarin consist of repeating glucose units. While starch exists as amylose units 

of α(1→4) glycosidic bonds and branched amylopectin of α(1→6) glycosidic bonds, 

chrysolaminarin is a linear polymer of β(1→3) and β(1→6) linked units. The industrial applications 

of starch are broad and range from food, textile, papermaking, and pharmaceutical products. On the 

other hand, the carbohydrates present in the microalgal cell walls are highly variable depending on 

the strain and the developmental stage of the organism. This opens the opportunity for steering the 

abundance of specific sugar components without compromising cell growth (Pauly & Keegstra, 

2008). The most common constituents of the cell wall include cellulose, xyloglucans, 

heteromannans, heteroxylans, pectic polysaccharides, and β-glucans (Pettolino et al., 2012). As the 

material utilization of carbohydrates from lignocellulosic land biomass (crops, wood, grass) has now 

been conducted for various years, the technologic portfolio for its analysis and processing is well-

established. Conversely, the technologies available for marine biomass including microalgae are 

still in development. Therefore, the characterization of microalgal carbohydrates, especially from 

the cell wall is challenging. 

The first investigations on carbohydrates from microalgae were conducted with the model microalga 

Chlorella. Starch and hemicellulose fractions were obtained after alkali extraction of the biomass 

followed by differential centrifugation. After acid hydrolysis (2 N H2SO4, 100°C), glucose, 

galactose, arabinose, mannose, xylose, rhamnose, and glucosamine were identified in these fractions 

by paper chromatography (Northcote et al., 1958; Olaitan & Northcote, 1962). Further 

improvements in instrumental and preparative chromatography allowed a more precise 

determination of algal carbohydrates: alkali-soluble and insoluble wall fractions were obtained from 

C. pyrenoidosa by ion-exchange chromatography and gel filtration (R. C. White & Barber, 1972). 

The monomeric composition of the extracted polysaccharides determined by GC (as alditol acetates 

after TFA hydrolysis) revealed monosaccharides other than neutral sugars, such as uronic acids 

(4.1% – 24% DW) and glucosamine (6.3% – 15% DW) (Blumreisinger et al., 1983).  

Due to the high variability in the sugar composition, a taxonomic marker based on cell wall 

carbohydrates was proposed for microalgae (Takeda, 1988a, 1993; Takeda & Hirokawa, 1978). 

After extracting an alkali-soluble “hemicellulose” fraction and an insoluble “rigid wall” fraction, 

various microalgal species were classified according to following parameters: a.) The monomeric 

composition of fractions, b.) Ruthenium red stainability for pectin (uronic acid residues) 

determination, and c.) Anisotropy. According to this classification, nearly 20 Chlorella species were 

assigned as shown in Figure 2. 
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Figure 2 Summary of classification criteria for the microalga Chlorella proposed by Takeda (Takeda, 1988a, 1988b, 

1993)  

Subsequent efforts were targeted towards a more accurate identification of the sugar polymeric 

compounds from microalgae using different analysis methods. For example, polysaccharides 

containing amino sugars and a slight degree of crystallinity were found in the cell wall of Chlorella 

using a fluorescence-tagged lectin for the binding motif GlcNAc-β-(1-4)-GlcNAc-β-(1-4)-GlcNAc 

(Kapaun & Reisser, 1995). Specially substituted sugars were further identified using X-ray 

diffraction and infrared spectroscopy after partial hydrolysis (Figure 3), such as 3-O-methylated D-

galactose, L-rhamnose, and 2-O-methyl-L-rhamnose (Ogawa et al., 1994, 1997). 

 

Figure 3 Chemical structure of the carbohydrates found in Chlorella by Ogawa, (Ogawa et al., 1994, 1997) 

i) 3-O-α-D-glucopyranuronosyl-L-rhamnopyranose, ii) α-D-glucopyranuronosyl-(1→3)-α-L-rhamnopyranosyl-

(1→2)-α-L-rhamnopyranose and iii) a branched (partially methylated) β-D-galactan 

Some algal poly- and oligosaccharides from Chlorella, such as arabinogalactans, galactans, glucans, 

and phosphoglucans have been reported to present immunoactivity. For example, the structure of a 

purified arabinomannan from C. vulgaris was elucidated (Pieper et al., 2012). These carbohydrates 

are often obtained after laborious purification procedures including ethanol precipitation, gel 

filtration and anion exchange chromatography (Suárez et al., 2010; Suárez et al., 2005). The 

Glc / Gal / minor Rha 

Rha / Gal / minor Glc 
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extraction procedure itself plays a key role for the yield and quality of the polysaccharides. Very 

commonly, alkali extraction is applied for recovering microalgal polysaccharides. Alternative 

procedures, such as with a mildly acidic solution of sodium chlorite, have proven to yield higher 

polysaccharide amounts than the treatment with alkaline solutions (Sui et al., 2012).  

In contrast to Chlorella, the cell walls of 11 species of Scenedesmus, another commercially relevant 

microalgal strain, resulted to be highly homogeneous, containing only mannose, galactose and 

glucose (Takeda, 1996). Beside Chlorella and Scenedesmus, Nannochloropsis is broadly used for 

biofuel and biorefinery applications (Lieve M. L. Laurens et al., 2017). For this microalga, a much 

simpler cell wall composition was found containing glucose from cellulose as major sugar 

component (98%). Also minor amounts of fucose, galactose, galactosamine, and rhamnose were 

detected (Scholz et al., 2014).  

Some species of microalgae and cyanobacteria excrete carbohydrates in their extracellular 

environment, so called exopolysaccharides (EPS), as defense response or to produce biofilms to 

provide favorable growth conditions (Delattre et al., 2016). This type of carbohydrates is also 

associated to various biological activities and different cosmetic and pharmaceutical applications 

have been devised (De Jesus Raposo et al., 2013). To date, microalgal EPSs have been limited to 

lab-scale production, playing a modest role in the frame of a large-scale microalgal biomass refinery. 

For this reason, the work presented here will focus on the material utilization of storage and cell 

wall carbohydrates.  

A1.3. Analytical methods for microalgal carbohydrates  

As mentioned above, most of the carbohydrate analytical methods available to date have been 

developed and optimized for analyzing terrestrial biomass. In this material, only a limited amount 

of monomeric neutral sugars are present in polysaccharide structures, especially xylose, glucose, 

and arabinose. Accordingly, the analytical methods applied for lignocellulosic biomass are 

specialized in detecting these neutral monosaccharides. Traditionally, such methods have been also 

used for characterizing carbohydrates from microalgae, even when this biomass displays a higher 

variability. However, an incomplete or inaccurate carbohydrate determination resulting from 

unsuitable methods commonly hampers a correct calculation of product yields, e.g., in fermentative 

ethanol production processes from algal biomass (L. M. L. Laurens et al., 2015). For this reason, 

the need for new methods, or at least adaptations of existing ones, has been identified for the study 

of microalgal carbohydrates (Templeton et al., 2012). Thereupon, robust and reliable carbohydrate 

analytical procedures are essential for the successful development of microalgal biomass and the 

corresponding processing strategies. 

To date, different carbohydrate analytical methods are available, and they are employed depending 

on the intended biomass usage. While some applications require a general analysis of total 

carbohydrates indistinctly of the monosaccharide type (e.g., to estimate biomass composition), 

others demand a more or less precise determination of the monomeric composition (e.g., to design 

fermentation strategies) or even the exact elucidation of oligomeric or polymer structures (e.g., to 
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identify bioactive compounds) (C. Schulze et al., 2017). As explained below, analytical methods 

having a higher carbohydrate resolution (e.g., exact determination of substituents or side chains) are 

more complex, as special instrumentation is required and sample processing requires more time.  

Total carbohydrate analysis: Photometric methods are the simplest and fastest analytical procedures 

available. These are usually called total carbohydrate methods, as they are employed for rapid 

estimations of the overall sugar content in biomass. Such methods are very convenient for a rapid 

monitoring of, for example, carbohydrate formation as a function of varying growth parameters. A 

well-established procedure of this type is the phenol sulfuric acid method. The underlying principle 

relies in the one-step biomass hydrolysis and subsequent colorimetric reaction of the released furan 

aldehyde groups with phenol (Nielsen, 2010). Its use for algal biomass is rather limited, as 

interference with pigments may cause over or under quantification. Further, highly variable 

absorbance responses are observed from different monomeric sugars and the method is insensitive 

to specific algal monosaccharides, such as amino sugars. An alternative spectrophotometric method 

based on the derivatization of aldoses with 3-methyl-2-benzothiazolinone hydrazone (MBTH) 

displays a better sensitivity towards algal-specific monosaccharides without interference from 

hydrolysate components (Van Wychen et al., 2017). Consequently, this method has been adopted 

by the US National Renewable Energy Laboratory (NREL) as a standard laboratory analytical 

procedure for total carbohydrate determination in microalgal biomass. A critical step for a correct 

carbohydrate determination is the chemical hydrolysis applied to release the monosaccharides from 

polymeric structures. Often, the relevant parameters, such as acid type and concentration, 

temperature, and hydrolysis time must be adjusted to ensure a complete release of monomeric sugars 

with the lowest degree of degradation possible. To avoid this hydrolysis step, non-invasive 

techniques using Fourier-Transform infrared spectroscopy (FT-IR) can be applied for algal biomass 

(Mayers et al., 2013). 

Monomeric sugar analysis: For analyzing the monomeric sugar composition after biomass 

hydrolysis, chromatographic techniques that separate the monosaccharides for analysis must be 

applied. This is a particularly challenging task for microalgae, given the broad monosaccharide 

diversity which includes neutral sugars, uronic acids, amino, methylated, and sulfated sugars. For a 

first qualitative estimation, thin layer chromatography (TLC) offers a simple and inexpensive 

alternative even for microalgal strains presenting complex carbohydrate mixtures (C. Schulze et al., 

2017). This procedure does not require any special instrumentation equipment, but the quantification 

is limited. Quantitative monosaccharide detection using instrumental procedures enable a more 

detailed study of microalgal carbohydrates. The most widely used methods include high 

performance liquid chromatography (HPLC) and gas chromatography (GC). Both methods can be 

coupled to mass spectroscopy (MS) to analyze unknown or coeluting peaks. A comparative study 

of chromatographic methods for analyzing a mixture of 13 typical microalgal monosaccharides 

revealed that traditional HPLC configurations used for lignocellulosic biomass are unsuitable, as 

poor peak resolution is observed and co-elution may occur (Templeton et al., 2012). In contrast, GC 

offers important advantages, such as a higher peak resolution, low limit of detection (LOD), and 

identification of unknown or co eluting peaks via coupled MS. As GC is restricted to volatile 
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compounds, monomeric sugars must be derivatized first, most commonly as alditol acetates or 

silanes. Besides, disturbing salts must be eventually removed. This reaction is cumbersome for some 

carbohydrates present in microalgae (e.g., uronic acids) so this alternative may not always be 

suitable for analyzing microalgal sugars. Furthermore, additional salt precipitation with ethanol and 

evaporation steps (e.g., for H2SO4) are usually needed to generate a volatile sample and allow MS 

detection, which further increases the sample preparation time (McConnell & Antoniewicz, 2016). 

High performance anion exchange chromatography (HPAEC) coupled with pulsed amperometric 

detection (PAD) has shown to be a very robust method for separating complex monosaccharide 

mixtures with very good resolution, and detection of amino sugars and uronic acids is also possible. 

Still, the use of strong ionic eluents (such as NaOH) makes its use for MS difficult, limiting the 

method resolution. Besides, issues concerning reproducibility and baseline stability have been 

observed (Templeton et al. 2012). In some cases, pre-column derivatization of monosaccharides can 

be advantageous, as it may allow UV detection and quantification using active compounds and at 

the same time, their ionization behavior is enhanced for MS analysis. 1-phenyl-3-methyl-5-

pyrazolone (PMP) for example, has been employed for the study of monosaccharides using coupled 

MS. This UHPLC-MS method has been successfully applied in high-throughput (HT) mode for 

analyzing bacterial EPS (Rühmann et al., 2014) as well as polysaccharide fractions of Dunaliella 

sp., in which also uronic acids and amino sugars can be detected (Dai et al., 2010). Thus, this method 

seems a promising alternative for analyzing microalgal carbohydrates with a good compromise 

between simplicity, fastness, and analytical resolution. A schematic representation of the resolution 

and complexity of the discussed carbohydrate analytical methods is shown in Figure 4. 

 

 
Figure 4 Analytical methods for studying microalgal carbohydrates: simplicity and resolution  

Oligomeric sugar analysis: When a more precise elucidation of the oligo- or polysaccharide 

structure is needed, more complex analytical strategies are required. Methylation analysis, for 

example, is usually performed to identify the linkage of saccharide chains (Pettolino et al., 2012). 
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Such procedures are especially important for establishing the chemical structure of bioactive 

carbohydrates. The method is based on the hydrolysis of previously methylated polysaccharides, 

subsequent reduction with deuterated compounds, acetylation, and GC-MS analysis.  

Further analytical methods can be complementarily used for identifying the anomeric configuration 

of glycosidic bonds as well as possible substituents. Nuclear magnetic resonance (NMR) 

spectroscopy, for example, enables the identification of important substituent groups such as sulfate 

or carboxylic acids, as previously demonstrated with polysaccharides from Phorphyridium sp. 

(Geresh et al., 2009). In general, NMR methods require special equipment, are very sensitive to 

impurities, and involve intensive data interpretation. Therefore, its application demands a larger 

sample processing, as high sample purity is required. That is why this method is reserved to very 

special applications.  

The analysis of the carbohydrate distribution within the cells is also of importance when designing 

culture strategies. For this, monosaccharides from starch and structural carbohydrates must be 

discerned. Due to their high specificity, enzymes play a key role in the targeted hydrolysis of specific 

polysaccharide fractions, which can be then analyzed by the methods mentioned above. Amylases 

and certain glucosidases for example, selectively break down the glyosidic bonds from starch 

leaving other types of polysaccharides intact. Therefore, they are usually employed for starch 

determination in biological samples and biomasses, and even some commercial kits are available 

(B. Fernandes et al., 2012). In addition to these analytical applications, the use of enzymes for the 

material utilization of microalgae is of great advantage, as addressed in the next section. 

A1.4. Enzymatic hydrolysis of algal carbohydrates  

Enzymes (i.e., “biocatalysts”) catalyze the reactions needed for the growth and metabolism of all 

living organisms. Their potential for converting specific substrate molecules into useful products 

has been identified in numerous fields, such as biotechnology, chemical industry, cleaning products, 

food and oil processing, medicine and pharma, textile and leather manufacturing, etc. (Porter et al., 

2016). The use of enzymes offers significant advantages over chemical catalysts, such as high 

substrate selectivity, optimization potential with molecular biology tools, reduction of hazardous 

compounds (e.g., strong acids), and process flexibility. However, enzymes are prone to denaturation 

or product inhibition and are still a considerable cost factor, which may limit their application in 

industrial processes (Faber, 2017). 

The production of high fructose corn syrup by starch hydrolysis with the enzyme α-amylase, 

glucoamylase, and glucose isomerase in the early 1970s is one of the first developed enzymatic 

processes for biomass carbohydrates (J. S. White, 2014). Ever since, the discovery of new enzymatic 

activities has permitted the production of, e.g., fermentation media from distinct types of biomass 

for a broader range of applications. Different hydrolases, for instance, have been developed for 

improving the filterability of fruit juices (P. Fernandes, 2010). Furthermore, a considerable number 

of commodity chemicals can be enzymatically produced from the hydrolysis products of biomass, 

such as alkanes, alkenes, aromatic hydrocarbons, alcohols, etc. (Straathof, 2014). For generating the 



Microalgae    Literature review  19 

corresponding precursors from the hydrolysis of biomass, various enzymes are commercially 

available (Sweeney & Xu, 2012). Although most of these biocatalysts have been developed for 

lignocellulosic feedstock, current HT analysis technologies are allowing a rapid biomass-tailored 

process development, and microalgal biomass is not an exception.  

One of the earliest investigations on the enzymatic hydrolysis of algal polysaccharides aimed to 

determine the constitution of the cell wall by producing spheroplasts from Chlorella using a mixture 

of cellulase, hemicellulase and pectinase (Atkinson Jr et al., 1972). In further studies, β-1,4-

mannanase and β-D-fucosidase were identified as responsible for the cell wall lytic activity during 

cell division in C. fusca (Loos & Meindl, 1985). Also, the saccharification and liquefaction of starch 

from Clamydomonas microalgal biomass for bioethanol production was described by separate 

hydrolysis and fermentation (SHF) using commercial amylases (Choi et al., 2010). Similarly, 

microalgal cells were hydrolyzed with commercial cellulases, yielding around 65% reducing sugar 

to total sugar (glucose, mannose, and galactose) under optimal pH and temperature (Razif Harun & 

Danquah, 2011). Cellulases can also be applied to break the algal cell wall and so significantly 

increase the lipid extraction efficiency from microalgal biomass (Fu et al., 2010). A similar approach 

was described to enhance the lipid recovery from Nannochloropsis after cell wall disruption (Zuorro 

et al., 2016). Due to the complexity of algal carbohydrates however, saccharification of microalgal 

biomass using cellulases and amylases commonly results significantly in lower hydrolysis yields 

than chemical treatments (Mirsiaghi & Reardon, 2015). Therefore, specialized enzymes and 

enzymes mixtures for microalgal biomass are needed. Optimal commercial enzyme combinations 

may be developed for maximizing sugar yield, e.g., for fermentative applications. Studies evaluating 

the use of microalgal biomass for the fermentative production of bioethanol coincide in the need for 

more efficient, biomass-tailored saccharification processes to increase the efficiency of biofuel 

conversion and render this process more rentable (Chen et al., 2013; R. Harun et al., 2014). In most 

published studies, only cellulose and starch are considered for the processing of microalgal biomass, 

excluding the rest of the cell wall. This may probably be one reason for the reported incomplete 

saccharification.  

The search for suitable enzymes for degrading the complex cell wall is a challenging task. 

Significant differences can be found in the wall structure among microalgal species. Besides, 

microalgae are dynamic organisms, so that the growth phase and the culturing conditions, such as 

nutrient supply or light intensity affect the carbohydrate composition. This makes an appropriate 

enzyme selection even more difficult. In a recent study, clear distinction was made between starch 

carbohydrates (which accumulated under nitrogen starvation) and cell wall polysaccharides from C. 

vulgaris (Kim et al., 2014). Starch was degraded by treatment with amylase (pH 4.8, 50°C), whereas 

different hydrolytic enzymes were tested on the cell wall. Cellulase, amylase, xylanase, β-

glucosidase, chitinase, lysozyme, and sulfatase displayed sugar conversion yields lower than 15%. 

Only pectinase from Aspergillus yielded a 79% sugar conversion after a bead-milling pretreatment 

step. A very effective, two-step approach for discovering cell wall active enzymes was based in the 

ability of different enzymes for inhibiting growth of microalgae in agar plates (primary screen). 

Secondly, the effectiveness of the enzymes for breaking the cell wall was confirmed by cell 
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permeability analysis using a fluorescent DNA stain and flow cytometry (Gerken et al., 2013). Of 

the 20 commercial enzymes tested on Chlorella, chitinase, lysozyme and pectinase were most 

effective in the primary screen. Chitosanase, β-glucuronidase, endoglucanase, sulfatase, and trypsin 

also caused growth inhibition. After the secondary screen, lysozyme and combinations with 

sulfatase, phospholipase, lyticase and chitinase were active on the cell wall. Another promising 

alternative for the saccharification of the cell wall is the controlled autolysis of the polysaccharides 

by inducing the expression of lytic enzymes (Demuez et al., 2015). However, unless this technology 

becomes available in a large scale, the development of biomass-specific exogenous enzymes will 

still be an essential part in process design for a microalgal biorefinery.  
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A2. Scope of the work 

The general goal of this work was to develop complementary tools for the existing technology 

portfolio for the analysis, hydrolysis, and bioconversion of microalgal carbohydrates. The 

developed methods and protocols intend to provide a reliable approach for utilizing microalgae as 

renewable feedstock. Although the potential of this source of biomass has been identify long time 

ago, its development has remained stagnant in the last years due to a slow and inaccurate 

characterization of its components. The lack of adequate analysis procedures as well as culture and 

processing strategies in this field often bottlenecks a maximized valorization of microalgae beyond 

the established raw materials and products. The detection and utilization of uncommon saccharides 

attached to the cell wall of many microalgae, for example, could increase the added value of the 

carbohydrates in algal biomass beyond starch.  

The first step for achieving this goal is the development and transfer of analytical procedures that 

covers the broad spectrum of microalgal monosaccharides (e.g., glucose, mannose, rhamnose, and 

substituted sugars) for a proper biomass characterization. The previously developed HT-PMP 

carbohydrate detection method for microbial exopolysaccharides was identified as promising 

candidate for this requisite (Rühmann et al., 2014). As algal biomass can substantially differ in 

composition from terrestrial biomass, the detection capabilities of this method offer significant 

advantages over existing procedures. The essential PMP derivatization step demands a 

comprehensive adaptation and validation for crude and processed algal biomass. 

To further elucidate the distribution of valuable sugar components within the cell, a proper biomass 

fractionation approach must be designed. A distinction between energy storage and structural 

carbohydrates must be possible with this procedure. Thus, culture strategies and even future genome 

editing techniques could be, for example, targeted towards modulating the production of the one or 

the other type of carbohydrate within the cell. Moreover, different microalgal growth modes (e.g., 

nutrient de-, or repletion) often influences the carbohydrate composition. Thus, once the analysis 

method was adapted and validated, it was used on differently cultured microalgae to demonstrate 

its applicability in designing and optimizing the composition of microalgal biomass. 

Finally, commercially available enzyme cocktails were selected for the saccharification of 

microalgal biomass to obtain reducing monomeric sugars. The released sugars can be then used for 

the fermentative production of bioethanol or other value-added products. As these enzyme mixtures 

are not specifically designed for the hydrolysis of microalgal biomass, significant amounts of 

oligosaccharides were expected in the supernatants. The qualitative determination of these short-

chained sugars allows a much more effective selection of complementary hydrolytic activities for a 

complete saccharification. In this regard, an extension of the HT-PMP carbohydrate method using 

LC-MS to analyze oligosaccharides was evaluated to set the basis for optimizing the enzymatic 

hydrolysis.  

In summary, a comprehensive approach for the material utilization of microalgal carbohydrates is 

presented, which includes its analysis, targeted production and saccharification. Although the 

procedures presented here focused on model microalgal organisms, they can be translated to any 

cultured photosynthetic species.   
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A3. Materials and Methods 

The laboratory and analytical equipment employed throughout this work is reported in Table 1. The 

computer software (if license was needed, this was provided by the TUM) is listed in Table 2. A list 

of enzyme and reagents can be found in Table 3. Special consumables for the analytical methods, 

such as chromatographic columns and microtiter plates, are enumerated in Table 4. 

A3.1. Equipment 

Table 1: Overview of lab equipment used 

Equipment name Manufacturer / Model 

Agarose gel electrophoresis apparatus Bio-Rad (München), Mini-Sub Cell GT System 

Autoclave Thermo Scientific (Ulm) Varioklav 135S 

Bacterial colony picker Hudson (Springfield, NJ) RapidPick® CP-7200 

Centrifuge Thermo Scientific (Ulm) Sorvall RC-6 Plus 

Clean bench Thermo Scientific (Ulm) MSC-Advantage 

Drying oven Thermo Scientific (Ulm) Function line T12 

Electroporator Bio-Rad (München), MicroPulserTM 

Elementary analysis system EuroEA, HEKAtech GmbH (Wegberg) 

FPLC GE Healthcare Europe (Freiburg), ÄKTA purifier 

FPLC-Controller GE Healthcare Europe (Freiburg), UPC-900 

FPLC-Pump module GE Healthcare Europe (Freiburg), P-900 

FPLC-Sample pump GE Healthcare Europe (Freiburg), UP-960 

Freezer -20°C Liebherr-Hausgeräte (Ochsenhausen) 

Freezer -80°C Thermo Scientific (Ulm) Forma 906 -86°C ULT 

Gel documentation system Intas Science Imaging (Göttingen), Gel iX Imager 

Heating block VLM (Bielefeld), EC model series 

Tmix (Jena) Jenaanalytik 

High pressure cell disrupter Constant Systems (Daventry, GB), Basic Z Model 

Incubator Binder (Tuttlingen) KBF 240 E5.1/C 

Infors HT (Bottmingen-CH) Minitron 

Lyophilizer Martin Christ (Osterode), Alpha 2-4 LD plus 

Lyophilizer High-vacuum pump Vacuubrand (Olching), RC 6 

Magnetic stirrer Thermo Scientific (Ulm) Variomag Telesystem 

Microplate shaker Edmund Bühler (Hechingen) TiMix 5 contron and TH 15 

Multichannel pipette Eppendorf AG (Hamburg) Research pro 8x 1200 µL 

Nanophotometer Implen (München), P-330 

pH-meter and electrode Mettler-Toledo (Giessen) Five EasyTM and InLab® 

Expert Pro 

Pipettes BRAND (Wertheim) Transferpetten 
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Equipment name Manufacturer / Model 

Rotor Thermo Scientific (Ulm) SS-34, SH-3000, F9-4x 1000y 

Scale Sartorius (Göttingen) TE1502 and TE6101 

SDS-electrophoresis chamber Bio-Rad (München), Mini-PROTEAN®-Tetra Cell 

SDS-Power supply unit Bio-Rad (München), PowerPacTM Basic 

Shaker Thermo Scientific (Ulm) MaxQ 2000 

Special clamping device K. Rühmann (Goltoft) In-house development 

Spectrophotometer Thermo Scientific (Ulm) Varioskan Flash and Multiskan 

Table centrifuge Thermo Scientific (Ulm) Heraeus Fresco 21 

Thermo cycler Bio-Rad (München) MyCyclerTM 

UHPLC Dionex (Idstein) Ultimate 3000RS 

UHPLC-Autosampler Dionex (Idstein) WPS 3000TRS 

UHPLC-Column compartment Dionex (Idstein) TCC 3000RS 

UHPLC-Degasser Dionex (Idstein) SRD 3400 

UHPLC-Diode array detector Dionex (Idstein) DAD 3000RS 

MS-High capacity ion trap Bruker Daltonics (Bremen) HCT 

UHPLC-Pump module Dionex (Idstein) HPG 3400RS 

Ultrapure water system ELGA LabWater (Celle) PURELAB classic 

Ultrasonic cell disruptor Hielscher (Teltow), UIS250L 

Ultrasonic sonotrode Hielscher (Teltow), LS24d10, VialTweeter 

UV-Cabinet CAMAG (Berlin), UV INSPECTION 022.9070 

Vortexer Scientific Industries (Bohemia) Vortex Genie 2 

Water bath Huber (Offenburg) CC1 

 

A3.2. Software and databases 

Table 2: Overview of electronic media employed 

Product Manufacturer Application 

Algaebase National University of Ireland Algae taxonomy database 

Basic Local Alignment 

Search Tool (BLAST) 

National Center for Biotechnology 

Information 

Protein sequence alignment 

Braunschweig Enzyme 

Database (BRENDA) 

Technische Universität 

Braunschweig 

Enzyme research 

ChemBio Draw Ultra 

14.0 

Cambridge Soft Drawing of chemical structures 

Chromeleon Dionex Data analysis UHPLC 

Clone Manager 8 Scientific & Educational Software In silico DNA sequence 

analysis 

DataAnalysis Bruker Data analysis MS 
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Product Manufacturer Application 

EndNote X7 Clarivate Analytics Literature citing managing 

GENtle Universität Köln In silico DNA sequence 

analysis 

HyStar Bruker UPLHC-MS System control 

LibraryEditor Bruker MS-Spectra database 

ProtParam tool ETH Zürich Analysis of protein parameters 

QuantAnalysis Bruker Quantification of MS-data 

ScanIt Thermo Scientific MTP-reader control software 

SigmaPlot 11.0 Systat Software Data visualization 

Statgraphics Centurion 

XVII 

Statpoint Technologies Data analysis for DoE 

UNICORN GE Healthcare Life Sciences FPLC System control 

Web of Knowledge Thomson Reuters Literature research 

 

A3.3. Enzymes and reagents 

Table 3: Overview of the enzymes and reagents used 

Name Manufacturer Catalog number 

1-Phenyl-3-methyl-5-pyrazolone Sigma-Aldrich M70800 

2-Heptanol Sigma-Aldrich H3003 

Acetic acid Sigma-Aldrich 338826 

Acetone Carl-Roth 7328 

Acetonitrile LC-MS grade VWR 83040.320 

Acetyl xylan esterase from 

Orpinomyces sp. (1,000 U) 

Megazyme E-AXEAO 

Adenosin-5´-triphosphate Carl-Roth K056 

Adenosin-5'-phosphat, bi-Na-salt Alfa Aesar J61643 

Ammonium solution 32% Carl-Roth P093.1 

Anhydrotetracycline IBA 2-0401-001 

Bovine serum albumin Sigma-Aldrich A2153 

B-PerTM Merck 78248 

Bugbuster® protein extraction reagent Thermo-Scientific 70584-4 

Calcium chloride Carl-Roth 5239.1 

Carbenicillin AppliChem A1491 

Cobalt chloride Alfa Aesar A16346 

Copper chloride Alfa Aesar A16346 

DA-64 Wako Chemicals 043-22351 
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Name Manufacturer Catalog number 

Dioxane Sigma-Aldrich 296309 

DMF Carl-Roth T921.1 

DMSO Carl-Roth AE02.1 

DNase AppliChem A3778.0500 

Ethanol absolute VWR 20821.321 

Galactomannan Megazyme P-GALML 

Glucose oxidase Sigma-Aldrich G2133 

Glucomannan Megazyme P-GLCML 

GoTaq DNA-polymerase PROMEGA M3001 

Guanosin-5´-triphosphate Carl-Roth HN53.1 

HEPES  Carl-Roth HN78.3 

Horseradish peroxidase Sigma-Aldrich P6782 

IPTG Carl-Roth CN08.3 

Iota-carrageenan (analytical grade) Carl-Roth 3675.1 

Iota-carrageenan (technical grade) Marcel carrageenan SMIII033-13 

Aquagel GU8435 

Iron chloride tetrahydrate Carl-Roth P742.1 

Isopropanol Carl-Roth 7343.1 

Kappa-carrageenan (analytical grade) Carl-Roth 3059.1 

Kappa-carrageenan (technical grade) Marcel carrageenan SMIII033-13 

Aquagel GU8450 

Lambda-carrageenan Marcel carrageenan SMIII033-13 

Aquavis GU8123 

Lysozyme Carl-Roth 8259.2 

Magnesium chloride hexahydrate Sigma-Aldrich 31413 

Methanol LC-MS VWR 83638.320 

MOPS  Carl-Roth 6979.4 

Nickel chloride hexahydrate AppliChem A3917 

Pectin GENU® type LM-12 CG low 

ester standardized with sucrose 

CP Kelco 0002004 B.GR03496 

Peptone from casein Carl-Roth 8952.5 

Phenol red Alfa Aesar B21710 

Phosphoenolpyruvate Sigma-Aldrich 860077 

Phusion high-fidelity DNA-

Polymerase 

New England Biolabs M0530 

p-nitrophenol Sigma-Aldrich 425753 

Potassium 4-nitrophenyl sulfate Sigma-Aldrich N3877 

Potassium phosphate dibasic Carl-Roth P749.3 
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Name Manufacturer Catalog number 

Potassium phosphate monobasic Merck  1.04873.1000 

Potassium sulfate Merck 221368 

Pullulan standard Sigma-Aldrich 53168 

Pyruvate oxidase Sigma-Aldrich P4591 

Rohament® CL AB Enzymes 9012-54-8 

Rohapect® B1L AB Enzymes 9032-75-1 / 9012-54-8 / 

37288-54-3 

Rohapect® UF AB Enzymes 9032-75-1 

Rubidium chloride Alfa Aesar 12892 

Sodium, metallic VWR 8222840250 

Sodium-azide Sigma-Aldrich 71290 

Sulfur trioxide triethylamine complex Sigma-Aldrich 84739 

Thiamine pyrophosphate Sigma-Aldrich C8754 

Trifluoroacetic acid Sigma-Aldrich T6508 

TRIS Carl-Roth AE15.2 

TRIS-HCl Carl-Roth 9090.3 

Xylan Carl-Roth 7500.1 

Zinc chloride Merck 1.08816.0250 

Zink sulfate Merck 1.08883.1000 

 

A3.4. Special consumables 

Table 4: Overview of the special consumables employed 

Material name Manufacturer Catalog number 

96-well deep well plate 2.0 mL 

(DWP) 

Greiner Bio-One 780271 

96-well microtiter plate F-Bottom 

(MTP) 

Greiner Bio-One 655101 

96-well deep well plate U-Bottom, 

Riplate 

Ritter 43001-0020 

96-well silicon cap mat Whatmann 7704-0105 

96-well PCR-plate Brand 781350 

Aluminum sealing film Axygen PCR-AS-200 

Breathable sealing film Axygen BF-400-S 

Filter plate 0.2 µm Supor Pall Corporation PN 8019 

Pipette tips PHS 5-300 µL Brand 732150 

Glass tubes borosilicate, 15 mL VWR 212-7442 
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Material name Manufacturer Catalog number 

Syringe filters, PTFE 0.2 µm VWR 514-0068 

Column UPLC NUCLEODUR C18 

Gravity, 1.8 µm, 100 mm, ID: 2 mm  

Macherey-Nagel SN E16110239 

LOT 37205011 

Column YMC-Triart Diol HILIC, , 

1.9 µm, 100 mm x 2.0 mm ID 

YMC Europe TDH12SP9-1002PT 

LOT 11115 

HisTrap FastFlow 5 mL GE Healthcare Europe 17-5255-01 

HisTrap Desalting HiPrep 26/10  GE Healthcare Europe 17508701 

GeneJETTM Plasmid Miniprep Thermo Fischer Scientific K0502 

Strep-Tactin® Sepharose® Column 

Gravity flow 

IBA Life Sciences 2-1202-001 

Nucleospin® Gel and PCR Clean-up 

Kit 

Macherey-Nagel  740609.250 

Roti®-Nanoquant Kit for protein 

determination (Bradford) 

Carl-Roth K880.1-3 

 

A3.5. Microalgal biomass 

Dry biomass from the strains listed in Table 5 was externally obtained and employed for the transfer, 

evaluation, and validation of the PMP UHPLC-MS method for microalgal carbohydrates. Biomass 

from C. vulgaris was obtained commercially, the cultivation method is not available. All other 

microalgae were cultivated under no nutrient limitation and without light stress for 14 days at 25°C. 

The culture media were prepared as reported before (EPSAG, 2018). 

Table 5: Overview of the microalgal strains for PMP UHPLC-MS method transfer, evaluation, and validation. N.A. not 

available.  

Strain Producer Culture medium 

Chlorella vulgaris Algomed (Klötze, Germany) N.A. (commercial product) 

Phaeodactylum 

tricornutum 

Institut für Pharmazie, EMAU 

Greifswald 

SWES 

Nannochloropsis salina Institut für Pharmazie, EMAU 

Greifswald 

SWES 

Phorphyridium 

purpureum  

Institut für Pharmazie, EMAU 

Greifswald 

f/2 supplemented with trace 

elements 

Dunalliela salina Institut für Pharmazie, EMAU 

Greifswald 

DUN supplemented 

Scenedesmus ovalternus Institut für Pharmazie, EMAU 

Greifswald 

BG-11 

 

The Ernst-Moritz-Arndt-Universität (EMAU) in Greifswald (Germany) performed a comprehensive 

strain screening to find promising microalgae with a balanced composition in the context of a bio-

refinery. Thus, the microalga Scenedesmus obtusiusculus A189 was selected for experiments 
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concerning enzymatic hydrolysis of algal carbohydrates. Different biomasses of this specie were 

produced by the EMAU and employed in this work. Some of them were cultured using optimized 

media for carbohydrate production, while others were lipid-extracted by the industrial partner 

NATECO2. The different biomasses, their treatments and applications in this work are detailed in 

Table 6. 

Table 6: Overview of the biomasses from S. obtusiusculus A189 addressed throughout this work 

Denomination Medium optimization Lipid-extracted Application (section) 

ABV1-3 Yes No 
Culture optimization (section 

A4.2) 

ABV6-13 Yes Yes 
Enzymatic saccharification 

(section A4.3) 

 

On the other hand, the biomass from the strains listed in Table 7 was cultured by the author at the 

Algal Biotechnology Laboratory of the University of Queensland (Australia). A 1000 mL pre-

culture in nutrient replete conditions was grown for 5 days from the strain collection. After that, the 

pre-culture was split under sterile conditions into 150 mL triplicates. Each triplicate was then 

cultured using different conditions for further 14 days. The biomass was collected by centrifugation 

(5,000 x g) and lyophilized for analysis. The resulting biomass was analyzed by Sinzinger (2016) 

using the transferred PMP UHPLC-MS method. 

Table 7: Overview of microalgal strains cultured at The University of Queensland for method characterization 

Strain Culture medium Triplicate culture conditions 

Chaetoceros muelleri 
f/2 supplemented with trace 

elements 

Nitrogen replete (~80 mg L–1 NO3) 

Nitrogen deplete 

Tetraselmis sp.  
f/2 supplemented with trace 

elements 

Nitrogen replete (~160 mg L–1 NO3) 

Nitrogen deplete 

Isochrysis galbana 
f/2 supplemented with trace 

elements 

Nitrogen replete (~160 mg L–1 NO3) 

Nitrogen deplete 

Phaeodactylum 

tricornutum.  

f/2 supplemented with trace 

elements 

Nitrogen deplete: white, red and 

green light 

Spirulina sp.  Spirulina medium modified 
Nitrogen replete (~160 mg L–1 NO3) 

Nitrogen deplete 

 

A3.6. Monosaccharide analysis by PMP UHPLC-MS 

6 mg algal biomass was mixed with 6 mL 2 M TFA in borosilicate glass tubes. The resulting 

suspension was incubated at 121°C in a heating block either for 90 min (referred as TFA standard 

hydrolysis) or a variable time for the optimization experiments. After cooling in a water bath, the 

mixture was neutralized with a 3.2% (v/v) ammonium solution (pH 8 ± 0.05) inside of an ice bath. 

25 µL of the neutralized hydrolysate were transferred into a 96-well PCR plate and 75 µL of PMP 

derivatization mix (0.2 M methanolic-PMP-solution: 1.6% v/v NH4OH solution, 2:1) were added. 



Microalgae    Materials and Methods  29 

After mixing and centrifuging (2,000 x g, 20 min, 20°C), the plate was incubated at 70°C for 

100 min in a PCR cycler. A 20 µL aliquot of the derivatized samples was mixed with 130 µL of a 

0.5 M diluted (1:26) acetic acid solution. The mixture was transferred to a Supor filter plate and 

centrifuged (2,500 x g, 5 min, 20°C) into a MTP. The plate was then sealed with a silicon mat and 

the samples were analyzed by the HT-PMP method, as previously described (Rühmann et al., 2014).  

A3.7. Oligosaccharide analysis 

Samples containing oligosaccharides (1 – 3 g L–1) obtained from enzymatic or chemical 

hydrolysates were brought to pH 8 ± 0.05 with a 3.2% (v/v) ammonium solution. A 25 µL aliquot 

was derivatized with 75 µL derivatization mix (0.2 M methanolic-PMP-solution: 1.6% v/v NH4OH 

solution 2:1) in 1.5 mL test tubes in a water bath using the conditions described above. 0.5 M acetic 

acid (25 µL), acetonitrile (525 µL) and ddH2O (125 µL) were added. The samples were filtered with 

PTFE syringe filters and analyzed by LC-MS as follows. The mobile phase A consisted of a 5 mM 

ammonium acetate buffer pH 5.6 + 15% acetonitrile (w/w); the mobile phase B was 100% 

acetonitrile. The column (YMC-Triart Diol, Table 4) was tempered to 7°C and the chromatographic 

flow was set to 0.3 mL min–1 with the following gradient: start of mobile phase A at 15% for 3 min, 

following increase to 35% over 4 min for peak elution and immediate returning to the initial 

conditions over the last 5 min for regeneration (UHPLC equipment, Table 1).  

The samples were qualitatively analyzed by MS as extracted ion chromatogram (EIC) of eluted 

peaks and mass fragmentation using the following parameters. The ion-trap was operated in the 

ultra-scan mode (26,000 m/z/s) from 500 to 3,000 m/z. The ion charge control (ICC) target was set 

to 200,000 with a maximum accumulation time of 50 ms and four averages. The ion source 

parameters were set as follows: capillary voltage 4,000 V, dry temperature 325°C, nebulizer 

pressure 40 psi and dry gas flow 6.0 L min–1. Auto-MS-mode with the smart target mass of 1,000 m/z 

and MS/MS fragmentation amplitude of 0.5 V was used. The qualification was performed by 

analyzing the EIC of the m/z value corresponding to the protonated molecules as well as the resulting 

fragments (MS2). 

For the monosaccharides analysis of the supernatants obtained from the enzymatic hydrolysis, 3 mL 

were mixed with 3 mL of TFA (4 M) into a borosilicate glass tube. The mixture was incubated at 

121°C in a heating block for varying times and the monosaccharide content was determined as 

presented in section A3.6. 

A3.8. Protein analysis 

The protein content of algal biomass was performed by elementary analysis. Microalgal biomass 

was weighted (1 – 3 mg) and introduced in the commercial cartridges of the system. The samples 

were gasified in the system and the nitrogen content in mass percentage was obtained. A N-to-

protein conversion factor of 5.03 was employed, as reported before for Scenedesmus microalgae 

(Templeton & Laurens, 2015). 
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A3.9. Enzymatic hydrolysis  

Saccharification of algal biomass: Biomass suspensions (5% w/v) were prepared in ammonium 

acetate buffer 100 mM (pH value depending on the enzyme used, Table 8) in Erlenmeyer flasks and 

supplemented with sodium azide (0.04% w/v) for 48 h. Before adding the enzymes, the biomass 

was preheated for 1 h at their optimal temperature. 

Table 8. Overview of the commercially available hydrolases for the saccharification of algal biomass. cp: protein 

concentration, Topt: optimal temperature 

Enzyme name Provider Declared 

activity 

Topt (°C) pHopt cp (g L–1) 

Rohament® CL AB Enzymes Cellulase 60 4.5 33 

Rohapect® B1L AB Enzymes 

Pectinase 

Cellulase  

Mannanase 

30 3.9 17 

Rohapect® UF AB Enzymes 
Pectinase 

Arabanase 
50 3.2 6.5 

 

The concentration of protein in the commercial enzyme mixtures was determined using the Bradford 

method with a commercial kit, which is reported in Table 4. Depending on this result, the 

corresponding volume of enzyme was added to the biomass suspension, according to the formula:  

𝑉𝑒𝑛𝑧𝑦𝑚𝑒(µ𝐿) =  
𝑚𝐵 ∗ 𝑐𝐸

𝑐𝑃
∗ 106 

(Equation 1) 

Where mB is the amount of weighted biomass in g, cE the desired enzyme concentration in the 

hydrolysis treatment (1, 2 and 4% w/w in gProtein gBiomass
–1), and cP the concentration of protein in 

the enzyme solution in g L–1 (Table 8). The resulting suspension was shaken at 200 rpm in an 

incubator at the optimum temperature; samples were taken by transferring 500 µL suspension in a 

1.5 mL tube and centrifuging at 8000 x g. Finally, 50 µL of the supernatant were incubated at 90°C 

for 10 min to inactivate the hydrolases and stored at –20°C until analysis. Biomass and enzyme 

blanks were also performed and the monosaccharide content resulting from the enzymes was 

corrected, where applicable. After 48 h, the liquid phase was separated from the solid phase by 

centrifugation (SS-34 rotor, 48,808 x g). The residual biomass was lyophilized at –40°C for further 

48 h. The mono-, and oligosaccharides present in both fractions was analyzed using the HT-PMP 

method described in sections A3.6 and A3.7, correspondingly. 
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Saccharification of standard polymers: A volume of 1.5 mL standard polysaccharide suspensions of 

each pectin, xylan, (5% w/v), and galactomannan (0.5% w/v) was prepared using acetate buffer 

50 mM pH 4.0. Rohapect® B1L and Rohapect® UF (Table 8) were added to the suspension to a final 

concentration cp = 1.0% w/w in gprotein gpolymer
–1. The samples were incubated at 40°C for 24 h. After 

5 min incubation at 95°C to denature enzymes, the samples were centrifuged for 30 min 

(21,000 x g). 1 mL supernatant was taken and neutralized with 40 µL 3.2% v/v NH4OH. The pH 

was measured with strips. To all samples, 1 mL isopropanol was added. Samples were then vortexed 

and centrifuged for 30 min (21,000 x g). Proper dilutions of each sample were measured with the 

PMP method (Rühmann et al., 2014). The influence of isopropanol on the derivatization reaction of 

the method was tested on the monosaccharide standards for quantification. 

Acetyl xylan esterase reaction of enzymatic hydrolysate: The hydrolysate obtained from the 

enzymatic treatment (Rohapect® UF, 4% wprotein/wbiomass) of the carbohydrate-rich and defatted 

S. obtusiusculus biomass ABV10 was treated with a commercial esterase (200 U mg–1). The 

hydrolysate was diluted (1:5) in sodium phosphate buffer (pH 6.7, 100 mM) containing 1 mg mL–1 

bovine serum albumin (BSA), and 15 U esterase were added. The mixture was incubated for 3 h at 

40°C and then at 95°C for 5 min to denature the enzyme. A substrate and an enzyme blank were 

also incubated. 
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A4. Results 

A4.1. Revealing the diversity of algal monosaccharides: Fast carbohydrate 

fingerprinting of microalgae using crude biomass and showcasing sugar 

distribution in Chlorella vulgaris by biomass fractionation 

Based on the previously developed HT screening platform for bacterial exopolysaccharides by 

Rühmann et al. (2014), this publication describes the transfer of the method for sugar determination 

in microalgal biomass. The procedure was applied to investigate the carbohydrate distribution in the 

model microalga C. vulgaris. The first step of the method transfer consisted in hydrolyzing the algal 

polysaccharides directly from crude or previously processed (e.g., lipid-extracted) biomass using 

TFA. The released monosaccharides were then derivatized with PMP under the previously 

optimized reaction conditions for microplate format. The resulting sugar derivatives could be then 

easily separated in RP-modus in only 12 min running time. Further, they presented UV absorbance 

for its detection and, most importantly, were ionizable for MS-analysis. These advantages allow the 

user a simplified detection and elucidation of uncommon algal sugars via mass fragmentation. 

After a brief discussion of the existing chromatographic methods for the separation and 

quantification of the variety of monosaccharides found in microalgae, the results of the carbohydrate 

analysis of crude biomass from six different strains are presented. In addition to the commonly 

found neutral sugars (e.g., glucose, mannose, galactose) various substituted monosaccharides could 

be detected in the microalgae, such as deoxy-, methyl-, amino-, and sulfated sugars, uronic acids 

and combinations thereof. This feature outperforms conventional analytical methods, as most of 

them are optimized for the detection of carbohydrates from terrestrial sources. To ensure that the 

quantification in the algal hydrolysates is reliable, the percentage recovery of a known solution of 

monosaccharides was determined by spiking each hydrolysate. Very good results (90% – 105% 

recovery of eight sugars) were obtained for five out of six strains. 

Besides, to demonstrate the potential of this method for the study of the carbohydrate distribution 

in microalgae, a lab-scale biomass fractionation process was designed and applied to the model 

microalga C. vulgaris. The process yielded a high monosaccharide recovery of 82%. Ultimately, the 

sugar amounts present as storage starch, structural polysaccharides, glycolipids and glycoproteins 

were determined, showing a carbohydrate profile of C. vulgaris for the first time in the literature. 

The impact of specific potential interfering compounds on the quantification (e.g., amino acids and 

lipids) was evaluated by spiking the corresponding enriched fractions, for which good recoveries 

between 90% and 110% were obtained. 

The author designed and conducted all the experiments and wrote the manuscript under the 

supervision of his co-authors, which contributed to content, quality, and language of the article.  
 

In addition to the published article, the results of a design of experiments are presented separately. 

These was performed to investigate the TFA standard hydrolysis on C. vulgaris in more detail.  
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Appendix: Supplementary Data 
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Design of experiments for TFA hydrolysis: 

The process in which the glycolytic bonds within a polysaccharide are broken is called hydrolysis. 

In this reaction, the bond between two monosaccharides of a sugar chain is cleaved by addition of 

a water molecule catalyzed by acids, bases or enzymes. Simultaneously to monomer release, sugar 

degradation processes (e.g., de-hydration) occur during chemical hydrolysis, as temperatures above 

100°C are required (Qian et al., 2005). The monomers involved play a significant role in the 

breakability of the glycosidic bond. Disaccharides presenting uronic acid and hexoses for example, 

can still be found after standard TFA hydrolysis of exopolysaccharides, which indicates incomplete 

hydrolysis (Rühmann, 2016). Because of these two facts (i.e., sugar degradation and incomplete 

hydrolysis) carbohydrate underestimation in algal biomass using TFA hydrolysis cannot be 

excluded, as discussed in the paper above. Therefore, the verification of the TFA standard hydrolysis 

(90 min, 120°C, 2 M TFA, 1 g L–1 biomass concentration) prior to PMP derivatization and 

quantification is a key aspect to ensure an accurate sugar determination. 

To investigate the impact of different hydrolysis parameters on the monosaccharide yield, a design 

of experiments (DoE) was conducted in four experimental blocks using C. vulgaris biomass. 

Temperature (100 – 150°C), hydrolysis time (60 – 120 min), TFA (1 – 4 M), and biomass 

concentration (0.5 – 5 g L–1) were varied in a central composite design (24 samples with star points). 

The central point (CP, 90 min, 125°C, 2.5 M TFA, 2.75 g L–1 biomass concentration) was analyzed 

nine times. Each experimental block was carried out applying the same temperature. The output 

parameters evaluated were concentration of released: glucose, neutral sugars excluding glucose 

(NS), sugar acids (UA), and amino sugars such as GlcN. The obtained results are presented in Table 

9. 

High concentrations of corresponding monomers in the hydrolysates are shown by a darker shading. 

Soft hydrolysis treatments in terms of temperature were recorded in the upper part, whereas the 

harsher conditions are found in the lower part of the table. Noticeable, carbohydrate dimers were 

found in almost all samples treated at 100°C, which indicates a partial hydrolysis of the biomass 

polysaccharides. As no standard was available to quantify these compounds, its occurrence was 

expressed summing the peak area of each disaccharide and reported in a scale + (lower third) to +++ 

(upper third). Within samples treated at 100°C, GlcN and UA were mostly detected at 5 g L–1 

biomass concentration. Samples treated at 150°C showed a similar picture, as mostly those samples 

treated for 60 min and 5 g L–1 biomass concentration yielded these sugars. This can be assumed to 

occur because of degradation occurring at longer times than 60 min, since no dimers were detected 

in these samples. 

The highest total monosaccharide yields were obtained at conditions close to and at the CP (light 

red). To verify these results, an additional set of samples to the DoE (Block 5) was examined at 

conditions close to the CP, but with increasing treatment time and varying TFA concentrations (blue 

marked samples).   
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Table 9 Monosaccharide yield (in mg per g dry biomass) of C. vulgaris after TFA hydrolysis under different 

conditions. Block 1-4: 24- Central Composite Design. The CP are marked in light red. Block 5: additional samples, 

marked light blue (see Text). t: time, T: temperature, c: concentration, B: biomass, Glc: glucose, NS: neutral sugars, 

GlcN: glucosamine, UA: uronic acids. Dimers are expressed as the sum of the peak area. Darker green indicates 

higher monosaccharide concentration. 

B
lo

ck 

Sam
p

le
 

t T cTFA  cB Glc NS GlcN UA 
Dimer  

Total 

Nr. Nr. min °C M g L–1 mg gB
–1 mg gB

–1 

1 1 60 100 4 0.5 168.4 88.9 0.0 0.0 ++ 257.3 

1 2 60 100 1 0.5 131.2 69.3 0.0 0.0 + 200.4 

1 3 60 100 4 5 188.7 52.9 3.0 2.5 + 247.2 

1 4 60 100 1 5 127.4 42.7 0.0 1.2 +++ 171.3 

1 5 90 100 2.5 2.75 208.6 55.8 3.0 0.0 + 267.4 

1 6 120 100 1 0.5 255.4 90.4 0.0 0.0 ++ 345.7 

1 7 120 100 4 0.5 197.2 85.4 0.0 0.0 0.0 282.6 

1 8 120 100 1 5 205.7 56.0 1.7 1.4 +++ 264.8 

1 9 120 100 4 5 216.6 59.5 3.8 2.6 ++ 282.5 

2 10 90 125 2.5 2.75 225.6 61.5 4.7 8.5 0.0 300.2 

2 11 90 125 2.5 2.75 207.6 57.2 4.7 8.3 0.0 277.8 

2 12 90 125 2.5 2.75 213.8 58.2 4.7 8.7 0.0 285.5 

2 13 90 125 2.5 2.75 247.4 67.3 5.3 8.7 0.0 328.6 

2 14 90 125 2.5 2.75 237.7 63.8 5.0 8.7 0.0 315.2 

2 15 90 125 4 2.75 222.5 62.2 5.9 10.5 0.0 301.1 

2 16 90 125 2.5 5 229.4 58.3 4.6 6.0 0.0 298.3 

2 17 120 125 2.5 2.75 217.7 56.0 5.5 8.6 0.0 287.8 

3 18 90 125 2.5 2.75 206.4 59.3 4.9 9.2 0.0 279.8 

3 19 90 125 2.5 2.75 207.5 62.6 4.8 9.1 0.0 284.0 

3 20 90 125 2.5 2.75 207.7 61.6 4.8 9.4 0.0 283.5 

3 21 90 125 2.5 2.75 281.9 72.1 4.9 8.2 0.0 367.2 

3 22 60 125 2.5 2.75 218.2 64.5 4.6 8.8 0.0 296.1 

3 23 90 125 2.5 0.5 192.5 86.7 0.0 0.0 0.0 279.2 

3 24 90 125 1 2.75 228.7 61.6 4.1 6.6 0.0 301.0 

4 25 60 150 4 5 128.9 33.3 4.7 6.2 0.0 173.1 

4 26 60 150 1 5 212.9 53.6 4.9 6.4 0.0 277.8 

4 27 60 150 1 0.5 226.7 72.4 9.1 0.0 0.0 308.1 

4 28 60 150 4 0.5 154.7 67.5 0.0 0.0 0.0 222.2 

4 29 90 150 2.5 2.75 113.2 33.3 5.0 0.0 0.0 151.5 

4 30 120 150 4 5 102.0 28.1 5.9 0.0 0.0 136.1 

4 31 120 150 1 5 173.0 42.0 4.4 4.8 0.0 224.2 

4 32 120 150 4 0.5 88.0 24.7 0.0 0.0 0.0 112.8 

4 33 120 150 1 0.5 168.0 59.9 9.1 0.0 0.0 237.0 

5 34 180 120 1.5 2 208.2 50.6 3.8 6.3 0.0 268.9 

5 35 300 120 1 2 204.8 45.9 3.3 5.2 0.0 259.3 

5 36 480 120 0.5 2 172.8 47.2 3.4 6.6 0.0 230.0 

5 37 180 120 0.5 2 185.3 52.3 3.0 4.9 0.0 245.4 

5 38 480 120 1.5 2 185.1 42.6 4.3 5.8 0.0 237.8 
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The obtained results give an insight into the influence of TFA hydrolysis on the monosaccharide 

yield of C. vulgaris biomass (Table 5). The input parameters evaluated were defined being as: 

A; time, B; temperature, C; TFA concentration, and D; biomass concentration. A basic statistical 

analysis of the samples at the CP (data from Table 9) is shown in Table 10.  

Table 10 Comparative results of average (µ), standard deviation (SD) and coefficient of variation (CV) of the measured 

central point (CP, n=9) with the minimal and maximal values found. a excluding glucose 

Output 
µ CP 

(mg gB
–1) 

SD CP 

(mg gB
–1) 

CV CP (%) 
Minimal DoE 

(mg gB
–1) 

Maximal DoE 

(mg gB
–1) 

Glucose 226 26 11.3% 88 282 

Neutral sugars a 63 5 7.4% 25 90 

Glucosamine 4.9 0.2 4.2% 0 9.1 

Uronic acids 8.8 0.4 4.6% 0 10.5 

Σ 302 30 9.9% 113 392 

 

A coefficient of variation (CV) of ca. 10% was found for total sugar determination, which indicates 

good reproducibility among single samples. Using the hydrolysis conditions at the CP, 

302 ± 30 mg gB
–1 total monosaccharides could be detected. The lowest value found within the DoE-

range was 113 mg gB
–1 (120 min, 150°C, 4M TFA and 0.5 gB L–1, sample 32, Table 9), which is ca. 

one third of that found for the conditions employed at the CP. If the maximal amounts found for 

each measured monosaccharide are summed up, a theoretical maximum carbohydrate concentration 

of 392 mg gB
–1 can be accounted in C. vulgaris biomass. This value is 30% higher than that 

computed for the CP (302 mg gB
–1). The highest concentration detected for neutral sugars was 

90 mg mB
–1 (sample 6, Table 9), at much lower temperature of 100°C, for 120 min, 1M TFA and 

0.5 gB L–1. This value is ca. 50% higher than the average found for neutral sugars at the CP 

(63 mg gB
–1). Plus, almost twice as much glucosamine (9.1 mg gB

–1) compared to the CP 

(4.9 mg gB
–1) was found in samples 27 and 33, (both 150°C, 1 M TFA, and 0.5 gB L–1, for 60 and 

120 min, respectively).  

These results indicate that each of the four input parameters of the TFA hydrolysis influence the 

release of each monosaccharide (outputs) differently. To analyze these dependences, a multiple 

linear regression model was created for each output based on the data generated by the DoE. The 

first step of this methodology is the determination of the statistically relevant input parameters for 

each output variable with a standardized pareto chart (Figure 5A). In this chart, the standardized 

effect of each input as well as their interactions is calculated by the software used (Table 2). The 

length of each bar in the diagram is proportional to the value of a t-statistic computed for the 

corresponding effect. The bars with higher values than the vertical line indicate those statistically 

significant, so called main effects within the selected confidence interval of 95%. For glucose, this 

analysis revealed that the parameters B (temperature) and C (TFA concentration) along with their 

interaction (BC) are statistically significant. Besides, the interactions between A (time) and B 

(temperature) as well as the quadratic effect of the temperature (BB) play a significant role in the 

release of glucose. The biomass concentration (D) does not affect significantly glucose hydrolysis. 
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Figure 5: Multiple linear regression model for output glucose concentration in mg gB

–1 A. Standardized pareto diagram 

after excluding non-significant effects (confidence interval 95%,), B. main effects plot, C. Surface response plot for 

temperature (°C) and cTFA (M), D. Surface response plot for time (min) and temperature (°C) 

The impact of each significant parameter on the output variable can be better visualized with a main 

effect plot (Figure 5B). The lines indicate the estimated change in glucose yield as each factor is 

moved from the low to the high level selected in the DoE, with all other factors held at their optima 

within the investigated range. For glucose, a maximum yield was found at 119.2°C and 1.8 g L–1 

biomass, which lies within the investigated range. The glucose release increased with longer 

hydrolysis times and lower TFA concentration, reaching the highest yield at the DoE boundary 

values (120 min and 1 M, respectively). This means that global optimum parameters for TFA and 

hydrolysis time may well be found beyond these set values. Additional explorative biomass 

treatments outside the DoE range for time and TFA concentration at optimum temperature and 

biomass concentration (Table 9, blue shaded samples) did not yield higher glucose concentrations. 

Thus, a local maximum glucose yield could be found at the DoE high boundary of parameter A 

(time) and low boundary for C (TFA concentration). 

Once the relevant parameters were established, a fitting equation for output yield was obtained for 

glucose:  

 

𝐺𝑙𝑐 = −1596.9 +  4.8 ∗ 𝐴 +  25.2 ∗ 𝐵 +  64.9 ∗ 𝐶 −  0.03 ∗ 𝐴 ∗ 𝐵 −  0.08 ∗ 𝐵2  −  0.59 ∗ 𝐵 ∗ 𝐶 
 

(Equation 2) 
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A 3-D representation of the model as surface response plots based on the fitting equation helps for 

better visualization (Figure 5C-D). As mentioned above, the highest glucose yields within the DoE 

range are obtained at 1 M TFA concentration (120 min, 1.8 g L–1 biomass). If the concentration of 

TFA is increased up to 4 M, lower temperature values than the optimum found can help maintain a 

yield around 240 mg gB
–1. Furthermore, a clear temperature pattern is observed for the time span 

between 60 and 120 min (1 M TFA, 1.8 g L–1 biomass). Consequently, glucose yields of around      

240 mg gB
–1 could be obtained by the combination short time and high temperature or long time and 

lower temperature.  

The same multiple linear regression analysis was performed for the rest of the output variables and 

is reported in the Appendix section: identification of significant factors for all outputs with a pareto 

chart (Figure A1), main effect plots and surface response plots for the significant interactions of the 

yield for neutral sugars (Figure A2), uronic acids (Figure A3), and glucosamine (Figure A4). The 

underlying equations are also reported in Table A 1.  

To simplify the statistical analysis, all non-glucose monosaccharides from C. vulgaris (galactose, 

mannose, ribose, rhamnose, arabinose/xylose) were grouped into the output parameter “neutral 

sugars”. For these sugars, a clear optimum could be found within the selected range for temperature 

(113.2°C) and biomass concentration (0.56 g L–1); both values being lower than those for glucose. 

Local maxima for TFA concentration and hydrolysis time were found, again, at the range 

boundaries. However, none of these two parameters resulted to be statistically significant, i.e., 

values outside the range may only negligibly increase sugar yield, as can be seen from the flat 

surface response plots for neutral sugars (Figure A2 B-C). 

The maximum release of uronic acids could be achieved by a biomass concentration of 3.5 g L–1, a 

temperature of 127°C and the highest TFA concentration of the DoE range (Figure A3). It is not 

clear whether the highest or the lowest DoE boundary value for parameter A (time) is best to 

maximize uronic acids yield. For a statistically significant release however, the hydrolysis time 

plays a minor role.  

Finally, the optimum conditions to maximize glucosamine yields were found to be 2 g L–1 biomass, 

a relatively high temperature of 149°C, and the low boundary of TFA concentration and hydrolysis 

time within the DoE range (Figure A4). These two last parameters, however, should not influence 

significantly glucosamine release according to the corresponding pareto chart.  

A summary of the optimum hydrolysis conditions found to maximize each output within the DoE 

range is presented in Table 11.  

Table 11 Hydrolysis parameters found to maximize sugar yields of C. vulgaris biomass within the DoE range. Values 

obtained by multiple linear regression analysis of the data generated. Underlined bold entries indicate statistically 

significant parameters according to the corresponding pareto analysis. TFA: Trifluoroacetic acid  

Output variable  

A  

time 

(min) 

B  

temperature 

(°C) 

C 

TFA 

(M) 

D 

Biomass 

(g L–1) 

Glucose 120 119.2 1.0 1.8 

Neutral sugars 60 113.2 4.0 0.56 

Uronic acids 60 127.3 4.0 3.5 

Glucosamine 60 149.0 1.0 2.0 
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These results corroborate that a single combination of parameters within the investigated range 

could not produce a global optimum yield of all sugars. Instead, local maxima within the DoE limits 

could be determined for single sugars (e.g., glucose and glucosamine), or sugar groups, (e.g., neutral 

sugars and uronic acids). Noticeably, the hydrolysis time (A) is not statistically significant for any 

of the output sugars, which means that its effect is not determining for attaining high sugar yields 

after TFA hydrolysis of the biomass of C. vulgaris. In contrast, temperature and biomass 

concentration play a statistically significant role for three out of four output sugar variables. Further 

discussions on TFA hydrolysis for carbohydrate determination by PMP derivatization in microalgal 

biomass based on the DoE results presented here can be found in section A5.1.  
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A4.2. A one-stage cultivation process for lipid- and carbohydrate-rich biomass 

of Scenedesmus obtusiusculus based on artificial and natural water sources 

This paper illustrates a relevant application of the adapted carbohydrate HT-PMP analytical method 

presented above in the field of microalgal bio refinery. One of the important advantages of biomass 

from microalgae compared to other biogenic resources is the possibility to modulate its composition 

in the short term by designing targeted cultivation strategies. This approach provides high flexibility 

in the production of microalgal biomass as raw material depending on the devised application. In 

this work, subsequent optimization rounds were conducted for culturing S. obtusiusculus A189 

towards maximized carbohydrate and lipid, as well as minimized protein content. Resulting from 

the optimization procedure, a tailored low-cost medium was obtained, enabling a cultivation 

procedure in a single stage for S. obtusiusculus with the desired composition without loss in biomass 

productivity.  

The optimization started with the commonly employed medium for algae and cyanobacteria BG-11. 

In the first round, the nitrate concentration was varied and adjusted to 25% of BG-11. Further, the 

optimal harvesting time was determined as 14 days. Next, the influence of phosphate and iron on 

the biomass composition was investigated, adjusting its concentration to 100% of BG-11 for PO4
3- 

and 10% for Fe. Once these parameters were successfully optimized, the costly BG-11 medium, 

which contains a generic mixture of micronutrients, was replaced by artificial sea water (ABV1 

medium), Baltic Sea water (ABV2 medium) and Peene River water (ABV3 medium).  

The composition of the produced biomass was first monitored in terms of total lipids, total 

carbohydrates and total protein using standard methods (gravimetric analysis of hexane extracts, 

thymol-sulfuric acid method, and ninhydrin assay, respectively). Next, the monomeric sugar 

composition of all generated biomasses was determined using the transferred HT-PMP method. 

Glucose, mannose and galactose were the main sugars identified, as previously reported for several 

Scenedesmus species. The results indicated that a significant amount of the sugars is present as 

energy storage, since glucose (most probably from starch) made up at least 80% of the total 

carbohydrate content after standard TFA hydrolysis of the biomass. Mannose and galactose, which 

are associated to the algal cell wall, represented about 10% and 5% of total carbohydrates, 

respectively. Similarly, the fatty acid composition of the cultured biomasses was determined by GC, 

being C16 (saturated) and C18 (both saturated and unsaturated) the primarily found compounds. 

The generated composition profiles of the biomass set the basis for designing appropriate material 

or energetic utilization strategies. In this case, for example, the use of fermentative organisms that 

can metabolize mannose and galactose would be advantageous for an economic bio refinery process.  

 

The author conducted the experiments to determine the carbohydrate composition, wrote the 

corresponding section 3.2.2 of the manuscript, and contributed to content and language of the article. 
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A4.3. Enzymatic saccharification of carbohydrate-rich algal biomass 

To obtain reducing sugars from carbohydrate-rich biomass from S. obtusiusculus (as produced in 

section A4.2) for their subsequent utilization (e.g., for fermentation), an enzymatic hydrolysis using 

commercial enzyme mixtures was evaluated. The softer conditions employed therein can help avoid 

sugar degradation compared to those used during chemical (e.g., TFA) hydrolysis. The general 

process was performed using lipid-extracted biomass as described in Figure 6. After the enzymatic 

treatment, the liquid and the solid remaining phase were separated by centrifugation. In this way, 

distinction was made between solubilized sugars and insoluble residual carbohydrates. Both phases 

were next analyzed towards monosaccharides (as direct analysis), and those present as short-chained 

oligosaccharides or long-chained polysaccharides via monosaccharide analysis after chemical TFA-

hydrolysis. 

  

 
Figure 6 Enzymatic treatment of carbohydrate-rich biomass and its carbohydrate analysis by LC-MS 

Selection of the commercial enzymes: The enzyme mixtures commercialized under the names 

Rohapect® UF (with declared pectinase and arabanase activity), Rohament® CL (declared cellulase 

activity), and Rohapect® B1L (declared pectinase, cellulase, and mannanase activity) from the 

company AB Enzymes® were selected for the enzymatic treatments (Table 8). These technical 

mixtures are readily available and find typical application in the processing of juices and pulps (to 

improve filterability) and in the fermentative bioethanol production from cellulosic biomass 

(ABEnzymes, 2011a, 2011b, 2013). The justification for their selection can be explained by the 

similar monosaccharide types that can be found in the polysaccharides from juice pulp and peels 

fruits, (e.g., gluco- and galactomannan, arabinoglucan, and pectin) in comparison to those found in 

the carbohydrate-rich biomass from S. obtusiusculus (see section A4.2).  

To test the activity of the selected hemicellulases Rohapect® UF and B1L towards standard 

polysaccharides in advance, commercially available pectin, xylan, and galactomannan were tested 

Soluble carbohydrates 

Insoluble carbohydrates 
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as substrates (see section A3.9 – saccharification of standard polymers). The concentrations of 

monosaccharides found in each hydrolysate are listed in Table 12. 

Table 12 Monosaccharides found in enzyme hydrolysates of standard polymers. Initial concentration of pectin and 

xylan: 50 g L–1. Galactomannan: 5 g L–1. For the recovery calculations, the addition of water due to hydrolysis was 

considered. a As a sucrose content of 36.7% (w/w) was measured in pectin, 34.9 g L–1 were accounted for a 100% 

recovery (including mass increase by water addition due to hydrolysis).  

Standard Monosaccharide 
Rohapect® UF 

(g L-1) 

Rohapect® B1L 

(g L-1) 

 Pectin 

(standardized 

with sucrose) 

GalUA 31.4 14.4 

Gal 1.8 0.0 

Rha 0.7 0.0 

Total 33.9 14.4  

% Recovery a 97% 41% 

Ratio 
GalUA:Gal:Rha 

46.5:2.5:1 

GalUA:Gal:Rha 

1:0:0 

Xylan 

Xyl 9.9 18.1 

Glc 0.9 0.8 

Total 10.8 18.9 

% Recovery 19% 33% 

Ratio 
Xyl:Glc 

11:1 

Xyl:Glc 

24:1 

Galactomannan 

Gal 0.5 0.1 

Man 1.0 0.6 

Total 1.5 0.7 

% Recovery 27% 13% 

Ratio 
Gal:Man 

1:2 

Gal:Man 

1:6 

 

The samples containing pectin and xylan were visibly less viscous after the enzyme treatment. 

Pectinase activity could be confirmed in both enzyme mixtures, though much stronger in 

Rohapect® UF (97% recovery) than B1L (41%). In addition to GalUA, lower amounts of galactose 

and rhamnose were also found in UF hydrolysate. These two monosaccharides have been reported 

within the pectin molecular structure (Pettolino et al., 2012). Furthermore, a modest xylanase 

activity was found for both enzymes, which was not declared by the manufacturer. 33% xylan 

recovery was found after treatment with Rohapect® B1L, while 19% for Rohapect® UF. As xylan is 

a natural product, also trace concentrations of glucose (~1% theoretical yield) were detected in both 

hydrolysates.  

Considering its composition, gluco- and galacto-mannanase activity is an interesting parameter for 

the later enzymatic treatment of S: obtusiusculus, as presented below (Figure 7). According to the 

product datasheet, the employed galactomannan displays a Gal:Man ratio of 1:3.2. The enzyme 

manufacturer declared a mannanase activity for Rohapect® B1L only. However, this enzyme 

displayed a rather poor recovery of 13% towards galactomannan, with a Gal:Man ratio of 1:6. On 

the other hand, Rohapect® UF was able to saccharify galactomannan to a 1:2 Gal:Man mixture with 
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an overall recovery of 27%. Thus, this enzyme showed a better cleaving of the galactose side chains 

than Rohapect® B1L. As both enzyme mixtures seem to act differently on galactomannan, a 

combination of these two enzymes may produce additive effects with S. obtusiusculus biomass. 

Selection of lipid-extracted, carbohydrate-rich biomass from S. obtusiusculus: The lipid fraction of 

S. obtusiusculus carbohydrate-rich biomass (cultured similarly as described in section A4.2), was 

extracted using supercritical CO2 by the industrial partner under different pressure and temperature 

process conditions. According to them, the lipid content of the original biomass was 10.1% w/w 

(101 mg gB
-1) with a moisture content of 4.7% w/w. Consequently, the lipid-extracted biomasses 

designed as ABV6-ABV13 were available for the enzymatic hydrolysis (see Table 6). To identify 

the most suitable defatted biomass for saccharification, their monomeric sugar content was first 

analyzed using the PMP UHPLC-MS adapted method (see section A4.1) and the standard TFA 

hydrolysis. In all these lipid-extracted biomasses, the monomeric sugars glucose, mannose, and 

galactose were mainly found, similarly to biomasses ABV1-ABV3. Contrarily to these analyzed 

biomasses without lipid extraction, rhamnose and trace amounts of fucose and xylose were also 

found in the defatted material (Figure 7). Given the highest carbohydrate content found, the 

biomasses “ABV 10” and “ABV 11” were selected for further enzymatic treatment.  

 

Figure 7 Carbohydrate composition of differently lipid-extracted biomass from S. obtusiusculus after TFA standard 

hydrolysis (see section A3.8). Glc: glucose; Man: mannose; Gal: galactose; Rha: rhamnose; Fuc: fucose; Xyl: xylose. 

n=3 

To achieve a closure analysis, the protein content of the samples was examined using elementary 

analysis (see section A3.8). The results revealed that the biomasses ABV6-13 were composed 

between 37.2 – 39.2% w/w by proteins (Figure A5). Furthermore, the lipid content in the original 
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biomass was reported by the industrial partner as 10% w/w, with extraction yields of 

6.5 – 8.3% w/w. Consequently, the lipid content of the defatted biomasses ABV6-13 can be 

accounted to be in the range 1.7 – 3.5% w/w, with a low moisture content of around 5% w/w 

(biomass was dried after extraction). Accordingly, a theoretical calculated carbohydrate content of 

around 50% w/w (500 mg gB
-1) can be expected in the defatted biomass. However, the results 

obtained by standard TFA hydrolysis (Figure 7) clearly revealed lower sugar concentrations than 

calculated. Softer hydrolysis conditions, such as enzymatic treatments, can be applied to avoid 

degradation and obtain higher sugar yields, as presented below. 

Enzymatic hydrolysis of carbohydrates from ABV10-11 biomass: The selected enzymes 

Rohapect® UF, Rohapect® B1L and Rohament® CL were then tested singly on S. obtusiusculus 

carbohydrate-rich and lipid extracted biomass using three different concentrations (1, 2 and 

4% wprotein/wbiomass). Because of their activity over the biomass polysaccharides, mono- and 

oligosaccharides were released into the liquid phase. After that, the solubilized monomers in the 

liquid phase were derivatized with PMP and quantified using the method presented in section A4.1. 

Further, the amount of sugars released as oligomers was determined by treating the liquid phase 

with 2 M TFA at 121°C, subsequent derivatization, and monomer analysis (Figure 6). To avoid 

carbohydrate degradation in the liquid phase and ensure an accurate sugar quantification, 

experiments were performed using different TFA hydrolysis times to determine at which time point 

a maximum sugar yield can be obtained (Figure A6). In this phase, mainly glucose, galactose and 

mannose were found, together with trace amounts of rhamnose (Figure A7). This correlates well 

with the monosaccharide composition reported after TFA hydrolysis. Besides, the content of 

monosaccharides and polysaccharides in the residual solid biomass was evaluated as well. The 

results of this enzymatic hydrolysis are presented in Figure 8. 
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Figure 8 Carbohydrate composition of differently lipid-extracted biomass from S. obtusiusculus after TFA standard 

hydrolysis (see section A3.9). Glc: glucose; Man: mannose; Gal: galactose; Rha: rhamnose; Fuc: fucose; Xyl: xylose. 

n=3 

In this Figure, the striped bars indicate the amount of sugar solubilized in the liquid phase including 

oligomers. The white dots represent the monosaccharides produced by the commercial enzymes and 

directly released in the liquid medium (saccharification). The results showed a very good 

solubilization of the microalgal carbohydrates by the employed enzymes. However, the 

saccharification of the soluble sugars remained incomplete, as the share of free monosaccharides in 

the liquid phase (○) was comparatively lower than the total carbohydrate content (stripped + gray 

bars). This was especially true for mannose and galactose. Noticeably, the amount of carbohydrates 

in the solid residual biomass (grey bars) differed with the type of enzyme. In general, a more 

effective carbohydrate solubilization could be achieved using Rohapect® UF than with Rohapect® 

B1L and Rohament® CL, especially for glucose.  

By hydrolyzing both the enzymatically solubilized oligomers and the carbohydrates in the residual 

solid phase with TFA, a total carbohydrate quantification of the algal biomass can be achieved. In 

theory, this amount should be the same for each enzymatic treatment, independently of the enzyme 

used or its concentration. However, despite the good reproducibility within triplicates (CV < 10%, 

except Rohament® CL at 1% w/w), relatively large discrepancies were found among them. 

Rohapect® UF 1% and 2% w/w, for example, presented a rather lower total carbohydrate yield 

compared to the rest of the treatments, especially for mannose and glucose (Figure 8). The average 

Glucose

UF 1% UF 2% UF 4%     CL 1% CL 2% CL 4%   B1L 1% B1L 2% B1L 4%

0

50

100

150

200

250

300

350

Mannose

Enzyme (c % w/w)

UF 1% UF 2% UF 4%   CL 1% CL 2% CL 4%     B1L 1% B1L 2% B1L 4%

c
 [

m
g
 /

 g
B
]

0

50

100

150

200

250

TFA Hydrolysate liquid (oligo- and monosaccharides)
Residual biomass TFA hydrolyzed
Monosaccharides in residual biomass
Monosaccharides in liquid phase 

Galactose

Enzyme (c % w/w)

UF 1% UF 2% UF 4%  CL 1% CL 2% CL 4%    B1L 1% B1L 2% B1L 4%

c
 [

m
g
 /

 g
B
]

0

20

40

60

80

100

120

140

160



Microalgae    Results  67 

total carbohydrate yield (sum found in the liquid and residual solid phases) accounted for all 

enzymatic treatments is reported in Table 13. 

 

Table 13 Average total carbohydrate content of S. obtusiusculus defatted biomass after enzymatic and TFA hydrolysis. 

µ = mean value of all enzymatic treatments; SD: standard deviation; CV: coefficient of variation  

 µ (mg gB
–1) SD (mg gB

–1) CV (%) 

Man 139 31 22% 

Glc 216 28 13% 

Gal 78 20 26% 

Total 432 72 17% 

 

As explained above, the theoretical carbohydrate concentration of the biomass was calculated to be 

500 mg gB
–1 based on lipid extraction yields and protein content. After enzymatic treatments 

432 ± 72 mg gB
–1 average carbohydrate content was found (Table 13), so significant sugar 

underestimation by TFA standard hydrolysis cannot be excluded. In fact, the total carbohydrate 

content as well as the amount of each monosaccharide found in both biomasses ABV10 and ABV11 

after enzymatic hydrolysis is higher than that obtained with standard TFA hydrolysis of the raw 

biomass (Figure 7). This discrepancy may be explained by the TFA hydrolysis conditions employed 

for solid biomass (either raw or residual), which were most probably sub-optimal for a maximized 

monosaccharide release. The relatively high protein content of the defatted biomass 

(37.2 – 39.2% w/w, Figure A5) may have promoted Maillard reactions, degrading monosaccharides 

during TFA hydrolysis. An especially high discrepancy was observed for glucose (100 mg gB
–1 in 

TFA hydrolysis, 216 mg gB
–1 enzymatic hydrolysis) and mannose (80 mg gB

–1 TFA and     

139 mg gB
–1 enzymatic hydrolysis).  

As shown in section A4.1 (DoE of TFA hydrolysis) for C. vulgaris algal biomass, 50% higher yield 

of neutral sugars can be obtained when softer hydrolysis conditions than the standard hydrolysis are 

employed (100°C, 1M TFA, 120 min, 0.5 gB L–1). Furthermore, it could be demonstrated that 

different TFA hydrolysis parameters (e.g., TFA and biomass concentration) play an important role 

for the release of different monosaccharides. A detailed discussion of this subject is presented in 

section A5.1. From an analytical perspective, an enzymatic biomass pre-treatment followed by TFA 

hydrolysis of the resulting liquid and solid fractions can help avoid underestimation of microalgal 

carbohydrates. 

LC-MS oligosaccharide detection method: To identify additional enzymes needed for a complete 

saccharification of the biomass, the identity of the oligosaccharides solubilized in the liquid 

supernatant must be resolved. For this, a LC-MS analytical method for identifying short and middle-

long chained saccharides was employed (see section A3.7). The method is based on the same 

derivatization principle as the HT-PMP method for monosaccharides with the main difference that 

the chromatographic separation is achieved with a HILIC-phase instead of a reverse phase column. 

After separation, each compound is analyzed by MS and MS2. As relevant commercial standards 

for oligosaccharides were hardly available, the method was mainly used for a qualitative 

determination of short-chained carbohydrates. To verify its validity, commercially available 
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pullulan (Mw 1,320) was employed as certified reference material. According to the supplier, this 

mixture consists of poly-maltotriose units (α-D-Glc-(1→4)-α-D-Glc-(1→4)-α-D-Glc) of varying 

length linked by α-(1→6) bonds. After chromatographic separation, the monosaccharides forming 

the oligosaccharides present in the sample can be elucidated by fragmenting the generated ions.  

Figure 9A shows the EIC of pullulan after PMP derivatization in a concentration of around 1 g L-1. 

The observed peaks relate to the different oligosaccharides present in this standard. Because of the 

interacting hydroxyl groups of the sugars with the solid phase of the LC column (1,2-

dihydroxypropyl phase), the elution time increases with increasing hydrophilicity (and Mw) of the 

oligosaccharides. The separation resolution of the oligosaccharides in this standard of identical 

monomers decreases with increasing MW, as observed by the peaks with m/z > 1159. These results 

confirm the ability of the method to separate and analyze mixtures of oligosaccharides within 12 min 

elution time. When the eluted peaks are fragmented in MS2 mode, a clear pattern with identical mass 

intervals of 162 is observed. The lightest fragment is then a PMP derivatized hexose having 

m/z = 511 (Figure 9B-D). The mass differences reflect the glucose units (MW = 180 – 18 for H2O 

involved in the glycosidic linkage) forming the oligosaccharides of pullulan. In this way, the 

monosaccharide type (hexose, pentose, etc.) present, as well as its arrangement in the oligo chain 

can be roughly determined using this analysis. With the chromatographic configuration employed, 

the method allowed the detection of oligosaccharides with a chain length of up to 6 – 7 monomeric 

sugars. 
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Figure 9 LC-MS analysis of pullulan 1300 as certified reference material. A. EIC of the relevant species; B. MS2 

Fragmentation analysis of m/z 835; C. Fragmentation analysis of m/z 997; D. Fragmentation analysis of m/z 1159 

Identification of soluble oligosaccharides in enzymatic hydrolysates: As shown in Figure 8, the 

amount of solubilized carbohydrates in the enzymatic hydrolysates of S. obtusiusculus ABV10 and 

ABV 11 (i.e., monosaccharides detected after TFA treatment) resulted higher than that 
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enzymatically saccharified (i.e., monosaccharides found in the same phase without the TFA 

hydrolysis). This suggests the presence of carbohydrates in oligomeric form in the supernatants that 

were not hydrolyzed to monosaccharides by the commercial mixtures employed. According to the 

results above, these oligomers are most probably composed of mannose, galactose, and rhamnose. 

Consequently, the liquid supernatants were examined with the previously presented LC-MS method 

for oligosaccharides. The qualitative results of the enzymatic hydrolysates are exemplary discussed 

for the sample treated with Rohapect® UF at 4% wprotein/wbiomass. The results for Rohapect® B1L and 

Rohament® CL are presented in the Appendix (Figure A8-9). To exclude auto-hydrolysis of the 

biomass or the presence of oligosaccharides in the commercial enzyme mixes, the same analysis 

was performed on a biomass and enzyme control, respectively.  

 
Figure 10 LC-MS analysis by EIC (color) of A. Enzyme hydrolysate (Rohapect® UF 4% w/w); B. Biomass control; 

C. Enzyme control. Hydrolyzed biomass S. obtusiusculus ABV10. In color are the represented specific masses, in black 

BPC (m/z 500 – 3,000) 

As shown in Figure 10, the EIC of the treated sample revealed a complex mixture of 

oligosaccharides with at least 10 different peaks, with m/z ranging from 673 up to 1323. Most of the 

peaks found in the enzymatic hydrolysate were also observed in the biomass control to which no 

enzyme was added, but with a lower intensity. This may indicate a non-enzymatic hydrolysis of the 

biomass resulting most likely from factors such as mechanical forces, pH or thermal conditions. 

Noticeable, the very intense hexose disaccharide peak of m/z 673 at 3 min Rt present in the biomass 

control was found in the supernatant treated with hydrolase Rohapect® UF with a lower intensity. 

Besides, the hexose trisaccharide peak with m/z 835 and 3.6 min Rt of the biomass control was not 

found in the enzymatic hydrolysate. These results indicate enzyme activity on the corresponding 
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sugar dimer and trimer. The control containing only the enzyme mixture did not show peaks 

resulting from oligosaccharides.  

In contrast to the pullulan reference material, the MS2 fragmentation pattern of the averaged peak 

spectra found in the enzyme hydrolysate displays irregular mass intervals (Figure 11). The peak 

with m/z 1039 and Rt 5.2 min, for example, presents a PMP derivatized hexose with m/z 511 

followed by a fragment after a mass increment of 204, and then by two hexose increments of 162 

(Figure 11A). A similar pattern is observed in the peak with m/z 1197, with the difference in the two 

monosaccharides of the non-reducing end presenting mass increments of 146 and 174 (Figure 11B).  

 
 

Figure 11 Averaged MS fragmentation spectra of peaks found in the enzyme hydrolysate (Rohapect® UF 4% w/w). 

A. m/z 1039 (Rt 5.2 min); B. m/z 1197 (Rt 6.5 min). The dotted line indicates the threshold value set for analysis (2000) 

The averaged MS2 mass spectra of all the found peaks can be found in the Appendix (Figure A10-

11). The collected data, together with the information provided by chromatograms (e.g., Rt) and 

mass spectra including their fractionation pattern, allow the algae analyst to assume the identity of 

the oligosaccharides found, as discussed in detail in section A5.1. 

Complementary enzymes for oligosaccharide saccharification: According to the analysis present in 

section A5.1, a polysaccharide esterase may assist a complete enzymatic hydrolysis of 

S. obtusiusculus ABV10 biomass. As discussed there, mainly acetylated sugars are very likely 

present in the saccharified biomass. Preliminary results using an acetyl xylan esterase from 
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Orpinomyces sp. (Megazyme, section A3.9) on the supernatants obtained from the enzymatic 

treatment with Rohapect® UF 4% wprotein/wbiomass showed a significant concentration increase of 

38% mannose, 36% glucose, and 21% galactose. While these results are to be further verified on 

the rest of the hydrolase supernatants, they highlight the potential of this approach for designing 

targeted hydrolysis strategies. 
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A5. Discussion 

A5.1. PMP carbohydrate analysis for algal biomass: advantages, limitations 

and application in biomass development 

One of the main challenges in the analytical field for microalgal carbohydrates is the identification 

and characterization of unknown or rare monosaccharides. The methodology presented in section 

A4.1 (Ortiz-Tena et al., 2016) offers important advantages over existing analysis methods for 

studying carbohydrates from algal biomass. Earlier to this work, other authors (Templeton et al., 

2012) evaluated the performance of various analytical procedures using HPLC, HPAEC, and GC 

for analyzing microalgal carbohydrates. There, different microalgal strains were analyzed and 

several unknown peaks were identified in the corresponding hydrolysates, even five in Chlorella 

vulgaris. Thus, the authors concluded that under- or overestimation of monosaccharides could not 

be excluded with the evaluated methods, e.g., due to likely co-elution of such unidentified 

compounds. 

Unknown compound qualification by MS has become a very powerful and sensitive tool for 

different applications. Data analysis can be performed within a very short time compared to other 

methods, such as NMR spectroscopy. For example, GC coupled to MS is commonly used for the 

determination of unknown volatile compounds. A significant drawback for its use in carbohydrate 

analysis, however, is the challenging volatilization of sugars, which ultimately increase sample 

preparation in most cases. Commonly, trimethyl silane (TMS) or alditol acetate derivatives are 

generated for GC analysis of biomass samples. However, this strategy is sometimes hard to apply 

for charged sugars, i.e. uronic acids or amino sugars. A significant advantage of the PMP 

derivatization in liquid chromatography is its applicability to a wider range of sugar compounds, 

including uronic acids, amino, and sulfated sugars, as demonstrated in this work. An important 

limitation of this type of derivatization is the fact that only aldoses can be detected, as the chemical 

reaction occurs in the aldehyde group of the sugar. Lacking this group, important ketoses 

(e.g., fructose and sorbose) cannot be determined, so that verification with corresponding methods 

is advisable. 

In general, derivatization steps in analytical methods are rather undesired, as they are usually time 

consuming and the compound detection may not be accurate. In the case of the PMP method 

transferred, derivatizing the sugars is a worthwhile step, because the sugars can be analyzed by UV-

absorbance and become at the same time ionizable for MS quantification. This double detection is 

very sensitive and enables identification of sugar compounds in similar measurement ranges. 

Therefore, cross-verification of each compound is possible, rendering the method an additional 

proof of quality. Co-eluting and unknown compounds can be easily identified by analyzing 

corresponding MS fragmentation patterns. Lastly, the separation time of 12 min allows saving 

eluents in comparison to other methods, such as HPAEC. 

Since the PMP derivatization and sample preparation (i.e., derivative stabilization and sample 

filtering) prior to chromatographic separation are conducted in 96-well format, the implementation 

of the method in HT format is feasible (Rühmann et al., 2015). In this work, carbohydrate 

determination from microalgae was rather performed in a medium throughput mode, as the 
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hydrolysis and neutralization steps were carried out in glass tubes. In order to truly perform HT 

analysis of dry biomass, a grinding and weighing platform for biomass samples could be employed, 

as previously demonstrated for lignocellulosic material (Whitehead et al., 2012). A faster and more 

elegant analysis procedure may include the hydrolysis of the algal culture directly from the 

bioreactor, followed by PMP derivatization and sugar quantification. For this, a threshold for 

biomass concentration of 1 g L–1 would be required to perform the analysis with the conditions 

described here.  

A central aspect of the analytical transfer was the qualification and verification of the procedure for 

its suitability and feasibility to analyze microalgal biomass. The suitability of the PMP method on 

microalgal biomass was validated by determining the monosaccharide recovery after spiking 

different algal hydrolysates and process fractions with good results. A more comprehensive 

validation of the method should include the analysis of an external reference material, as commonly 

employed for lignocellulosic materials (Templeton et al., 2016). However, due to the very different 

chemical composition compared to microalgae, the use of a terrestrial biomass as reference material 

(such as sugarcane bagasse or wheat straw from the NIST, USA), would not really validate the 

quantification presented here. Presently, this is a challenging task for algae analysts, as no standard 

microalgal biomass reference material is available yet (ABO, 2017). If this material becomes 

available in the future, its analysis could complement the method validation. 

TFA Chemical hydrolysis of algal biomass: The chemical hydrolysis applied to release 

monosaccharides from biomass is a crucial step in any analytical procedure for carbohydrates. At 

the conditions needed to attain chemical hydrolysis of polysaccharides (i.e., elevated temperature, 

low pH), complex chemical processes occur that are very difficult to predict. At such conditions, 

monosaccharides are not only released but also degraded or become reactive with other components 

present in the sample. The degradation of monosaccharides present in a pure mixture cannot be 

compared to that taking place with polysaccharides in solution (Rühmann, 2016). This indicates that 

the energy needed to cleave the glycosidic bonds plays an important role in monosaccharide 

degradation. Similarly, other molecules present in biomass, such as proteins and lipids, may interact 

with the released monomeric sugars to form complex degradation products, e.g., as occurs during 

the Maillard reactions.  

A detailed investigation of such phenomena lies beyond the scope of this work. However, the 

standard TFA hydrolysis employed was critically evaluated using the DoE methodology (section 

A4.1). There, four different hydrolysis parameters (hydrolysis time, temperature, TFA and biomass 

concentration) were varied for sugar quantification in the model microalga C. vulgaris. The results 

of the analysis confirmed that each input parameter promotes the release of monosaccharides 

differently. The yield of glucose, for instance, can be maximized within the investigated range at 

119°C and 1.8 g L–1 biomass. The parameters hydrolysis time and TFA concentration yielded a 

maximum at the highest and lowest value within the investigated range (120 min and 1 M, 

respectively). From explorative additional samples analyzed beyond these values, it can be inferred 

that a global optimum may most probably be found between 120 – 180 min and 0.5 – 1 M TFA. 

Being a statistically significant parameter, TFA concentration should have a stronger impact in 
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glucose yield than the hydrolysis time and could be chosen first to expand in a closer DoE range 

towards glucose maximization. 

In summary, the DoE allowed to identify the hydrolysis conditions at its CP (90 min, 121°C, 

2 M TFA, 2.5 gBiomass L
–1) as a good starting point for an explorative carbohydrate analysis of 

C. vulgaris, as all the output sugars could be detected. Noticeably, hydrolysis temperature and 

concentration of algal biomass were statistically significant for three out of four output variables 

(Table 11). As biomass concentration directly correlates with the protein content in the hydrolysis 

mixture, its strong influence in the DoE can be associated to Maillard reactions in which the ratio 

of protein to TFA concentration may be involved. Therefore, varying temperature and biomass 

concentration is most suitable to achieve better output yields for the tested sugars, in contrast to 

hydrolysis time and TFA concentration. 

In total, 25 different hydrolysis conditions were investigated to determine carbohydrates with the 

PMP UHPLC-MS method in C. vulgaris. Summing up the maximum yield for each sugar output 

obtained from these samples, 392 mg gB
–1 total carbohydrate concentration can be reported. This 

value is 30% higher than the total sugar yield obtained with the standard hydrolysis conditions      

(295 mg gB
–1) and the CP of the DoE (302 mg gB

–1). The largest difference was observed in neutral 

sugars, for which the yield obtained at the CP and with standard hydrolysis conditions (63 and 

60 mg gB
–1, respectively) was 50% lower than the softer conditions employed in sample 6 of the 

DoE. These results indicate a significant and unavoidable underestimation of monosaccharides in 

C. vulgaris biomass using TFA hydrolysis, most probably due to sugar degradation (e.g., Maillard 

reactions). Consequently, chemical hydrolysis must be carefully interpreted as reference for 

determining saccharification yields (e.g., in enzymatic treatments, as observed in section A4.3). 

Strictly speaking, a DoE analysis is advisable to avoid monosaccharide underestimation in 

microalgal biomass due to sub-optimal hydrolysis conditions. Lastly, PMP carbohydrate analysis 

should be supported by protein and lipid examination to ensure 100% biomass closure. 

Further applications of the PMP monosaccharide analysis method: As discussed above, a very 

important aspect for the design and development of a microalgal bio refinery is the modulation of 

the biomass carbohydrate content. A common culture strategy for this consists in limiting the 

nitrogen availability in the culture media in order to suppress the formation of proteins in the 

biomass (Christian Schulze, Wetzel, et al., 2016). The PMP derivatization and analysis method has 

been used for evaluating strategies to control the carbohydrate content of cultured microalgae 

(Sinzinger, 2016). In his work, Sinzinger determined the sugar content of microalgal biomass grown 

by the author under nitrogen deplete and replete conditions as reported in Table 7. While 

Chaetoceros muelleri and Isocrysis galbana did not show significant increase in the carbohydrate 

content under nitrogen limitation, Tetraselmis sp. and Spirulina sp. triplicated their sugar content 

when no nitrogen was supplemented. 

Another interesting aspect for biomass culture is the type of light employed in the cell growth phase. 

The sugar formation in certain chrysolaminarin-producing microalgal strains, e.g., Phaeodactylum 

tricornutum, seems to be highly dependent on light conditions and day-night cycles (Kroth et al., 

2008). Sinzinger also applied the PMP method to evaluate the carbohydrate content of this strain 

cultivated under different light conditions (Table 7). According to his results, culturing under white 
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and green light increased the sugar content from 80 mg gB
–1 to 150 mg gB

–1 compared to sunlight. 

The use of low-energy red light mainly increased the sugar concentration to 180 mg gB
–1, mostly 

promoting the formation of glucose.  

LC-MS oligosaccharide detection: In addition to the monomer sugar detection method transferred 

for microalgal carbohydrate analysis, the PMP derivatization and MS analysis can also be applied 

to oligosaccharides with reducing ends. A significant advantage of this method is the possibility to 

ionize and fragment short chained sugars for a qualitative composition determination. As shown in 

section A4.3, pullulan and the oligosaccharides released by the hydrolase mixture Rohapect® UF 

can be analyzed. In this section, a general evaluation and interpretation of these unknown oligo 

sugars is presented.  

The mass fragments (MS2) obtained from all the observed peaks in the hydrolysate of 

Rohapect® UF 4% wprotein/wbiomass are summarized in Table 14 (corresponding averaged MS2 

spectra are shown in Figure 11 and in the Appendix, Figure A10-11). According to the results, all 

the oligosaccharides found displayed a very similar fragmentation pattern, especially concerning the 

section of the spectra with the lowest m/z ratio. Noticeably, the fragments having m/z 715 and 877 

(Δm/z 162) were observed in almost all cases. This indicates the presence of a chain pattern that 

may relate to the resistance of the oligosaccharides towards enzymatic hydrolysis by the commercial 

mixtures employed. The higher mass fragments diverge among the peaks with different m/z values. 

Remarkably, the four peaks found with m/z 1239 (green chromatogram in Figure 10) present slightly 

different fragmentation masses with varying intensity (Figure A10). Their distinct retention times 

may suggest a variable monosaccharide arrangement within the chain (e.g., branching), as they 

interact differently with the hydrophilic phase in the chromatographic column. For all the oligomers 

found, a postulation concerning the chain length and (substituted) monomers was made in 

accordance to the number of defined significant fragments (intensity > 2,000, ca. one tenth of 

maximal intensity found) observed in their MS2.  
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Table 14 MS2 fragments of the peaks found in the liquid supernatant of the biomass treatment with Rohapect® UF 

4% w/w. Hex: hexose, Pen: pentose, Ac: acetylated, d-Hex: deoxy-hexose. aThreshold intensity of significant 

fragments: 2000. bIdentity of monosaccharides was assumed based on fragments with lower intensity than threshold. 
dFragment resulted from loss of water of fragment 1149. uUnidentified fragment with Δm/z 82. 

MS  

m/z 

Rt range 

min 
 

MS2 mean significant fragmentsa 

m/z 
Oligosaccharide 

673 2.8 – 3.2  511 - - - - - - - - 2 x Hex Dimer 

835 5.0 – 5.4  511 673 - - - - - - - 3 x Hex Trimer 

1039 5.1 – 5.4  511 - 715 877 - - - - - 

1 x Hex 

1 x Ac-Hex 

2 x Hex 

Tetramer 

1197 6.4 – 6.6  511 - 715 877 - 1023 - - - 

1 x Hex 

1 x Ac-Hex 

1 x Hex 

1 x d-Hex 

1 x Ac-Pen 

Pentamer 

1197 6.9 – 7.1  511 - 715 877 - 1023 - - - 

1 x Hex 

1 x Ac-Hex 

1 x Hex 

1 x d-Hex 

1 x Ac-Pen 

Pentamer 

1239 4.5 – 4.8  511 - 715 877 - - 1065 - - 

1 x Hex 

1 x Ac-Hex 

1 x Hex 

1 x Ac-d-Hex 

1 x Ac-Pen 

Pentamer 

1239 4.8 – 5.1  511 - 715 - 919 - - - - 

1 x Hex 

1 x Ac-Hex 

1 x Ac-Hex 

1 x d-Hex b 

1 x Ac-Pen b 

Pentamer 

1239 5.5 – 5.7  511 - 715 877 - - 1065 - - 

1 x Hex 

1 x Ac-Hex 

1 x Hex 

1 x Ac-d-Hex 

1 x Ac-Pen 

Pentamer 

1239 6.0 – 6.2  511 673 - - - - - - - 

2 x Hex 

1 x Ac-Hex b 

1 x Ac-d-Hex b 

1 x Ac-Pen b 

Pentamer 

1281 3.7 – 4.0  511 - 715 - 919 - - - - 

1 x Hex 

1 x Ac-Hex 

1 x Ac-Hex 

1 x Ac-d-Hex b 

1 x Ac-Pen b 

Pentamer 

1281 4.0 – 4.2  511 - 715 - - - - 1107 - 

1 x Hex 

1 x Ac-Hex 

1 x Hex b 

1 x Ac-Ac-d-Hex b 

1 x Ac-Pen 

Pentamer 

1323 3.3 – 3.6  511 - 715 - - - - - 

1131d 

1149 

1241u 

1 x Hex 

1 x Ac-Hex 

1 x Ac-Hex b 

1 x Ac-Ac-d-Hex b 

1 x Ac-Pen 

Pentamer 

 

Several significant EIC peaks with a clear fragmentation pattern were identified in the above-

mentioned hydrolysate. The fact that all hydrolysate peaks eluted faster compared to those present 

in the reference pullulan (Figure 9) suggests a hydrophobic character of the oligosaccharides. This 

may occur because of two reasons: either the absence of hydroxyl groups in the sugar structures 
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(e.g., deoxy-sugars) or hydrophobic substituents present in the oligomeric chain. As the peaks found 

in the enzymatic hydrolysate present higher m/z ratios than those from the pullulan standard, the 

later seems more plausible (Table 14).  

In the shortest oligosaccharide of this type found (m/z 1039), the fragment sequence m/z 511-715-

877-1039 suggests a tetrameric structure consisting of three hexoses (3 x Δm/z 162) and one 

substituted monosaccharide (Δm/z 204). Given the shorter elution time of this unknown tetramer 

compared to the glucose tetramer present in the pullulan reference material (5.2 < 6.8 min), a 

hydrophobic group bound to the substituted monosaccharide seems possible. The mass difference 

of this unknown sugar compared to a hexose is m/z = 204 – 162 = 42, which exactly corresponds to 

the mass of an acetyl group (Table 14). 

The next oligomers found present a m/z 1197. Again, their shorter retention time compared to that 

of the glucose pentamer in pullulan (6.5 and 6.9 < 8.0 min) suggests the presence of hydrophobic 

substituents within the chain. From its fragmentation pattern, it can be inferred that this 

oligosaccharide is a sugar pentamer with four different types of monomers (Figure 11). The 

oligomeric structure seems to be formed by the same acetyl hexose flanked by two hexoses 

(fragment sequence m/z 511-715-877). The fourth and fifth sugar counted from the derivatized end 

presented mass increments of Δm/z 146 and 174, respectively. The first mass increment of 146 

corresponds well to a deoxy-hexose, such as fucose or rhamnose. Noticeable, both monosaccharides 

were found in TFA hydrolysates of the raw, lipid-extracted biomass ABV10 (Figure 7). Rhamnose 

was even detected in the enzymatic hydrolysates after TFA hydrolysis (Figure A7). The second 

mass increment of 174 may indicate an acetylated pentose, given its mass difference compared to a 

bound pentose (Δm/z = 174 – 132 = 42). As two peaks were found with this m/z at different retention 

times, branching seems possible.  

A similar analysis can be performed for the rest of the oligosaccharides, as presented in Table 14. 

Two of the peaks with m/z 1239 presented significant fragments with Δm/z = 1065 – 877 = 188, 

which fits well with an acetylated deoxy-hexose. For the peaks with m/z 1281 and 1323, fragments 

with rather low intensity were found in the upper region (m/z ~ 1000) of the spectrum (Figure A11). 

Therefore, assumptions were made based on fragments with lower intensity than the threshold of 

2,000. Here, a Δm/z 230 was found, which may indicate a doubled-acetylated deoxy hexose. 

Furthermore, the fragment with m/z 1131 reflects the loss of water of fragment 1149 (Δm/z 18). In 

fact, the very short Rt of these peaks (4.2 and 3.4 min, respectively) indicates a much stronger 

hydrophobic character compared with non- (8.0 min), and lower-grade-acetylated pentamers 

(6.9 min). To confirm this assumption, using a lower fragmentation energy in the ion trap may 

provide a clearer picture, which could also explain the unidentified fragment 1241 (Δm/z 82). 

As mentioned above, the Δm/z 204 next to the derivatized hexose (m/z 511) and the subsequent 

fragment was found in all the oligomers, yielding ion fragments of m/z 715 and 877. According to 

its fragmentation (Figure 11) the block units in Figure 12 seem plausible.  
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Figure 12: Possible oligomeric sugar structure of the peaks found (m/z 1039, 1197 and 1239) in the enzymatic 

supernatant (Rohapect® UF 4% w/w) of the algal biomass of S. obtusiusculus ABV 10. Hex: hexose, Pen: pentose, Ac: 

acetylated, dHex: deoxy-hexose  

The MS2 spectrum of these compounds, however, does not allow a clear conclusion whether their 

structure is linear or branched, as well as about the exact position of the substituted groups. The low 

intensity fragments found in the upper region (m/z ~ 1000) of the spectrum (Figure 11) may indicate 

a branched structure. The presence of branched oligo structures seems possible, as four different 

peaks having m/z 1239 and two with m/z 1197 were found, each presenting differing retention times 

and fragment intensities in the MS2 pattern. 

The fragmentation pattern of all oligosaccharides exhibits a combination of the same mass 

increments 230, 204, 188, 174, and 146. Most probably, highly acetylated oligosaccharides are 

present in the microalgal biomass. Such oligosaccharides may act as protection against hydrolytic 

enzymes. In fact, acetylated hemicelluloses are commonly present in the cell wall of different 

terrestrial plants and some marine organisms, which serve the cells as defense against enzymatic 

degradation (Loft et al., 2009). A more detailed analysis using complementary methods should still 

be carried out (e.g., NMR, IR) to confirm this hypothesis. 

The analysis presented here demonstrates the feasibility of the PMP oligosaccharide method for 

detecting partially hydrolyzed carbohydrates from microalgal biomass. This enables the 

identification of complementary activities for a complete saccharification, as discussed in the next 

section. Accordingly, a much more targeted strategy can be designed to release monosaccharides 

enzymatically from carbohydrate-rich biomass. 

A5.2. Enzymatic hydrolysis of microalgal carbohydrates 

The results presented above demonstrate the feasibility of the proposed approach to design a targeted 

hydrolysis of microalgal biomass by analyzing eventually lacking activities. Concretely, the LC-

MS oligosaccharide analysis employed here on the Rohapect® UF supernatant provides an effective 

tool for identifying complementary hydrolytic activities for increasing sugar monomerization. 

Highly acetylated oligosaccharides were detected after enzymatic hydrolysis of carbohydrate-rich 

and defatted biomass of S. obtusiusculus using the above-mentioned commercial hemicellulase. 

Preliminary experiments using a commercial acetyl xylan esterase on the produced hydrolysates 

yielded positive results towards a complete biomass hydrolysis (section A4.3). 
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This approach has been performed for testing the PMP mono- and oligosaccharide method to 

achieve complete enzymatic saccharification using glucomannan and galactomannan as 

polysaccharide standards (Sinzinger, 2016). In his work, ca. 600 mg gB
–1 total monosaccharide was 

found in glucomannan hydrolysates of Rohapect® UF and around 350 mg gB
–1 of B1L and 

Rohament® CL. The reason for the improved activity of Rohapect® UF remained unclear, given the 

fact that Rohapect® B1L has a declared mannanase activity. Furthermore, similar hydrolytic activity 

on galactomannan were found. As solubilized galactose was detected in the biomass hydrolysates 

generated with both enzymes, it can be inferred that the enzymes are active on the glycosidic bond 

Gal-β-(1→6)-Man of the galactomannan side chain, as described here. These types of linkages may 

also be present in the polysaccharides of S. obtusiusculus and could have been hydrolyzed as well, 

as free galactose was observed in the hydrolysate. Furthermore, Sinzinger employed this method for 

optimizing the saccharification of carbohydrate-rich and defatted S. obtusiusculus grown on pilot 

scale with an approach that included the use of amylase, allowing a distinction between storage and 

cell walls polysaccharides (Sinzinger, 2017). 

To date, numerous studies addressing the enzymatic hydrolysis of plant and algal carbohydrates 

have been reported (Demuez et al., 2015). In addition to the saccharification of biomass for 

subsequent fermentations or bio transformations, enzymatic treatments can be applied to assist 

extraction processes (e.g., for lipids or bioactive compounds) (Zuorro et al., 2016) or for improving 

the production of biogas from biomass (Mahdy et al., 2015). Whatever the goal of the treatment, 

when it comes to employing enzymes for degrading microalgal polysaccharides, promising 

hydrolase candidates are usually more or less arbitrarily selected. The enzymes are employed either 

singly or combined and the saccharification yield is determined by calculating the monosaccharide 

released by the hydrolases compared to those found by chemical hydrolysis. Besides, carbohydrate 

losses resulting from suboptimal hydrolysis conditions are not considered. Thereby, partially 

hydrolyzed carbohydrates released into the liquid phase in form of (substituted) oligosaccharides 

are not considered, which is translated in suboptimal saccharification processes. The methods and 

analysis presented here highlight the need for more accurate and systematic choice of enzymes for 

algal biomass saccharification.   
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A6. Conclusions and Perspectives 

In the first part of this work, the previously developed HT-PMP carbohydrate analytical method for 

bacterial exopolysaccharides was successfully transferred to analyze microalgal biomass. The 

overall performance was very positive and, most importantly, unidentified monosaccharides (e.g., 

amino, methylated and sulfated sugars) could be newly reported in relevant microalgal strains. 

Further, the feasibility of the analytical procedure was demonstrated by generating a carbohydrate 

distribution profile of the model microalga C. vulgaris. The biomass fractioning procedure 

employed for this purpose may well be expanded to any other strain for its comprehensive 

characterization, or also for the screening and analysis of microalgal exopolysaccharides. On the 

other hand, the method was successfully applied to investigate the carbohydrate formation of various 

microalgal strains using currently employed strategies for biomass formation, such as nitrogen 

starvation or light modulation. 

Considering the enormous diversity of still unexplored microalgal strains, the procedure presented 

here provides a powerful tool for a fast evaluation of important selection and culture parameters. If 

appropriate hydrolysis conditions for microalgal biomass in a plate format are designed, a complete 

automatized carbohydrate analysis platform integrating this method seems possible. The main steps 

may include: microalgal inoculation, growth in plate format, micro TFA hydrolysis, and HT-PMP 

analysis. With the advance of powerful gene editing technologies for microalgae, such as CRISPR-

CAS9, high-throughput phenotyping of carbohydrate production (especially rare sugars) can 

become much simpler with the HT-PMP method. 

The possibility of analyzing oligosaccharides using the same derivatization conditions as for 

monosaccharides offers important advantages for the conversion of algal carbohydrates. A complete 

saccharification strategy, for instance, could be accelerated by selecting the appropriate enzymes 

when substituted mono or oligo sugars are presented (e.g., sulfated, methylated, or acetylated). In 

this framework, first results treating the analyzed oligosaccharides with an acetyl xylan esterase 

showed a significant yield increase of 38% mannose, 36% glucose, and 21% galactose in 

comparison to those treated only with the commercial hydrolases. While these results are to be 

further verified on the rest of the hydrolase supernatants generated, they highlight the potential of 

this approach for designing targeted hydrolysis strategies. 

As a very fast processing of samples is possible, different saccharification conditions for enzyme 

combinations may be tested, including pH, temperature, buffer type, enzyme concentration, etc. For 

this, an integration of all procedure steps for both types of sugars (mono and oligosaccharides) into 

one working scheme is required. To make the process more economic, however, a comprehensive 

analysis and optimization of consumables (such as separation columns, buffers, and plate types) 

should be performed.  
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B1. Literature review 

B1.1. Macroalgal biomass  

Macroalgae, commonly referred as seaweed, represent a wide group of multicellular, macroscopic 

marine organisms that grow in very diverse environments. In contrast to microalgae, which are 

capable to freely float in water, most of the macroalgae require a firm attachment point to the marine 

ground. This is achieved by a part of the seaweed called holdfast, a specialized basal structure 

providing anchoring to a surface, often a rock or another alga (Hurd et al., 2014). The size of these 

photosynthetic organisms ranges from a few centimeters up to 60 m. Macroalgae are ecologically 

very relevant, especially in littoral zones, as they participate in the nutrient recycling that form the 

basis for primary production and food chains (Kirkman & Kendrick, 1997).  

Initially, macroalgae were collected from bare coastal accumulations, but in the last years the 

production of seaweed (i.e., aquaculture) has become a true marine agronomic activity on large 

scale. These achievements could be attained in part thanks to the micro-propagation technique 

applied to seaweeds, which allowed a selective breeding of individuals with traits of interest (Reddy 

et al., 2017). The most relevant parameters for production in cultivars include light intensity, 

temperature, water salinity, nutrients and water motion. Recently, various promising approaches for 

the sustainable production of seaweed have been developed, such as the integrated multi-trophic 

aquaculture, in which different species are grown in a single area for nutrient recycling (Azanza & 

Ask, 2017).  

The early uses of macroalgal biomass were limited to human consumption as dried sheets for 

preparing soups, sushi wraps, or rice balls, especially in Asian countries. In the early 60’s and 70’s, 

commercial seaweed production arose in the indo-pacific region to cover the demand for 

hydrocolloids, one of the main products from seaweeds (Neish et al., 2017). Since the 2000’s, the 

annual seaweed production increased considerably at rates of ca. 10% p.a. as a result of the rapid 

industrial expansion and the development of new applications (Cottier-Cook et al., 2016). These 

include the production of several bioactive (e.g., antiviral, antibiotic, anti-inflammatory) 

compounds, toxins, and enzyme inhibitors for relevant diseases (Smit, 2004).  

Different types of products can be obtained from macroalgae, depending on the species, harvesting 

time, weather conditions, etc. Similarly to microalgae, standardization procedures for production 

and processing are required to open the market for new fields (Hafting et al., 2015). Although the 

composition of macroalgae cannot be influenced so easily as for microalgae (and consequently the 

products obtained from them), they have conquered well established markets. Brown algae, such as 

Laminaria sp., have been used for several decades for producing fucoidan and alginic acid. 

Chondrus sp., a red alga, is cultured to obtain carrageenan, and carotenoids are extracted from green 

algae, e.g., Ulva sp. (Holdt & Kraan, 2011). An overview of the most significant compounds 

produced from seaweeds is given in Table 15.  
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Table 15 Main products obtained from seaweeds. Condensed from (Holdt & Kraan, 2011) 

Seaweed Species Carbohydrates Proteins Lipids Pigments 

Brown 

Laminaria 

Fucus 

Ascophylum 

Undaria 

Sargassum 

Alginates 

Fucoidan 

Laminarin 

Mannitol 

Limited 

PUFA 

Glycolipids 

Sterols 

Fucoxanthin 

Violaxanthin 

Carotenes 

Green Ulva Ulvan Lectins Limited Chlorophyll 

Red 

Chondrus 

Porphyra 

Gracilaria 

Kappaphycus 

Porphyran 

Starch 

Agar Carrageenan 

Phycobiliproteins 

Saturated acids 

Phospholipids 

Sterols 

Lutein 

Zeaxanthin 

 

Carbohydrates in the form of polysaccharides are the most abundant component present in 

macroalgae, making up to 65% of the dry weight of some species (Holdt & Kraan, 2011). These 

compounds can easily be extracted with hot water or alkali solutions, which at the same time 

modifies their rheological properties (Azevedo et al., 2015). These polymeric sugars behave in 

solution as hydrocolloids, forming gels and emulsions with differing properties depending on 

different factors, such as chemical structure, temperature, and pH. This property is very convenient 

for their use in diverse industrial fields, including food, feed, chemical, and pharmaceutical. 

Therefore, it is not surprising that seaweeds are especially cultured to produce polysaccharides in 

large scale (Trivedi et al., 2016). 

The most important seaweed hydrocolloids to date include agar, alginates, and carrageenan. 

Together, these three products reached volume sales of around 1,000 million US$ in 2009, a very 

significant growth compared with the 644 million US$ in 1999 (Bixler & Porse, 2011). In the last 

years, however, these numbers have become stagnant to modest growth rates of around 3% p.a. due 

to different reasons, such as price competition and cost increases (Porse & Rudolph, 2017). Thus, 

solutions to increase value added of seaweed processing as well as a market diversification of the 

established products towards new applications are required to change this scenario. Both aspects are 

addressed in the next sections for carrageenan, one of the most industrially relevant hydrocolloid.  
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B1.2. Carrageenan and More: Biorefinery Approaches with Special Reference 

to the Processing of Kappaphycus 

 

The increasing global population and its accompanying raising demand for commodities require not 

only the development of novel sustainable alternatives, but also the improvement of already existing 

processing technologies. This book chapter is devoted to one of the most important products from 

marine resources: carrageenan. This carbohydrate polymer with valuable gelling and thickening 

properties is mainly obtained from red seaweeds, especially from the genus Kappaphycus. The first 

part of the chapter thus presents a literature research concerning the reported chemical composition 

of the seaweed as well as some culturing strategies. Next, the physical-chemical properties of the 

main types of carrageenan (κ-, ι-, λ-) are discussed, together with the most important applications 

in the food industry currently. Besides, some promising valorization strategies for the chemical and 

pharmaceutical sector (e.g., drug delivery) are presented and discussed.  

The second half of the chapter provides an overview on conventional carrageenan extraction and 

refining processes performed in different parts of the world together with numbers on diverse 

commercialized qualities in the market. Most importantly, an evaluation on the by-products 

generated is presented, as well as possible utilization paths with the objective of delineating 

strategies for a bio refinery of this macroalga. Thanks to the gained insights, biotechnological 

approaches, such as enzymatic processing of the seaweeds and carrageenan itself, were identified 

to increase the value added. 

 

The author conducted most of the literature research, provided relevant sources and summarized the 

data for the chapter. The co-authors contributed to sources, content, and language. The chapter was 

written on explicit invitation from expert researchers in the field and book editors. 
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B1.3. Biotechnological processing of hydrocolloids 

In the previous chapter, the importance of finding new methods for adding value to seaweed biomass 

and its products was emphasized. The bio refinery concept is a promising alternative not only for 

red but also for brown seaweed (Kostas et al., 2017). In this context, the application of enzymes 

plays a key role in the development of such processes, as the extraction of bioactive compounds, for 

example, can be performed under much milder conditions (Charoensiddhi et al., 2017). 

Furthermore, bio catalysis allows a much more targeted modification of the substrate of interest than 

a classical chemical conversion. For example, carbohydrate-active enzymes have enabled the 

advancement of valuable products for the food industry, such as cyclodextrin, isomaltulose, high 

fructose corn syrup, and glucuronic acid. An overview of the most industrial relevant enzymes for 

carbohydrates is shown in Table 16. 

Table 16: Carbohydrate-active enzymes of industrial relevance 

Enzyme name Enzyme type Substrate Product  Application 

Cyclodextrin 

Glycosyl 

transferase 

Transferase Liquefied Starch Cyclodextrin Drug delivery 

(pharma) 

Odor absorber 

Sucrose glycosyl 

mutase 

Isomerase Sucrose Isomaltulose 

(Palatinose®) 

Sweetener 

Invertase Hydrolase Sucrose Invert sugar Beverages 

Glucose oxidase Oxidase Glucose Glucuronic acid Energy drinks 

Pectinase Hydrolase Pectin Galacturonic acid Juice industry 

β-Galactosidase Hydrolase Lactose Glucose + 

Galactose 

Lactose-free dairy 

products 

 

The examples presented above are well established bio catalysts that are active on substrates from 

terrestrial biomass sources. Conversely, the discovery and development of enzymes active on 

marine hydrocolloids exhibited little advances in the past years. Similarly to microalgae, current 

methods involve the sheer application of commercially available enzyme mixtures developed for 

other substrates, especially hydrolases (Rhein-Knudsen et al., 2015). Thus, a need for specific 

enzymes active on hydrocolloids has been identified. Carrageenases, for example, can generate 

sulfated oligosaccharides with bioactive properties for the pharmaceutical industry. Other potential 

applications include: bioethanol production, detergent additives, textiles, and generation of 

protoplasts from algae for their study (Chauhan & Saxena, 2016).  

Further enzymes apart from hydrolases and transferases have become relevant for processing 

carbohydrates, such as polysaccharide lyases, carbohydrate esterases, oxidases, and sulfatases 

(Cantarel et al., 2009; Gurpilhares et al., 2016). Due to their ability to modify the chemical structure 

of the sugar chain without breaking it, such enzymes are very promising for developing new 

products or even improving the properties of existing ones. Carbohydrate sulfatases and sulfurylases 

that act with a high degree of regioselectivity on carrageenan, for example, could be used to tailor 

the rheological properties of this product (Hanson et al., 2004). Thanks to the improvements in 
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bioinformatics, numerous potential sources for sulfatases have been annotated in the last decades, 

especially from marine organisms (Barbeyron et al., 2016; Wegner et al., 2013). Based on these 

sequences, endo-sulfatases for converting κ- and ι- carrageenan into hybrid forms were recently 

purified from the marine bacteria Pseudoalteromonas atlantica and Pseudoalteromonas 

carrageenovora (Genicot et al., 2014; Prechoux et al., 2016). However, this was achieved with 

moderate success, as the activity of the recombinant variant showed a much lower activity than the 

variant directly isolated from the marine bacteria. Most importantly, their discovery and purification 

involved numerous chromatographic steps as well as activity analysis using ion chromatography, so 

that these issues remain important limiting factors for a faster development (Helbert, 2017). 

As for other type of enzymes, this problem can be solved by applying medium- and high-throughput 

methods to detect relevant activity, as has been shown for different types of carbohydrate-active 

enzymes (Fer et al., 2012). At the same time, such methods allow the application of functional 

screening using metagenomics. This is achieved by extracting and isolating DNA from 

environmental samples, size selection and insertion in fosmids, which can be then expressed in 

suitable systems (Lam et al., 2015). The use of metagenomics has been successfully applied for 

discovering different types of enzymes, such as cellulases (Leis et al., 2015). For a screening 

procedure to be successful, appropriate assays for detecting enzyme activity must be developed. 

This is an especially challenging task for sulfatases, as the available sulfate detection methods are 

either low-throughput (i.e., ion chromatography) or not enough sensitive for such screenings. An 

assay compatible with suitable screening platforms would greatly facilitate discovering and even 

engineering sulfatases for the biotechnological processing of hydrocolloids from macroalgae, which 

would increase their value added in different fields.  
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B2. Scope of the work 

The main goal of the second part of this work was to develop, evaluate and validate a detection 

assay for screening sulfatase activity. The assay is aimed to simplify the discovery of carrageenan-

active sulfatases from promising microorganisms, such as marine bacteria. Although some sulfatase 

screening assays are readily available, their application is limited to chromogenic substrates, such 

as p-nitrophenyl sulfate. This does not guarantee activity on other substrates of interest like sulfated 

polysaccharides. Therefore, the devised procedure should fulfill special requirements. Firstly, the 

assay must avoid the use of synthetic substrates, i.e., it should directly detect sulfate as product to 

generalize its implementation for any kind of sulfatase. Secondly, the assay throughput shall be high 

enough to screen hundreds of samples within few hours, making it compatible with currently 

employed robotics. As this requirement excludes chromatographic techniques, an enzymatic 

colorimetric assay based on known robust reactions was selected. Once the detection strategy is 

established, it should be improved and adapted for detecting sulfate directly in relevant matrixes for 

sulfatase reactions, such as organic solvents, enzyme buffers and, most importantly, bacterial cell 

lysates. The applicability of the assay for screening sulfatases should be finally demonstrated using 

known and well-established sulfatases. The developed procedure is intended to facilitate the 

exploration of the bio catalytic potential of marine microbial communities. Thereby, a more efficient 

conversion of sulfated polysaccharides from macroalgae can be achieved, which enables an added 

value in different fields.  
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B3. Materials and Methods 

The employed equipment, software, commercial enzymes and consumables for the development 

of the sulfate assay can be found in section A3.1-4.  

B3.1. Cloning 

Table 17 provides an overview of the molecular biology tools for cloning the genes involved in 

the development and validation of the sulfatase assay.  

Table 17 Molecular biology tools for cloning the enzymes’ genes involved in the sulfatase assay 

 

* Primers for the amplification of E. coli cysDN genes: 

fw5’-ATATATCTCGAGTTTATCCCCCAGC-3’ 

rev5’-TATATACCATATGGATCAAATACGAC-3’ 

B3.2. Heterologous enzyme production 

After amplifying the expression vectors using the E. coli cloning strain XL1-Blue (transformation 

by electroporation), the plasmids were purified using the GeneJETTM Plasmid Miniprep kit (Thermo 

Fischer Scientific). 100 – 300 ng of vector DNA was then transferred into expression strains via 

chemical-transformation or electroporation according to Table 18. The transformed cells were 

incubated in SOC medium at 37°C for 1 hour. 100 µL of the transformed cells were cultured in LB 

agar plates at 37°C overnight and one colony was picked and inoculated into 40 mL LB culture 

medium containing the corresponding selection antibiotic. This pre-culture was grown overnight at 

Enzyme Gene ID 
Gene 

length (bp) 
Organism 

Expression 

vector 
Cloned by Ref. 

PPDK AJ549196 2 667 

Propionibacterium 

freudenreichii 

NBRC 12426 

pET-28a(+)  GeneScript 

(Kameya 

et al., 

2014) 

ATPs / 

GTPase 
cysDN 2 344 

Escherichia coli 

K12 
pET-28a(+) Self-cloned* 

(Sun & 

Leyh, 

2005) 

APSk MET14 614 
Saccharomyces 

cerevisiae 
pET-28a(+) GeneScript 

(Wei et 

al., 

2002) 

PAS atsA 1 602 
Pseudomonas 

aeruginosa 

pASK-IBA5 

plus 

Kurt Faber 

(TU Graz) 

(Schober 

et al., 

2013) 

PISA pisa1 1 989 
Pseudomonas sp. 

DSM6611 
pET-21a(+) 

Kurt Faber 

(TU Graz) 

(Schober 

et al., 

2011) 
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37°C and 20 mL were transferred into 1 L LB medium. When the expression culture reached 

OD600=0.6, the cells were induced according to Table 18 and the expression was performed at the 

given time and temperature.  

Table 18: Materials employed for over-expressing the enzymes employed for the sulfatase assay 

Enzyme Expression strain 
Selection 

antibiotic 
Induction agent 

Expression 

conditions 

PPDK 
BL21 (DE3) – electrocompetent 

cells 
Kanamycin IPTG (500 µM) 4 h at 16°C 

ATPs / 

GTPase 

BL21 (DE3) – electrocompetent 

cells 
Kanamycin IPTG (400 µM) 2 h at 37°C 

APSk 
BL21-Codonplus (DE3) – RIL 

chemical competent 
Kanamycin IPTG (600 µM) Overnight at 16°C 

PAS 
BL21 (DE3) – chemical 

competent 
Carbenicillin 

Tetracycline 

hydrochloride 

(200 ng µL-1) 

4 h 37°C and 16°C 

tested 

PISA 
BL21 (DE3) – chemical 

competent 
Ampicillin IPTG (500 µM) Overnight at 20°C 

 

After expression, the cells were collected by centrifugation (30 min at 6,000 x g) and the pellets 

were re-suspended (50 – 100 g L–1) in the corresponding washing buffer (Table 19). The cell 

suspension was then disrupted by sonication using a sonotrode for 25 min, 70% performance with 

0.5 seconds intervals in ice. After cell disruption, the debris suspension was centrifuged in high 

speed centrifugation tubes at 40,000 x g and the tagged, over-expressed proteins were purified by 

affinity chromatography. Table 19 provides an overview of the columns and buffers used for protein 

purification. All fractions were analyzed by SDS electrophoresis (see Appendix, Figure A12-15) 

and the purified fractions were mixed with glycerol at 20% (v/v) final concentration.  

Table 19: Materials employed for purifying the enzymes employed for the sulfatase assay. N.A. not applied 

Enzyme Purification column Washing buffer Elution buffer Desalting 

PPDK Affinity Nickel  

pH 8 

Tris-HCl   20 mM 

NaCl       300 mM 

Imidazole 50 mM 

pH 8 

Tris-HCl       20 mM 

NaCl           300 mM 

Imidazole    500 mM 

N.A. 

ATPs / 

GTPase 
Affinity Nickel 

pH 8 

Tris-HCl   20 mM 

NaCl       300 mM 

Imidazole 50 mM 

pH 8 

Tris-HCl        20 mM 

NaCl            300 mM 

Imidazole     500 mM 

pH 8  

Hepes 50 mM 

APSk Affinity Nickel 

pH 8 

Hepes/K+ 50 mM 

NaCl      300 mM 

Imidazole 5 mM 

pH 8 

Hepes/K+        50 mM 

NaCl             300 mM 

Imidazole     500 mM 

pH 8 

Hepes 50 mM 

PAS 
Affinity Streptavidin 

(Gravity) 

pH 8 

Tris-HCl 100 mM 

NaCl       150 mM 

pH 8 

Tris-HCl       100 mM 

NaCl             150 mM 

EDTA               1 mM 

Desthiobiotin 2.5 mM 

pH 8 

Tris 100 mM 
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Enzyme Purification column Washing buffer Elution buffer Desalting 

PISA Affinity Nickel 

pH 8.2 

NaH2PO4 50 mM 

NaCl       300 mM 

Imidazole 10 mM 

pH 8.2 

NaH2PO4       50 mM 

NaCl             300 mM 

Imidazole     150 mM 

pH 8.2 

Tril-HCl 100 mM 

 

The purified fractions were aliquoted in 1 mL tubes, introduced in liquid nitrogen, and stored until 

use at –20°C. The concentration was determined using a nanophotometer using the parameters 

reported in Table 20. 

Table 20: Parameters for determining the concentration of purified enzymes prior to addition of glycerol to 20% (v/v) 

final concentration 

Enzyme ε280 (L mol-1 cm-1) M (kDa) c (mg mL-1) 

PPDK 54,360 98.0 1.62 

ATPs / GTPase 93,300 87.7 1.59 

APSk 21,500 23.0 4.87 

PAS 102,790 59.8 1.89 

PISA 82,280 73.9 2.80 

 

B3.3. Synthesis of PISA1 substrate 2-heptyl-sulfate 

The synthesis of 2-heptyl-sulfate was carried out as previously described (G. F. White et al., 1980) 

using the sulfur trioxide triethylamine complex as sulfation agent of the sodium alkoxide (4-fold 

amounts). Following modifications were performed:  

A. The sodium suspension was prepared by adding small pieces of metallic sodium into stirred 

dry toluene in oxygen-absent conditions (instead of mineral oil dispersion).  

B. The sodium alkoxide of 2-heptanol was prepared by adding 16 mmol of 2-heptanol dropwise 

to the sodium suspension and stirred at 100°C for 30 min, and then overnight at 40°C.  

C. The sulfation agent was added to the alkoxide solution at room temperature and stirred 

overnight (instead of 1h). 

 

The subsequent purification procedure was performed as described by White et. al. (1980). 

B3.4. Sulfate analysis of carrageenan TFA hydrolysates  

6 mL carrageenan solution (1 g L–1) was prepared in glass tubes and hydrolyzed using 2 M TFA for 

90 min at 121°C in a heating block. The resulting hydrolysate was neutralized to pH ~ 8 using a 

NH4OH solution (3.2% v/v). The neutralized hydrolysates were further diluted to a final factor of 

20 for analysis with the developed enzymatic assay as follows: 50 µL were taken and mixed with 

50 µL master mix 1 (HEPES 12.5 mM pH 7.8, GTP and ATP 1 mM, MgCl2 3 mM, ATPs 0.46 µM, 
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APSk 5.3 µM) into a micro titer plate. An incubation step at 25°C for 45 min followed and then 

100 µL of master mix 2 was added (K2HPO4 100 mM pH 6.5, DA-64 100 µM, TPP 50 µM, MgCl2 

100 µM, PEP 500 µM, AMP 500 µM, PPDK 50 mU, POX 50 mU, HRP 200 mU). The plate was 

then incubated for 30 min at 37°C and A727–540 was computed. The resulting signals were compared 

to a sulfate calibration curve using K2SO4 as standard in the range 2.5 – 250 µM, which contained 

the neutralized TFA matrix.  
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B4. Results 

B4.1. Colorimetric determination of sulfate via an enzyme cascade for high-

throughput detection of sulfatase activity 

In the omics era, HT analyses are essential for discovering, studying, and engineering biocatalysts 

of medical and synthetic relevance. Carbohydrate sulfatases are one of the most interesting and 

promising enzymes for the processing of carrageenan, a very important polysaccharide present in 

macroalgae. Several annotated DNA sequences for this type of enzymes have been reported in 

various marine bacteria, such as Rhodopirellula baltica or Pseudoalteromonas carrageenovora. A 

classical approach for their de novo isolation would include tedious steps, such as bacterial culture 

optimization, enhancement of protein expression, and chromatographic analysis.  

To accelerate the discovery of sulfatases from such marine bacteria using functional (meta) 

genomics, fast and robust sulfate assays are needed. The conventional sulfate detection methods, 

such as turbidimetry with barium chloride or ion chromatography, are considerably limited for 

screening sulfatases, as discussed in the publication. On the other hand, the current development of 

sulfatases is restricted to enzyme activity detection using artificial substrate analogs (e.g.,                     

p-nitrophenyl sulfate). However, sulfatases acting on polysaccharides such as carrageenan or 

fucoidan are unlikely to show activity using such substrate analogs. Therefore, alternatives for a 

rapid detection of sulfate that are compatible with sulfatase screening platforms are required. 

In this paper, the optimization of an enzymatic cascade for the sensitive detection of sulfate is firstly 

shown. The developed method was then validated and characterized using pertinent compounds 

commonly used for sulfatase reactions, such as buffers, organic solvents, and metallic ions. Lastly, 

the analytical procedure was adapted for determining sulfate in bacterial lysates. To demonstrate its 

application for screening sulfatases, the assay was performed as part of an automatable workflow 

using E. coli as expression system. The activity of an aryl sulfatase from Pseudomonas sp. (PAS) 

could be thus confirmed in 96-well format and cross-verified by the photometric analysis of                  

p-nitrophenol, the corresponding de-sulfated product. Similarly, the activity of an alkyl sulfatase 

(PISA1) towards 2-heptyl-sulfate could be verified with an outstanding assay quality for discerning 

positive hits form negative clones. This method provides an excellent alternative for detecting 

sulfatase activity directly from bacterial lysates, which set the basis for a much more accelerated 

study of carrageenan sulfatases. 

 

The author designed and conducted all the experiments and wrote the manuscript under supervision 

of the paper co-authors, which contributed to content and language of the article.   
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Appendix: Supplementary Data
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B5. Discussion 

B5.1. Enzymatic sulfatase assay: analysis of advantages, limitations and 

optimization potential 

The main goal of the developed enzymatic assay, the detection of aryl and alkyl sulfatase activity 

directly from cell lysates, was successfully achieved. This was demonstrated by the experimental 

comparison with the most commonly applied method for HT detection of sulfatase activity based 

on p-nitrophenyl sulfate. The assay workflow, which includes bacterial growth, heterologous 

protein expression, sulfatase reaction, and in situ sulfate determination, may be well employed as 

part of an automated analysis platform. This aspect is very important compared to conventional 

methods, as it renders the assay compatible with currently employed molecular biology tools for 

gene mutagenesis (e.g., error prone PCR) or (meta) genomic mining (e.g., using fosmid libraries). 

Thereby, screening and engineering sulfatases in a high-throughput mode could be performed 

without the need of non-natural chromogenic substrates, insensitive precipitation procedures, or 

time-intensive chromatographic analysis of released sulfate.  

On the other hand, an important limitation of the assay is its sensitivity to phosphate at > 0.1 mM. 

This feature may generate false positives if the sample matrixes contain this ion at higher 

concentrations. Therefore, this issue must be considered when devising sulfatase analysis strategies. 

Special attention should be paid to sulfatases acting in phosphate buffer, for example. For these 

enzymes, the reaction may be performed at lower buffer concentrations and the sample preparation 

may include a re-buffering or a dilution step after sulfatase reaction to avoid false negatives. As 

commonly performed in screening or improving procedures, it is advisable that any positive hits 

found is double-checked using an alternative sulfate analysis method or by detecting the de-sulfated 

product. 

A very important parameter to consider when designing HT analytical procedures is the economic 

factor per plate (96 samples). When all purchased reagent consumables are considered, a sulfatase 

assay cost of 3.83€ results per analyzed plate was calculated. These numbers resulted without 

considering the self-produced enzymes APSk, ATPs/GTPase, and PPDK. This relatively high cost 

is mainly caused by only three reagents: GTP (42% total amount), the chromogenic reagent DA-64 

(25%), and pyruvate oxidase (24%). Therefore, various possibilities were identified to improve the 

analytical and economic performance of the sulfatase assay.  

For example, the relatively high absorbance signal obtained from the sulfate blank (A727-540 ~ 0.32) 

not only waste the chromogenic reagent, but also impedes a better assay sensitivity. For comparison, 

the pyruvate assay (in which the sulfate assay is based) displays an analyte blank of A727-540 ~ 0.02, 

while that of the PPi assay of A727-540 ~ 0.11. The output signal increase (A727-540) in the developed 

assay reflects that the dye DA-64 is oxidized to Bindschedler’s green by the HRP. This can only 

occur if its substrate H2O2 is present in the solution. Hydrogen peroxide, in turn, can only be 

produced by the enzyme pyruvate oxidase, whose reaction can only be triggered either by 

pyrophosphate (via PPDK producing pyruvate), or by pyruvate itself. Consequently, the reason for 
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the high absorbance of the sulfate blank must be the release of either pyrophosphate or pyruvate 

occurring independently from the initial sulfate concentration triggering the enzymatic cascade. 

When A727-540 of the master mix 2 and different blanks is tracked at 37°C over time, a clear picture 

of the possible explanations for this high signal can be observed (Figure 13). It is worth noting that 

the master mixes incubated did not interact with any other compound during this time. After 30 min 

incubation time, A727-540 of the master mix containing all compounds reaches 0.1. This value is in 

accordance with that for the blank value of the pyrophosphate assay. Surprisingly, a similar curve 

is obtained when TPP (the cofactor of the pyruvate oxidase) is absent in the mixture, with a 

continuous increase up to 120 min. Most importantly, the increased absorbance was surpressed 

when one of the three components involved in the PPi catalyzing reaction is removed from the 

master mix. While the absence of the enzyme PPDK yielded a lower increment in the absorbance 

rate of approx. 50% compared to the master mix 2 containing all components, the observed impact 

of AMP resulted more significant for the A727-540 increase. Noticeable, nearly no absorbance 

increase over the 120 min was observed when PEP is absent in the mixture. These results strongly 

suggest that phosphoenolpyruvate is mostly responsible for the signal observed in the sulfate blanks. 

A degradation of the phosphoenolpyruvate to phosphate and pyruvate seems feasible. As discussed 

above, pyruvate formation triggers the enzymatic oxidation of the DA-64 dye. 

 
Figure 13 Absorbance increase of master mix 2 and different blank types at 37°C over time 

Similarly, the nucleotides employed in the first cascade reaction (ATP and GTP) may well suffer a 

non-enzyme dependent hydrolysis or degradation to pyrophosphate, which would further increase 

the absorbance of the sulfate blank as explained above. Besides, the POX displays ATPase side-

activity. If the master mix 2 of the sulfate assay is employed for generating a PPi calibration curve 
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in water within the same range as for the sulfate assay, lower signals are observed, as shown in 

Figure 14. It is worth noting that this calibration curve was obtained in the same manner as in the 

sulfate assay, i.e., incubating master mix 1 of sulfate assay, but with PPi instead. Furthermore, when 

the enzymes responsible for the detection and processing of sulfate are removed from the sulfate 

assay (Figure 14), a base absorbance of ~ 0.23 is observed throughout the calibration range. 

 
Figure 14 Comparison of pyrophosphate (PPi) and sulfate assay with and without enzymes in reaction 1 

The value of the base absorbance without sulfate active enzymes (0.23) is equal to the difference 

between the blank value of the sulfate assay and the pyrophosphate assay. Consequently, the results 

point to a non-enzymatic release of PPi in the master mix 1 of the cascade. A comparison of this 

base absorbance with the calibration curve of PPi yields a concentration of 19 µM. This 

concentration would correspond to the amount of ATP or GTP which cannot be used by the ATPs 

and the APSk because of its degradation. 

Modern enzyme engineering strategies could be applied to further improve the detection cascade. 

So, the sulfate assay may be significantly enhanced through targeted engineering of ATPs/GTPase. 

An improved enzyme variant in terms of phosphate sensitivity, for example, would allow an 

increased selectivity of the assay towards sulfate instead of phosphate. The costs of the assay due to 

the high concentration of GTP could be further reduced by a detailed examination of the native 

ATPs/GTPase in terms of coupling efficiency between GTP hydrolysis and APS synthesis. If 

necessary, a variant with decreased inhibition towards GDP could be optimized. In this way, the 

GTP concentration required for the assay could be decreased, thus improving the economic aspect 

of the assay.  
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B5.2. Assay application on hydrolysates from sulfated polysaccharides 

The enzymatic sulfate assay was primarily designed to detect sulfatase activity on marine 

polysaccharides as substrates, such as carrageenan or fucoidan. In this frame, the chemical release 

of sulfate from such colloids (e.g., with TFA) is as suitable benchmark to evaluate the performance 

of the assay. The sulfate calibration curve, however, must be measured in a corresponding 

neutralized and diluted TFA solution to compensate matrix effects that may occur in the detection 

cascade, as shown in Figure 15.  

 
Figure 15 Sulfate calibration curve in water and in TFA matrix 

Because of the impact of the TFA matrix, the calibration curve suffered a slight loss of sensitivity 

in comparison to water, thus showing less absorbance as shown in Figure 15. This made the 

detection of sulfate possible at concentrations 10 < 250 µM (LOD 2.8 µM, LOQ 5.5 µM). Despite 

this fact, a good correlation coefficient of R2 = 0.9979 was observed. The sulfate concentration 

found in TFA hydrolysates of carrageenan (1 g L–1) of various types and different purity grades is 

shown in Table 21. 

Table 21: Sulfate concentration found in different carrageenan hydrolysates; +industrial grade; *analytical grade, n=3 

Carrageenan type 
Theoretical conc. 

(mM) 

Determined conc. 

(mM) 

κ – carrageenan+ 
2.45 

2.18 ± 0.07 

κ – carrageenan* 2.45 ± 0.15 

ι – carrageenan+ 
3.92 

2.64 ± 0.08 

ι – carrageenan* 3.48 ± 0.07 

λ – carrageenan+ 4.76 2.38 ± 0.05 
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The sulfate concentration found in industrial carrageenan was lower than the theoretical values for 

all three analyzed kappa, iota, and lambda types. Being an extracted product from marine seaweeds 

with a low refinement grade, the concentration of sulfate found in technical carrageenan is 

correspondingly lower those for chemically pure carrageenan. The amount of sulfate found in 

lambda carrageenan, however, accounts for almost 50% of the theoretical concentration, so that a 

more comprehensive product quality analysis would be advisable. Noticeable, the sulfate amount 

determined in TFA hydrolysates of analytical grade carrageenan was well in accordance with the 

theoretical values for pure product. These results remark the robustness of the developed assay for 

determining sulfate, even in complex chemical matrixes.   
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B6. Conclusions and Perspectives 

In the second part of this work, an enzymatic sulfatase assay was devised, validated and 

characterized. The development of this method provides a relevant tool for promising 

biotechnological utilization alternatives of seaweed sulfated polysaccharides, especially 

carrageenan. Although a certain optimization potential was identified, very good performance in 

terms of repeatability and reproducibility were achieved. The precision and sensitivity of the 

procedure were comparable to those achieved with conventional chromatographic sulfate detection 

methods. This colorimetric assay may be well employed in its current form for screening sulfatases 

using commonly employed molecular biology tools in a HT mode. Furthermore, engineering known 

alkyl or aryl sulfatases seems also feasible with the enzyme cascade. 

To date, the genome of various marine organisms has been sequenced in which annotated genes for 

sulfatases can be found. Some examples include bacteria from Pseudoalteromonas and 

Rhodopirellula species. Culture procedures for these type or organisms are challenging and time 

intensive. A search for sulfate active enzymes may either start from the amplification of identified 

DNA motifs for sulfatases (as reported in online databases) or from genomic or metagenomic 

libraries using e.g., fosmids. However, important considerations should be made before screening. 

For example, some types of sulfatase present a post-translational modification of the amino acids 

involved in the active site. In this case, cysteine or serine is oxidized to form formylglycine, a 

catalytically essential residue for sulfate ester hydrolysis. Thus, the possibility of performing this 

amino acid modification in the expressing organism must be ensured. 

On the other hand, engineering sulfatases using random mutagenesis, directed evolution, or rational 

methods is also an anticipated application of the colorimetric assay. A pre-requisite for this is the 

availability of a sulfatase gene that can be modified, and the resulting variants produced in proper 

expression systems. Interesting catalytic features, such as activity, thermal stability, pH or solvent 

tolerance, as well as substrate spectrum may be improved towards new application fields. In 

summary, the presented assay sets the basis for an accelerated development of sulfatases that allow 

the production of molecularly tailored carrageenan, e.g., with improved rheological properties. 
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Figure A1: Pareto charts of DoE for TFA hydrolysis of C. vulgaris microalgal biomass for A. neutral sugars, 

B. uronic acids, and C. glucosamine.  

Note: The span yields for uronic acids (0 – 12 mg gB
–1) and glucosamine (0 – 9 mg gB

–1) were rather short, so 

significant and non-significant factors were considered in the multiple linear regression equations. By this, a more 

accurate regression model can be achieved. This was not the case for neutral sugars. 
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Figure A2: DoE data analysis for TFA hydrolysis of C. vulgaris microalgal biomass, A-C. Surface response plots for 

neutral sugars, D. Main effects plot 

 

Figure A3: DoE data analysis for TFA hydrolysis of C. vulgaris microalgal biomass, A-C. Surface response plots for 

uronic acids, D. Main effects plot  
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Figure A4: DoE data analysis for TFA hydrolysis of C. vulgaris microalgal biomass, A-C. Surface response plots for 

glucosamine, D. Main effects plot 

 

Table A 1: Fitted equations for the multiple linear regression model for neutral sugars, uronic acids and glucosamine 

released from C. vulgaris by TFA hydrolysis. Parameters considered: A; time in min, B; temperature in °C, C; TFA 

concentration in M, D; biomass concentration in g L–1  

Output  Equation 

Neutral sugars YNS = – 394.4 + 1.3*A + 7.2*B + 24.0*C – 29.4*D – 9.1*10-3*A*B – 7.7*10-2*A*C – 2.6*10-2*B2 – 

0.17*B*C + 0.06*B*D + 2.3*D2 

Uronic acids YUA = –156.5 – 0.29*A + 2.76*B – 1.83*C + 4.20*D + 2.2*10-3*A2 – 6.69921*10-4*A*B – 6.5*10-3*A*C 

– 7.0*10-3*A*D – 1.07*10-2*B2 – 1.24*10-2*B*C + 1.07*10-2*B*D + 0.83*C2 – 4.66*10-3*C*D – 0.73*D2 

Glucosamine YGlcN = –27.6 – 8.4*10-2*A + 0.41*B + 1.87*C + 2.33*D + 5.5*10-4*A2 – 1.4*10-4*A*B + 1.0*10-3*A*C 

+ 2.9*10-3*A*D – 8.7*10-4*B2 – 3.6*10-2*B*C – 7.5*10-3*B*D + 0.20*C2 + 0.45*C*D – 0.44*D2 
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Figure A5: Protein content of the analyzed extracted biomasses from S. obtusiusculus.  
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Figure A6: Monosaccharide release from enzyme hydrolysates (liquid phase, S. obtusiusculus) using TFA hydrolysis 

(2M – 121°C) over time: From 0 to 67 min in 3 regular time intervals; Experiments with shorter time than 22 min 

using Rohapect® B1L 4% did not display higher sugar yields. 
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Figure A7: Rhamnose yields in mg per g biomass after different TFA hydrolysis time (2 M, 121°C) of enzymatic 

hydrolysates from S. obtusiusculus biomass ABV10 (Rohapect® B1L and UF) and ABV11 (Rohament® CL), n=3. 

 
Figure A8: LC-MS analysis by EIC (color) of A. Enzyme hydrolysate (Rohapect® B1L 4% w/w); B. Biomass 

control; C. Enzyme control. Hydrolyzed biomass S. obtusiusculus ABV10. In black BPC (m/z 500 – 3,000) 
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Figure A9: LC-MS analysis by EIC (color) of A. Enzyme hydrolysate (Rohament® CL 4% w/w); B. Biomass control; 

C. Enzyme control. Hydrolyzed biomass S. obtusiusculus ABV10. In black BPC (m/z 500 – 3,000) 
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Figure A10: Averaged MS2 spectra of peaks m/z 1239 from Rohapect® UF hydrolysate (4% w/w) at four different Rt. 

The dotted line indicates the designated threshold value for analysis of 2,000 (one tenth of maximal intensity found). 
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Figure A11: Averaged MS2 spectra of peaks m/z 1281 (upper panel) and 1323 (lower panel) from Rohapect® UF 

(4% w/w) hydrolysate. The dotted line indicates the designated threshold value for analysis of 2,000 (one tenth of 

maximal intensity found). 
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Figure A12: SDS-PAGE of PPDK purification procedure 

 
Figure A13: SDS-PAGE of ATPs and APSk purification procedure 
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Figure A14: SDS-PAGE of PAS purification procedure 

 
Figure A15: SDS-PAGE of PISA1 purification procedure 
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